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Abstract 

Porous polymethacrylates have numerous important applications in different research and industrial 

fields. These materials have been used as stationary phases for separation and catalysis, as substrates 

for thin layer chromatography, as materials for solid-phase extraction or filtration, or for making 

valves in microfluidic devices. The main advantage of porous polymethacrylates is that their physical 

and chemical properties, such as porosity, pore and polymer globule size, stiffness, hydrophobicity or 

hydrophilicity, as well as surface functional groups can be conveniently controlled by adjusting the 

composition of the polymerization mixtures. Porous polymethacrylate can be also functionalized using 

available surface modification strategies. This unique ability to control properties of porous 

polymethacrylates makes them suitable for the design and synthesis of novel functional materials. 

Surprisingly, most of the applications of porous polymethacrylates have been limited to their use 

inside columns, capillaries or microfluidic channels and their applications as open surfaces remained 

to a great extent unexplored. The goals of my PhD thesis were to: (1) develop methods for the 

preparation of (bio)functional porous polymethacrylate surfaces with well-defined surface properties; 

(2) characterize produced surfaces; (3) explore their unique properties in different biological 

applications. 

Surfaces with gradient properties have been widely used in many cell-surface interaction studies 

because these gradient surfaces offer the possibility to avoid the difficulties associated with the one-

sample-for-one-measurement approach as well as the problems with sample variations. However, up 

to now, there are only a few methods for the preparation of surfaces with gradient properties. Taking 

advantage of the tunable porous properties of polymethacrylates, porous poly(butyl methacrylate-co-

ethylene dimethacrylate) (BMA-EDMA) surfaces with gradient surface morphologies were prepared 

using a PDMS microfluidic chip designed and produced for this study. The produced BMA-EDMA 

surface possessed a gradient polymer globule size ranging from ~ 0.1 µm to ~ 0.5 µm. The surface 

with the globule size gradient in this range is useful for cell studies such as investigation of the effect 

of surface morphology on cell behavior. Porous polymethacrylate surfaces with a gradient in density 

of functional groups were also prepared via photografting by gradually varying the UV dosage along 

one direction on the surface during surface modification. The formation of the gradient was confirmed 

with X-ray photoelectron spectroscopy and water contact angle measurements. To show the potential 

of using the surface with a gradient density of functional groups, the behavior of human fibrosarcoma 

HT-1080 cells was studied on the surface.  

Recently, bio-inspired slippery liquid infused porous surfaces have attracted much attention due to 

their unique liquid repellent and self-cleaning properties. In this thesis, stable slippery surfaces were 

prepared by infusing the porous BMA-EDMA surface with water immiscible hydrophobic 

poly(hexafluoropropylene oxide) or perfluorotripentylamine. The antibacterial and anti-marine fouling 
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properties of the slippery BMA-EDMA surfaces were carefully investigated. Our results demonstrated 

that the slippery BMA-EDMA surfaces had good antibacterial and anti-marine fouling properties. 

However, the results also revealed that the antibacterial property of the slippery BMA-EDMA surface 

was bacterial strain dependent.  In addition, Ulva sporelings (young plants) were able to firmly attach 

to the slippery surface although the surface is able to resist Ulva spore adhesion. 

The ability to transform a superhydrophobic surface to a superhydrophilic one is essential for many 

applications such as creating superhydrophobic-superhydrophilic micropatterns or microarrays.  Most 

of the existing methods for this transformation are time consuming or require harsh conditions. In this 

thesis, a new facile method to transform the superhydrophobic BMA-EDMA surface to a 

superhydrophilic one was developed. This method is based on the physisorption of an amphiphilic 

phospholipid on the hydrophobic surface of porous BMA-EDMA through hydrophobic-hydrophobic 

interactions. Using this method, superhydrophobic-superhydrophilic micropatterns could be fabricated 

simply by printing the phospholipid “ink” on the superhydrophobic BMA-EDMA surface with a 

contact printer.  
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Zusammenfassung 

Poröse Polymethylmethacrylate haben zahlreiche, wichtige Anwendungen in unterschiedlichen 

Industrie- und Forschungsgebieten. Diese Materialien werden als stationäre Phasen für Separation und 

Katalyse, als Substrate für Dünnschichtchromatografie, als Materialien für Festphasen-Extraktion oder 

–Filtration oder für das Herstellen von Ventilen in mikrofluidischen Systemen genutzt.   Der 

Hauptvorteil poröser Polymethylmethacrylate ist, dass ihre physikalischen und chemischen 

Eigenschaften, wie Porosität, Poren- und Polymerkügelchengröße, Steifigkeit, Hydrophobie, 

Hydrophile oder auch funktionelle Gruppen, durch das Anpassen der Zusammensetzung der 

Polymerisierungsmischung relativ einfach kontrolliert werden können. Poröses Polymethylmethacrylat 

kann auch durch Nutzung von bereits bekannten Oberflächenmodifikationsstrategien funktionalisiert 

werden. Die einzigartige Möglichkeit die Eigenschaften von porösen Polymethylmethacrylaten zu 

kontrollieren, prädestiniert diese für die Entwicklung von neuartigen, funktionalen Materialien. 

Erstaunlicherweise sind die meisten Anwendungen von porösen Polymethylmethacrylaten auf deren 

Nutzung in Säulen, Kapillarröhren oder mikrofluidischen Kanälen begrenzt deren Anwendungen als 

offene Oberflächen blieben im Großen und Ganzen unerforscht. Die Ziele meiner Doktorarbeit waren: 

(1) Methoden zur Darstellung von (bio)funktionalen, porösen Polymethylmethacrylat-Oberflächen mit 

klar definierten Oberflächeneigenschaften zu entwickeln; (2) hergestellte Oberflächen zu 

charakterisieren; (3) deren einzigartige Eigenschaften in verschiedenen biologischen Anwendungen zu 

untersuchen. 

Oberflächen mit Gradienten werden in vielen Zelloberflächeninteraktionsstudien genutzt,, weil diese 

sukzessiv variierenden Oberflächen die Möglichkeit bieten „Ein Probe pro Messung“ durchzuführen, 

und damit Probleme mit der Reproduzierbarkeit der Proben zu vermeiden. Jedoch gibt es bis jetzt nur 

wenige Methoden zur Herstellung von Oberflächen mit variablen porösen Eigenschaften. In dieser 

Arbeit werden  Poly(butylmethacrylat-co-ethylendimethacrylat) (BMA-EDMA)-Oberflächen mit 

Gradient-Oberflächenmorphologie unter Verwendung eines mikrofluidischen Chips, zusammengesetzt 

aus einem Objektträger und einer PDMS-Kammer, hergestellt. Die BMA-EDMA-Oberfläche besaß 

eine sukzessiv variierende Polymerteilchenlgröße von ~ 0,1 bis ~ 0,5 µm. Eine Oberfläche mit einem 

Größengradienten in diesem Bereich ist für Zellstudien, wie beispielsweise zur Untersuchung des 

Einflusses der Oberflächenmorphologie auf das Zellverhalten, geeignet. Poröse 

Polymetacrylatoberflächen mit einer graduell variierten Dichte funktioneller Gruppen wurden durch 

Photografting erzeugt; wobei die UV-Dosis graduell entlang einer Richtung auf der Oberfläche 

während der Oberflächenmodifikation verändert wurde. Die Bildung des Gradienten wurde mittels 

Röntgenphotoelektronenspektroskopie und Wasserkontaktwinkelmessungen bestätigt. Um das 

Potential für Anwendungen zu demonstrieren  wurde das Verhalten von menschlichen Fibrosarkom-

HT-1080-Zellen auf der Oberfläche untersucht. Unsere Ergebnisse zeigen, dass die 

Oberflächenchemie  eine entscheidende Rolle für Adhäsion und Wachstum der HT-1080 Zellen spielt.  
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Vor kurzem zogen mit „Schmiermittel“ beladene poröse Oberflächen (SLIPS) aufgrund ihrer 

einzigartigen wasserabweisenden und selbstreinigenden Eigenschaften große Aufmerksamkeit auf sich. 

In dieser Dissertation wurde eine stabile, „rutschige“ Oberfläche durch Durchdringung der porösen 

BMA-EDMA-Oberfläche mit hydrophoben poly(hexafluoropropylene oxide) oder 

Perfluorotripentylamin, hergestellt. Die anti-bakteriellen und Meeresorganismen abweisenden 

Eigenschaften der SLIPS BMA-EDMA-Oberflächen wurden systematisch untersucht. Unsere 

Ergebnisse zeigen, dass die diese Oberflächen gute anti-bakterielle und Meeresorganismen abweisende 

Eigenschaften besitzen. Jedoch zeigten die Ergebnisse,dass die anti-bakteriellen Eigenschaften der 

SLIPS BMA-EDMA-Oberfläche vom Bakterienphenotype abhängig sind. Außerdem war es 

Protonemata/Prothallien möglich sich an der Oberfläche anzulagern, obwohl die Oberfläche resistent 

gegenüber Sporenadhäsion war.  

Umwandlung einer superhydrophoben Oberfläche in eine superhydrophile Oberfläche ist wichtig für 

viele Anwendungen, wie z.B. für die Erzeugung von superhydrophoben-superhydrophilen 

Mikromustern oder Mikromatrixen. Die meisten der bestehenden Methoden für diese Umwandlung 

sind zeitaufwendig oder benötigen harsche Bedingungen. In dieser Doktorarbeit wurde eine neue, 

einfache Methode entwickelt, um die superhydrophobe BMA-EDMA-Oberfläche in eine 

superhydrophile Oberfläche zu verwandeln. Diese Methode beruht auf der Physisorption eines 

amphiphilen Phospholipids auf der hydrophoben Oberfläche der porösen BMA-EDMA Oberfläche 

durch hydrophobe–hydrophobe Wechselwirkung. Mit dieser Methode konnten superhydrophobe-

superhydrophile Mikromuster durch Drucken der Phospholipid "Tinte" auf der superhydrophoben 

BMA-EDMA-Oberfläche mit einem Kontaktdrucker hergestellt werden. 
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1. Introduction 

1.1 Porous polymethacrylate monoliths 

Porous materials are usually classified by their pore sizes. Porous materials with pore sizes in the 

range of 2 nm and below are termed microporous materials.1-2 Porous materials with pore sizes in the 

range of 2 nm to 50 nm and between 50 nm and 300 nm are described as mesoporous materials and 

macroporous materials, respectively.1-2 Porous materials are important in many applications because 

the pores in porous materials can be engineered to host different guests such as functional molecules 

and cells. Porous polymers, combining the advantages of porous materials and polymeric materials,3 

have many applications in different fields such as gas storage 4-5 and separation,6-7 catalyst supports,8 

cell scaffolds,9 templates for the synthesis of nanostructures10 and carriers for drug delivery.11 

Porous polymethacrylate monoliths have attracted much research interest due to their great potential in 

separation applications. The preparation, characterization and functionalization of porous 

polymethacrylate monoliths have been intensively investigated.12-15 It was shown that porous 

polymethacrylate monoliths could be prepared in different molds using free radical polymerization of 

monomers in the presence of porogens and that their porous properties could be well controlled.16 

Other properties of the polymethacrylate monoliths, such as rigidity, could also be finely tuned.17 In 

addition, the pores of the porous polymethacrylates could be readily functionalized on demand.18 The 

easily controllable physical and chemical properties of porous polymethacrylate monoliths make them 

particularly useful in surface related studies. However, to date, the applications of porous 

polymethacrylates are mainly limited to separation applications. 

1.2 Preparation and characterization of polymethacrylate monoliths 

1.2.1 Preparation of polymethacrylate monoliths  

Reports about the preparation of the polymethacrylate monoliths can be traced back to as early as the 

1970s.19-20  Coupek et al.19 synthesized poly(2-hydroxyethyl methacrylate-co-ethylene dimethacrylate) 

(HEMA-EDMA) monolith by a suspension copolymerization initiated by azobisisobutyronitrile 

(AIBN). It was proposed that the prepared macroporous HEMA-EDMA with globular morphology 

could be used in chromatography and as catalyst supports. In a following study which was aimed at 

the fabrication of reactive polymethacrylate monoliths, Svec et al.20 prepared poly(glycidyl 

methacrylate-co-ethylene dimethacrylate)  (GMA-EDMA) monoliths using a similar method. To 

prepare the GMA-EDMA monoliths, they first mixed the monomers (glycidyl methacrylate (GMA) 

and ethylene dimethacrylate (EDMA)) with the thermal initiator AIBN in the inert phase consisting of 

lauryl alcohol and cyclohexanol. The polymerization mixture was then dispersed in a solution of 

polyvinylpyrrolidone in water. After removal of air from the suspension, the polymerization was 

initiated by heating. The prepared GMA-EDMA polymers were porous and showed globular 
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morphology (Fig. 1.1). Owing to the presence of epoxy groups in the GMA-EDMA polymer, the 

macroporous GMA-EDMA could be easily functionalized.20   

 

Figure 1.1: SEM image of the GMA-EDMA surface. The globule size ranges from 250 to 400 µm. 

Reproduced from reference.20  

Later, the GMA-EDMA monoliths were prepared in different molds and used in various types of 

separation applications. Tennikova et al.21 prepared the monolith by thermally-induced polymerization 

inside a mold composed of two heating plate. Preparation of a GMA-EDMA monolith in a rod format 

was also reported. Svec et al.22 used a stainless steel column as a mold to polymerize a mixture 

containing methyl acrylate monomers (GMA and EDMA, 60:40 vol%), porogens (cyclohexanol and 

dodecanol, 80:20 vol%) and initiator (AIBN, 1 wt% with respect to monomers). Polymerization was 

conducted at 70 °C for 6 hours inside the column. After polymerization, the porogenic solvents and 

other soluble moieties in the polymer monolith were washed out by pumping methanol at a flow rate 1 

mL/min for 2 hours.  

Thermally initiated polymerization of monomers to produce polymethacrylate monoliths usually have 

to be carried out for 6-24 hours at elevated temperatures. To ease the preparation of polymethacrylate 

monoliths, Viklund et al.23 used photoinitiated polymerization. They performed the polymerization in 

quartz glass tubes (length: 38 mm; inner diameter: 2.4 mm; outer diameter: 4.1 mm.) modified with 

vinyltrichlorosilane. The polymerization mixture containing photoinitiator (benzoin methyl ether), 

monomers (GMA and trimethylolpropane trimethacrylate (TRIM)) and porogens (isooctane and 

toluene) was sonicated and purged with helium prior to injection into the quartz mold. After injection 

of the polymerization mixture, the mold was sealed with PTFE plugs. The polymerization was 

initiated by irradiating the mold with 365 nm UV light for 1 hour (intensity: 10 mW/cm2). Although 

the penetration depth of UV light is limited, it was proven that homogeneous GMA-TRIM monolith 

could be obtained. The effect of the composition of the polymerization mixture on the porous 

properties of the GMA-TRIM monolith was also investigated. It was demonstrated that the porous 

properties of the GMA-TRIM monolith could be easily controlled by changing the composition of the 



	  

3 
 

polymerization mixture when photoinitiated polymerization was used. Recently, Levkin et al.24 also 

showed preparation of porous polymethacrylate layers in a mold made of two glass plates and thin 

Teflon spacers by using photoinitiated polymerization.  

1.2.2 Porous properties of polymethacrylate monoliths 

The porous properties of porous polymethacrylate monoliths are largely determined by the 

composition of the polymerization mixture. The ratio of monomer to crosslinker determines the 

chemical composition and rigidity of the polymer. The porogens in the polymerization mixture are 

used to dissolve the monomer/crosslinker and to control the porous properties of the prepared porous 

polymer monoliths.12, 25 The ratio of the porogens to monomer and crosslinker determines the porosity 

and affects the rigidity. During the polymerization, phase separation occurs and the polymer phase 

separates from the porogens due to its limited solubility in the porogens.26 When the porogen content 

is high, the porosity of the obtained porous monolith is high.27-29 The homogeneity of the pore size in 

porous monolith also decreases with an increase of the porogens content.27-29 Generally, porous 

monoliths with larger pores are obtained if the porogens are poor solvents for the monomer/crosslinker, 

whereas porous polymer monoliths with smaller pores are obtained if the porogens are good solvents 

for the monomer/crosslinker.26 For example, GMA-EDMA monolith is usually prepared using binary 

porogens comprising cyclohexanol and 1-dodecanol. A higher content of 1-dodecanol leads to porous 

monoliths with larger pores because 1-dodecanol is a poor solvent for the monomer/crosslinker (See 

Fig. 1.2). In contrast, a higher content of cyclohexanol, which is a good solvent for the monomers, 

leads to porous monoliths with smaller pores.  

The porous properties of polymethacrylates are also dependent on some other factors, such as the 

temperature at which polymerization is performed and the type/concentration of the initiator in the 

polymerization mixture.16 Svec et al.16 studied the effect of polymerization temperature on the porous 

properties of the GMA-EDMA polymer monolith using mercury intrusion porosimetry and a 

Brunauer-Emmett-Teller (BET) sorptometer. They found that the pore size of the GMA-EDMA 

monolith generally decreased with an increase of the polymerization temperature (Fig. 1.3). At higher 

polymerization temperatures, more free-radicals are produced and thus more nuclei and globules are 

formed in the early stage of the polymerization, leading to the formation of a GMA-EDMA monolith 

with smaller globule and pore sizes.  
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Figure 1.2: Effect of 1-dodecanol content in the polymerization mixture on the pore size distribution 

of the GMA-EDMA monolith prepared by thermally initiated polymerization. Cyclohexanol and 1-

dodecanol contents in the polymerization mixture: (1) 60 vol% + 0 vol %; (2) 57 vol% + 3 vol %; (3) 

54 vol % + 6 vol %; (4) 45 vol % + 15 vol %. Reproduced with permission.26 Copyright American 

Chemical Society. 

  

Figure 1.3: Pore size distribution curves of the GMA-EDMA monolith prepared by thermally initiated 

polymerization at different temperatures: (1) 55°C, (2) 60°C,  (3) 65°C,  (4) 70°C,  (5) 80°C and  (6) 

90°C. Reproduced with permission.16 Copyright American Chemical Society. 

As shown above, the porous properties of polymethacrylate monoliths prepared by thermally initiated 

polymerization can be finely tuned by changing the composition of the polymerization mixture or by 

changing the temperature in molds with small sizes (e.g. in tubes with diameter of ~ 10-25 mm).29 

However, accurate control of the porous properties of polymethacrylate monoliths prepared in larger 
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molds by thermally initiated polymerization was difficult.29 This is because the heat generated during 

the polymerization could not dissipate effectively and therefore the temperature varied significantly in 

the large molds, resulting in the inhomogeneous porous structures of the monolith. Peters et al.30 first 

proved the preparation of polymethacrylate monoliths with homogeneous pore structures in a large 

mold (diameter 50 mm) using the “gradual addition” method. Instead of injecting the polymerization 

mixture into the mold all at once before the polymerization, they slowly added the polymerization 

mixture to the mold during the polymerization. The polymerization mixture was fed into the mold at a 

rate of 20 mL/h for 12 hours at 55 °C. The temperature varied only slightly during polymerization in 

the mold in this case. The pore distribution of the GMA-EDMA monolith prepared by the “gradual 

addition” approach was studied and it was found that the homogeneity of the GMA-EDMA monolith 

could be greatly improved when the “gradual addition” approach was used.  

1.2.3 Chemistry of polymethacrylate monoliths 

Chemistry of polymethacrylate monoliths can be controlled in two different ways. The first approach 

involves polymerization of monomers bearing side chains with certain functionality. A variety of 

monomers and crosslinkers with different functional groups can be used for the preparation of 

polymethacrylate monoliths in molds. Some of the functionalized monomers and crosslinkers which 

have been proved for the preparation of polymethacrylate monoliths were reviewed elsewhere.29 

However, it should be noted that the conditions for the polymerization of these monomers could differ 

from each other. Functional groups can also be introduced by modification of the reactive 

polymethacrylate monoliths. One of the most commonly used reactive polymethacrylate monolith is 

the GMA-EDMA monolith. Due to the presence of the epoxy groups in the GMA-EDMA monolith, 

the surface of the monolith could be easily functionalized with either diol groups or amino groups by 

treating the monolith with either sulfuric acid or diethylamine, respectively.21  The GMA-EDMA 

monolith could also be functionalized with large molecules such as proteins.31  

Another strategy for the modification of polymethacrylate monoliths is to functionalize the surface 

after the monolith is prepared.32-35 Photografting is a powerful surface modification tool which can be 

applied to many different polymers.32-35 Inert polymer surfaces could be grafted with reactive vinyl 

monomers via UV-triggered photografting in the presence of a hydrogen abstracting photoinitiator.34 

Rohr et al.36 used the photografting technique to modify the poly(butyl methacrylate-co-ethylene 

dimethacrylate) (BMA-EDMA) monolith with 2-acrylamido-2-methyl-1-propanesulfonic acid. They 

showed that the photografting method was facile and highly efficient. In another study,37 Rohr et al. 

proved the high efficiency of photografting of a number of vinyl monomers onto different polymer 

surfaces. One of the main advantages of the photografting technique is that it allows for spatially 

confined surface modification. Different patterns of functional groups can be easily established on 

different polymer surfaces simply by photografting the surface through a photomask.37-40 

Porous polymethacrylate monoliths with bimodal chemistry are needed in some applications, for 
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example when separating complex mixtures. Svec et al. proposed the concept of a pore size specific 

modification and proved it using a macro porous GMA-EDMA monolith.18 They used 

poly(styrenesulfonic acid) to modify the epoxy groups in the GMA-EDMA monolith. The 

poly(styrenesulfonic acid) is too large to enter the smaller pores in the monolith. Therefore, the epoxy 

groups remained in the smaller pores after the modification and were later modified using 

octadecylamine, the size of which is small enough to enter the small pores in the monolith.  

1.3 Applications of polymethacrylate monoliths 

1.3.1 Applications of polymethacrylate monoliths for separation 

The tunable globular microstructure and the rigid nature of polymethacrylates allow for their 

permeability to liquids and gases. The chemistry of polymethacrylates can be also controlled 

conveniently by using monomers with the desired functional groups or post modification of the as-

prepared monolith. Therefore, the affinity of chemicals to the polymethacrylate monoliths in 

separation processes can be tuned. GMA-EDMA monolith membrane based chromatography was used 

for the separation of proteins.21Compared to the column based chromatography, a much lower pressure 

was needed during the separation process and a significantly higher loading could be achieved for the 

GMA-EDMA monolith membrane based chromatography. Although the monolith membrane based 

chromatography showed good performance, their applications were limited because the membrane had 

low capacities and could be used only in certain separation applications. Later, Svec et al.22 developed 

the GMA-EDMA monolith filled rod columns for high-performance liquid chromatography (HPLC) 

applications. Since then, great efforts have been devoted to develop novel polymethacrylate monolith 

based stationary phases. For example, Moravcova et al.28 studied the BMA-EDMA monolith as the 

stationary phase for HPLC applications. They found that the BMA-EDMA monolith with certain 

porous properties showed good lipophilic character and permeability and could be used for efficient 

and fast separations in HPLC. Applications of the polymethacrylate monoliths in HPLC systems have 

been reviewed in details elsewhere.13, 15, 41-42 

1.3.2 Micropatterning using polymethacrylate substrates 

An emerging application of the polymethacrylates is surface patterning. Zahner et al.40 prepared a 

porous hydrophobic BMA-EDMA surface on a glass substrate through photoinitiated polymerization 

(Fig. 1.4A). The superficial nonporous layer was removed by taping to increase the roughness of the 

surface. The resulting BMA-EDMA surface was superhydrophobic because of the combination of 

surface hydrophobicity and roughness. The superhydrophobic BMA-EDMA surface was photografted 

with AMPS monomer through a photomask for 15 minutes (see Fig. 1.4B). After photografting, the 

irradiated region of the surface became superhydrophilic because of the grafting of hydrophilic AMPS, 

while the unirradiated background remained superhydrophobic (see Fig. 1.4C). Superhydrophobic-

superhydrophilic micropatterns with different geometries could be prepared on the BMA-EDMA 

surface by using a photomask with the desired patterns (Fig. 1.4D). When the aqueous solutions were 
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injected into the hydrophilic channels, the solutions would be confined in the hydrophilic channels 

because of the extremely high wettability difference between the superhydrophilic channel and the 

superhydrophobic background. These BMA-EDMA based micropatterns have potential applications in 

the field of microfluidic and diagnostic devices. 

 

 

Figure 1.4: (A) Schematic representation of the preparation of the superhydrophobic BMA-EDMA 

surface. (B) Schematic representation of the preparation of the superhydrophobic-superhydrophilic 

micropatterns. (C) Water droplet on the superhydrophobic BMA-EDMA surface (left) and AMPS 

photografted BMA-EDMA surface (right). (D) Superhydrophobic-superhydrophilic micropattern filled 

with dye solutions. Reproduced with permission.40 Copyright John Wiley & Sons. 

Geyer et al.38 also reported the preparation of superhydrophobic-superhydrophilic micropatterns based 

on the photoinitiated surface grafting of polymethacrylate surface. The prepared micropatterns were 

used to culture HEK-293 cells and it was found that the cells preferred to settle and grow on the 

hydrophilic region of the pattern because of the existence of “air barriers” on the superhydrophobic 

region caused by the Cassie-Baxter regime.43 Due to the preferential settlement of the cells on the 

superhydrophilic part of the pattern, high density cell arrays could be obtained on the 

superhydrophobic-superhydrophilic micropattern (Fig. 1.5A). The same pattern was later used by 

Ueda et al.44 for the patterning of micro droplets and hydrogels. 3D cell culture in the patterned 

hydrogel was also demonstrated (Fig. 1.5B).  These results suggest that the polymethacrylate based 

superhydrophobic-superhydrophilic micropattern could be used as a platform for the screening of cells, 

proteins, drug candidates and some other biologically active compounds. In addition, a similar 

superhydrophobic-superhydrophilic micropattern based on the porous polymethacrylate was also 

reported and used for cell-cell communication studies (Fig. 1.5C).45  
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Figure 1.5: (A) Fluorescent microscope images of four different cell lines after 48 hours growing on 

the superhydrophobic-superhydrophilic patterned HEMA-EDMA surface. (1) MTly-eGFP cells. (2) 

MTly-mCherry cells. (3) HEK cells, DAPI stained. (4) Hepa cells, eGFP expressing. (5) HEK cells 

transfected with mCherry plasmid. (6) HEK cells transfected with eGFP plasmid. Reproduced with 

permission.38 Copyright John Wiley & Sons. (B) Fluorescent HeLa-GFP cells cultured in indivicual 

microdroplets for 18 hours. Reproduced with permission.44 Copyright Royal Society of Chemistry. (C) 

Merged bright-field and fluorescence micrographs of different cells patterned in different geometries 

and in close proximity. Reproduced with permission.45 Copyright Elsevier.  

1.3.2 Other applications of polymethacrylate monoliths 

Porous polymethacrylate were also used for the preparation of superhydrophobic coatings.24 Levkin et 

al.24 fabricated a porous BMA-EDMA monolith on a glass substrate. By controlling the morphology of 

the BMA-EDMA monolith, a superhydrophobic surface with a static water contact angle as high as 

172° could be prepared.24 The prepared superhydrophobic BMA-EDMA monolith could be further 

grinded into powder and transferred onto other surfaces as superhydrophobic coatings by using an 

adhesive tape.  

Other applications of the polymethacrylate monoliths, such as support for catalyst, have also been 

demonstrated.17, 46 A porous polymethacrylate monolith is composed of polymer globules and pores 

with different sizes (meso pores, macro pores and micro pores). Due to the presence of the hierarchical 

porous structure, the mass transfer and the catalytic activity in catalyst loaded polymethacrylate 

monoliths could be well balanced. Bandari et al47 prepared the GMA based polymethacrylate by 

electron beam triggered free radical polymerization and performed pore-size-specific modification17-18 

of the epoxy groups in the pores of the monolith. The epoxy groups in the large pores were hydrolyzed 

with poly(styrene sulfonic acid). The epoxy groups in the small pores (pore size < 7 nm) were 
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modified with norborn-5-en-2-ylmethylamine and subsequently anchored with norborn-2-ene (NBE) 

groups. The NBE groups were then modified with the Grubbs initiator [RuCl2(PCy3)2-(CHPh)]. Later, 

the pores were grafted with different monomers, such as N, N-di-2-pyridyl-norborn-5-ene-2-

carboxymide. Palladium and platinum nanoparticles were immobilized in the pores of the 

polymethacrylate monolith through the coordination between the nanoparticles and the di-2-

pyrindylamide. It was shown that porous polymethacrylate supported catalyst had good catalytic 

activity and a long lifetime.47  
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2. Materials and methods  

2.1 Chemicals and Materials 

Sodium hydroxide (98%), Acetic acid (100%), hydrochloride (37%, in water) and Brain Heart 

Infusion (BHI) broth were ordered from Merck KGaA (Darmstadt, Germany). 3-

(trimethoxysilyl)propyl methacrylate (98%), trichloro(1H,1H,2H,2H-perfluorooctyl)silane (97%), 

butyl methacrylate (BMA, 99%), ethylene dimethacrylate (EDMA, 98%), 2-hydroxyethyl 

methacrylate (HEMA, 97%), cyclohexanol (99%), 1-decanol (99%),  2,2-dimethoxy-2-

phenylacetophenone (DMPAP, 99%), 2-acrylamido-2-methyl-1-propanesulfonic acid (AMPS, 99%), 

[2-(methacryloyloxy) ethyl]dimethyl-(3-sulfopropyl)ammonium hydroxide (MDSA, 97%), [2-

(methacryloyloxy) ethyl]trimethylammonium chloride (META, 80% in water), benzophenone (99%), 

tert-butanol (99.5%), Fluorinert FC-70, 1,2-Dioleoyl-sn-glycero-3-phosphoethanolamine (DOPE, 98%) 

and 2-oleoyl-1-palmitoyl-sn-glycero-3-phospho-rac-(1-glycerol) ammonium salt (POPG, 97%) were 

ordered from Sigma-Aldrich (Munich, Germany). 5-cyano-2,3-ditolyl tetrazolium chloride (CTC) was 

ordered from Polysciences Europe GmbH (Eppelheim, Germany). 4´,6-diamidino-2-phenylindol 

dihydrochloride (DAPI) was ordered from AppliChem GmbH (Darmstadt, Germany). Krytox GPL 

100 and Krytox GPL 103 were purchased from H Costenoble GmbH & Co. KG (Eschbom, Germany). 

Water of MilliQ grade (≥ 99.9 vol%, Millipore, Germany) was in all the experiments. 

Nexterion glass B was purchased from Schott AG (Mainz, Germany). Teflon and polyimide sheets 

were ordered from Durafilm Co. (Holliston, US.).  

2.2 Description of experiments and preparation techniques 

2.2.1 Activation, modification and fluorination of glass slides 

To create anchoring sites for the polymethacrylate surface, Nexterion glasses were first activated by 

immersion sequentially in 1 M NaOH solution for 1 h and in 1 M HCl solution for 30 min, followed 

by washing with deionized water and drying with compressed air. To modify the glass slide, 3-

(trimethoxysilyl)propyl methacrylate solution in ethanol (20 vol%, adjusted to pH 5 with acetic acid) 

was dropped on one activated glass slide, which was then covered by another activated glass slide to 

assist the spreading of the droplets over the whole slide. Care should be taken to avoid trapping of air 

bubbles between the glass slides. The solution was reapplied after 30 min. After 1 h, the slides were 

harvested after washing in acetone and drying with compressed air. To fluorinate the glass slide, the 

activated glass slide was incubated in a vacuumed desiccator (~ 50 mbar) with ~ 50 µL of 

trichloro(1H,1H,2H,2H-perfluorooctyl)silane overnight. After incubation, the glass slides were 

washed with acetone and dried with compressed air. 

2.2.2 Preparation of a polymer surface on a glass slide 

Poly(butyl methacrylate-co-ethylene dimethacrylate) (BMA-EDMA) polymer surfaces with different 
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surface morphologies (abbreviated as BE1, BE2, BE3, BE4, BE5 and BE6, respectively) were 

prepared using photoinitiated polymerization. Poly(2-hydroxyethyl methacrylate-co-ethylene 

dimethacrylate) surfaces with different surface morphologies (abbreviated as HM and HN) were also 

prepared. The compositions of polymerization mixtures for making the surfaces are listed in Table 2.1.   

In order to make the polymer surfaces, the polymerization mixture was injected into a mold made of 

two glass plates, which were separated by two thin strips of polyimide or Teflon (American Durafilm 

Co.) with a thickness of 50 µm. For making BE1, BE2, BE3, BE4, HM and HN surfaces, two 

modified glass slides were used. For making BE5 and BE6 surface, one modified glass slide (top plate) 

and one fluorinated glass slide (bottom plate) were used. The glass slides were then fixed with 

multiple clamps and placed under the 260 nm UV-lamp (OAI model 30 deep-UV collimated light 

source (San Jose, CA) fitted with a 500 W HgXe lamp) for 15 min of irradiation. The intensity of the 

UV irradiation was set at 12 mW/cm2. After irradiation, the glass slides were carefully opened with a 

scalpel. The polymer surface on the upper glass plate was ready for use after washing extensively with 

methanol, immersing into methanol overnight, and then drying with a nitrogen gun. 

Table 2.1: Compositions of the polymerization mixtures for making BMA-EDMA surfaces and 

HEMA-EDMA surfaces with different morphologies. 

Name of the 
polymerization mixture 

/ produced surface 

Composition of the polymerization mixture 

BMA HEMA EDMA cyclohexanol 1-decanol DMPAP 

Mixture 1 / BE1 20 wt% 0 30 wt% 0 50 wt% 0.5 wt% 

Mixture 2 / BE2 20 wt% 0 30 wt% 10 wt% 40 wt% 0.5 wt% 

Mixture 3 / BE3 20 wt% 0 30 wt% 20 wt% 30 wt% 0.5 wt% 

Mixture 4 / BE4 20 wt% 0 30 wt% 30 wt% 20 wt% 0.5 wt% 

Mixture 5 / BE5 20 wt% 0 30 wt% 50 wt% 0 0.5 wt% 

Mixture 6 / BE6 40 wt% 0 60 wt% 0 0 1 wt% 

Mixture 7 / HM 0 20 wt% 30 wt% 0 50 wt% 0.5 wt% 

Mixture 8 / HN 0 20 wt% 30 wt% 30 wt% 20 wt% 0.5 wt% 

 

2.2.3 Photografting of a polymer surface 

BE1, BE5, HM and HN surfaces were used as substrates and modified with three different acrylate 

monomers by photografting. The polymer surfaces were wetted with grafting mixtures and then 

covered with a fluorinated glass slide. The covered surfaces were then irradiated with 260 nm UV light. 



	  

12 
 

To make surfaces with gradient densities of functional groups, the covered surfaces were placed under 

a moving UV opaque mask during UV irradiation (See Fig. 3.8B). The overall irradiation time was 5 

minutes and the velocity of the moving mask was 1.2 cm/min.  The grafted surface was cleaned and 

stored in methanol after carefully removing the fluorinated glass plate from the surface.  

The compositions of the photografting mixtures are listed below: 

Photografting mixture 1: 2-acrylamido-2-methyl-1-propanesulfonic acid (AMPS) (16 wt%), 1:3 (v/v) 

mixture of water : tert-butanol (83.75 wt%), ethylene dimethacrylate  (1 wt%), benzophenone  (0.25 

wt%). 

Photografting mixture 2: [2-(methacryloyloxy) ethyl]dimethyl-(3-sulfopropyl)ammonium hydroxide 

(MDSA) (16 wt%), 1:3 (v/v) mixture of water : tert-butanol (83.75 wt%), ethylene dimethacrylate (1 

wt%), benzophenone (0.25 wt%). 

Photografting mixture 3: [2-(methacryloyloxy) ethyl]trimethylammonium chloride (META) (16 wt%), 

1:3 (v/v) mixture of water : tert-butanol (83.75 wt%), ethylene dimethacrylate (1 wt%), benzophenone 

(0.25 wt%) 

The BE1, BE5, HM and HN surfaces with gradient densities of functional groups prepared using 

photografting mixture 1 are abbreviated as BE1-AMPS, BE5-AMPS, HM-AMPS and HN-AMPS, 

respectively. The BE1, BE5, HM and HN surfaces with gradient densities of functional groups 

prepared using photografting mixture 2 are abbreviated as BE1-MDSA, BE5-MDSA, HM-MDSA and 

HN-MDSA, respectively. The BE1, BE5, HM and HN surfaces with gradient densities of functional 

groups prepared using photografting mixture 3 are abbreviated as BE1-META, BE5-META, HM-

META and HN-META, respectively. 

2.2.4 Lipid modification of a polymer surface and printing of lipid solutions on a polymer surface 

Porous BMA-EDMA surfaces with different morphologies (BE1, BE3, BE5 and BE6) were modified 

with phospholipids. Two phospholipids: 1,2-Dioleoyl-sn-glycero-3-phosphoethanolamine (DOPE) and 

2-oleoyl-1-palmitoyl-sn-glycero-3-phospho-rac-(1-glycerol) ammonium salt (POPG), were used for 

the modification. To modify the surfaces, a few drops of a lipid solution (10 mg/ml in ethanol) were 

applied on the surface, making sure the surface was completely covered with the lipid solution. After 

approximately 20 minutes, or until the surface was completely dry, the surface was carefully washed 

with water and dried gently with a nitrogen gun. 

The lipid solutions were printed onto the porous BMA-EDMA surfaces using an OmniGrid100 

microarrayer (Genomic Solutions, Ann Arbor, USA) and Arrayit SMP4 pins, which have a pin 

diameter of 1/16˝ and uptake and delivery volumes of 0.25 µL and 1.0 nL, respectively. The pin was 

dipped into the source well three times for 1000 ms (millisecond) each, then printed onto a blot pad 

five times with a spacing of 1000 µm and contact time of 2 ms to get rid of excess solution on the pin 
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tip before printing onto the superhydrophobic porous BMA-EDMA surface. The contact time for 

printing onto the hydrophobic BMA-EDMA surface was 0 ms. 

2.2.5 Preparation of a sporous polymethacrylate SLIPS surface 

An excess amount of the perfluorinated liquids (Krytox GPL 100, Krytox GPL 103 or Fluorinert FC-

70) was applied onto porous BMA-EDMA surfaces (BE1 and BE5). The liquids were maintained on 

the surfaces overnight to fully saturate the pores in the polymer. Afterwards, samples were tilted 

vertically for 4 h to get rid of excess fluorocarbon lubricant. The prepared surfaces were kept in de-

ionized water before using. 

2.2.6 Preparation of a polymer surface with a gradient in pore size  

A microfluidic chip was used to make the polymer surface with gradient pore size. The microfluidic 

chip consisted of (1) a micro-structured poly(dimethylsiloxane) (PDMS) part containing a micromixer 

with two inlets and subsequent reaction chamber for creating the gradient and (2) a modified glass 

slide sealing the microchannels (Fig. 3.2). The structured part of the microfluidic chip is made from 

PDMS and subsequently covered with a glass slide using a curing agent coating applied with a 

stainless steel roller. The assembled chip was cured at 65 °C for 45 min in an oven. Tubes were 

inserted into the punched holes on the PDMS part. Polyamide tubes (inner diameter 1.5 mm) were 

used for the inlets and polysulfone tubes (inner diameter 1.5 mm) were used for the outlets. All 

microstructures on the PDMS part have a height of 680 µm. Zigzag channels of the micromixer have a 

width of 400 µm. The reaction chamber is 15 mm wide and 19 mm long from the zigzag channels to 

the outlet. External dimensions of the PDMS part are standardized to the size of a glass slide (26 x 76 

mm²). These microfluidic chips were produced and provided by Ludmilla Popp and Kristina 

Kreppenhofer (IMT, KIT).  

The microfluidic chip was connected directly to 20 ml syringes (B. Braun Melsungen AG) filled with 

polymerization mixtures (Fig. 3.2). Mixture 1 (ρ = 0.8537 g/cm³) and Mixture 5 (ρ = 0.9160 g/cm³) 

were injected into the microfluidic chip for the preparation of gradient surface.  A syringe pump 

(Harvard Apparatus PHD Ultra) was used to inject the polymerization mixtures into the microfluidic 

chip. Both syringes were added on one rider to ensure equal flow rates. The microfluidic chip was 

mounted below a UV lamp used for polymerization. The microfluidic chips were mounted with the 

PDMS part on the top. Stabilization of the gradient was ensured by visual observation. UV exposure 

(260 nm, 12 mW/cm2) started immediately after the pump was stopped. The exposure time was 15 min. 

After polymerization, the PDMS part was manually removed from the glass slide. The surface of the 

polymer film was dried with a nitrogen stream. The polymer film was kept in methanol overnight to 

remove porogens before use. 

2.2.7 Bacterial experiments 

Clinical wastewater samples were taken from the sewers close to the surgery department and from the 



	  

14 
 

clinic’s wastewater collection pipes in a German city. Conventional API 20NE (BioMérieux, 

Nürtingen, Germany) was used for taxonomic identification. P. aeruginosa were grown in the  

medium (BM2 mineral medium) consisting of 62 mM potassium phosphate buffer (pH 7.0), 7 mM 

(NH4)2SO4, 2 mM MgSO4, 10 µM FeSO4, and 0.4 % (w/v) glucose or 1:4 diluted high nutrient BHI 

broth (Merck, Darmstadt, Germany). Overnight cultures were used to start the biofilm reactor 

experiments to analyze the bacterial adhesion on slippery BMA-EDMA surfaces and the impact of 

PFPE liquid (Krytox GPL 103) on the bacterial growth (toxicity test).  

The slippery BMA-EDMA surfaces were incubated with bacterial suspension in an in-house 

constructed Plug Flow Reactor (PFR) (chamber dimensions length 29.0 cm, inner diameter 4.6 cm) in 

IFG, KIT. Uncoated glass slides were used as controls for all experiments. The slides were thoroughly 

washed with ethanol and deionized water and no further modification or treatments were done to the 

glass slides prior to the bacterial experiments. The biofilm reactor was inoculated with diluted 

bacterial suspensions (~ 108 CFU*mL-1). After a 1 hour static inoculation period, a continuous flow 

rate of 0.94 mL min-1 was applied and kept for 7 or 14 days at room temperature (22 ± 2 °C). Staining 

of viable bacteria was performed and the staining was based on intracellular enzymatic reduction of 

CTC to red fluorescent formazan crystals. For the staining of the total cell count, the DNA specific 

DAPI staining was applied.46 For maximum detection of respiring bacteria, the CTC solution (3.8 

mM) was freshly prepared. After culture, the surfaces were removed from the reactor and gently 

washed with sterile cell wash buffer (5 mM Magnesium acetate, 10 mM Tris, pH 8.0), followed by 

incubation in the CTC staining solution upon gentle shaking in darkness at room temperature (22 ± 2 

°C) for 3 hours. Subsequently, DAPI staining was performed by incubation the surface in DAPI 

solution (11.4 µM) for 10 minutes. The tested surfaces were washed again with sterile cell wash 

buffer. The biofilm formation on the surface was analyzed by epifluorescence microscopy with 200-

fold magnification using an Axioplan 2 imaging system (Carl Zeiss, Oberkochen, Germany) with the 

filters sets for CTC (BP 546/12, FT 580, LP 590) and DAPI (G 365, FT 395, BP 445/50). Digital 

images of each sample were obtained with a Zeiss AxioCAm MRm camera and the AxioVision 4.6 

software. The surface coverage of the respiring bacteria (CTC stained, red) of five independent images 

was determined for each sample with the BioFlux 200 software (Version 2.3.0.2; Fluxion 

Biosciences/IUL Instruments GmbH, Königswinter, Germany). The bacterial experiments were 

performed with the help of Dr. Thomas Swartz and Tanja Kleintschek (IFG, KIT). 

2.3 Methods and theoretical background 

2.3.1 Water contact angle measurement 

Water contact angle (WCA) measurements are used to determine the wettability of the surface. A 

surface with a static water contact angle greater than 90° is defined as a hydrophobic surfaces and a 

surface with a static water contact angle of less than 90° is called a hydrophilic surface (Fig. 2.1). The 

water contact angle of a smooth surface can be described using Young’s equation (Equation (2.1)), 
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where   is the surface tension between the surface and air,  is the surface tension between the 

surface and water and  is the surface tension between water and air.48 

                     (2.1) 

 

 

Figure 2.1: Water droplets on smooth (a) hydrophilic and (b) hydrophobic surfaces. 

Water contact angles on the rough surfaces were described using either the Wenzel model or Cassie-

Baxter model. According to the Wenzel model,49 space between the protrusions are filled completely 

by water when a water droplet is applied on the surface (Fig. 2.2a). The water contact angle on a rough 

surface is calculated with equation 2.2, in which r is the surface roughness defined as the ratio of the 

actual surface area to the projected area. In the Cassie-Baxter state, air is trapped inside the porous or 

rough surface leading to a composite air-solid interface between the water droplet and the surface (Fig. 

2.2b). According to the Cassie-Baxter model, the water contact angle on a rough surface is described 

using equation (2.3), where  is the fraction of the solid on the surface, in the Cassie-Baxter model. It 

is generally believed that the two hydrophobic states (Wenzel state and Cassie-Baxter state) coexist on 

a rough superhydrophobic surface.50-51 The coexistence of the two hydrophobic states on a 

superhydrophobic surface was directly proven using both cryogenic Scanning Electron Microscope52-53 

and confocal microscope.54 

 

 

Figure 2.2: (a) Wetted contact line between the water droplet and rough surface (Wenzel state);49 (b) 

Non-wetted state between the water droplet and the rough surface (Cassie-Baxter state).43 
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The sessile drop method and captive bubble method are the most popular methods for water contact 

angle measurements. Sessile drop method is the most widely used WCA measurement method which 

uses sessile water droplet for the characterization of WCA. In a captive bubble WCA measurement, an 

air bubble is formed at the tip of a micro-syringe and pressed to the surface. Advancing WCA and 

receding WCA can be measured by inflation and deflation of the air bubble, respectively.55 Both the 

sessile drop method and captive bubble method allows for precise and reproducible measurement of 

static and dynamic WCA.56 Although the sessile drop method was considered to be equivalent to the 

captive bubble method, , different WCA (both static and dynamic) values were identified 

experimentally with these two methods.57-58  To understand such difference, Marmur et al. performed 

theoretical calculation using a model surface which was chemically heterogeneous and smooth. It was 

concluded that the measured advancing and receding WCA on the surface with low WCA depended 

greatly on the volume of the air bubble used in the captive bubble method.59 Therefore, it was 

suggested that the sessile drop method is used for the low WCA surface.60 While for a heterogeneous 

smooth surface with high WCA, the captive bubble is recommended.60 Comparison of the sessile drop 

method and captive bubble method on a homogeneous and rough surface was reported recently.61 It 

was found that the asymmetry of the surface features significantly influenced the fluctuation of the 

WCA results for both methods and the measuring method for the low fluctuation WCA measurement 

was also provided in different cases.61  

In this thesis, water contact angles were measured using the sessile drop method with a home-built 

water contact angle measurement device. Static water contact angle and dynamic water contact angles 

(advancing water contact angle and receding water contact angle) on the surfaces were measured. For 

the static water contact angle measurement, 3 µL of deionized water was used. For the advancing and 

receding water contact angle measurements, the increasing or decreasing rate of the water volume was 

controlled with a syringe pump (Microliter Flow Modular Pump Component, HarvardAppartus, Inc. 

US.) and set at 12 µL/min. Pictures of the water droplets on the surface were taken with a UK 1115 

digital camera (EHD imaging, Germany). Image J software with the Dropsnake plug-in was used to 

analyze the images. The reported water contact angle values are the average of at least three WCA 

values from individual experiment. Standard deviations of the water contact angle values were also 

reported.  

2.3.2 Scanning electron microscopy 

The scanning electron microscope is an electron microscope that images the sample using a high 

energy focused beam of electrons. During the imaging process, the electron beam scans the surface in 

a raster way. The electrons are scattered and the current leaving the sample is collected, amplified and 
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used for characterization of the sample properties.62 Backscattered electrons, secondary electrons, 

auger electrons and characteristic X-rays are generated from the sample upon interaction with the 

incident electron beam. X-rays were used primarily for chemical analysis of the sample while the 

secondary electrons and the backscattered electrons were used mainly for imaging of the sample.63 The 

setup of a typical SEM is shown in Fig. 2.3. 

 

Figure 2.3: Schematic diagram showing the main components of a scanning electron microscope 

(redrawn from reference63). 

The theoretical resolution of the electron microscope can be estimated with equation (2.4),63 where  

is the semi-angle through which the electron beam is reflected, µ is the refractive index of the medium 

between the object and the objective length and λ is the wave length of the electron beam. μ ∗  is 

usually called the numerical aperture (NA). 

.

∗
                       (2.4) 

.
                      (2.5) 

Assuming an electron beam of 100 kV is used and α=0.1 radians, the theoretical resolution of the 

electron microscope is 0.02 nm.63 Although the theoretical resolution of the electron microscope could 

not be achieved due to the lens aberrations, SEM still offers much higher resolution compared to a 

light microscope. The very small angular aperture of the electron microscope permits a large depth of 

field in focus at once, according to equation (2.5). As a result, the rough samples may be seen in focus 

across the whole sample with the electron microscope at low magnification.64  

In this thesis, the SEM measurements were performed on a LEO 1530 Gemini scanning electron 
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microscope (Zeiss, Germany). The accelerating voltage was 2 kV or 5 kV for the measurement. The 

samples were sputtered with a ~ 30 nm thick gold layer using a Cressington108 auto sputter coater 

(Cressington Scientific Instruments Ltd. UK) before the SEM measurements.  The SEM images of the 

porous polymer surfaces were analyzed using Image J software to quantify the pore size and globule 

size of the surfaces. The reported pore size and globule size is the average size of at least 20 pores and 

globules chosen from a representative SEM image of the surface. 

2.3.3 X-ray photoelectron spectroscopy 

X-ray photoelectron microscopy (XPS), also known as Electron Spectroscopy for chemical analysis, is 

a highly sensitive technique for surface analysis. The basic components of XPS component is the X-

ray source, extraction optics, energy filter and detection system. The X-ray tubes (monochromatic 

sources or standard sources) or synchrotron sources are used as the X-ray sources for XPS. During 

XPS measurement, a sample is irradiated with the X-ray. Upon X-ray irradiation, photoelectrons are 

emitted from the sample. Energy conservation of the photoemission process can be described using 

Equation (2.6), where  is the energy of the X-ray,  is the kinetic energy of the emitted 

photoelectron,  is the work function of the analyzer and  is the binding energy.  can be 

measured with an energy analyzer and 	is constant and known for a certain system.  Therefore, the 

binding energy ( ), which is element specific, can be determined using Equation (2.6).  

      (2.6) 

Although X-rays can penetrate micrometers below the surface, only photoelectrons produced at the 

surface (within 10 nm or less below the surface) contribute to the XPS signals due to the limited 

electron mean path. Therefore, XPS is highly surface specific. The sensitivity of the XPS 

measurement is mainly dependent on the spectra background level and the photoelectron cross section, 

which is element specific.65 In general, a high sensitivity (concentration down to 0.1 atomic%) can be 

achieved in XPS measurement.65 

The XPS spectra in section 3.3 were taken on the VG SCienta R4000 UHV-IR/XPS spectrometer 

(Bruker, Karlsruhe, Germany) with the help of Dr. Hikmet Sezen at IFG, KIT. The XPS spectra in 

section 3.2 and 3.4 were collected on the Leybold-Heraeus MAX200 XPS spectrometer (Leybold-

Heraeus GmbH, Germany) with the help of Hao Lu at APC, University of Heidelberg.  

2.3.4 Photoinitiated free radical polymerization 

Polymerization initiated by free radical species produced from initiators is called free radical 

polymerization. Thermal initiators, redox initiators and photoinitiators are commonly used to initiate 

the free radical polymerization. During the free radical polymerization, reactive centers are generated 

from the excited initiator and polymerization proceeds by the propagation of the reactive center by 

successive additions of monomer molecules. The growth of the polymer is terminated by elimination 
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of the reactive center. The elimination of the reactive center occurs by combination of two reactive 

center or combination of a reactive center and an initiator radical. Free radical polymerization of vinyl 

monomers are shown as an example in Fig. 2.4.  

 

Figure 2.4: Scheme showing the initiation, propagation and termination of free radical polymerization 

of vinyl monomers. 

Photoinitiated free radical polymerization offers several advantages compared to other free radical 

polymerization methods such as thermally initiated polymerization. First of all, photoinitiated free 

radical polymerization can be started or stopped on demand by turning on or off the irradiation source. 

Secondly, spatial control of the polymerization can be achieved using photoinitiated free radical 

polymerization. Furthermore, photoinitiated free radical polymerization is particularly useful in some 

biological applications because the polymerization can be carried out at room temperature.66 Due to 

these advantages, photoinitiated free radical polymerization has been widely used in many applications. 

The production of free radicals in the photoinitiated free radical polymerization is based on one of the 

two pathways: (1) the photoinitiator (type I) is excited by energy absorption and decomposes into free 

radicals because of the excitation; (2) the photoinitiator (type II) is excited and the excited species 

interacts with a co-initiator (hydrogen donors) to form the free radicals (Fig. 2.5).67 The schematic 

representation of the free radical formation during photoinitiated polymerization is shown in Fig. 2.5 

A and Fig 2.5B. Benzoin and its derivatives, which undergo the  cleavage to form two radical species, 

are the most common type I photoinitiators. Other type I photoinitiator include α-

dialkoxyacetophenone, α-hydroxyalkylphenone, acylphosphine oxides and etc.  Benzophenone and its 

derivatives, thioxanthone, benzyl, quinones and organic dyes (in combination with the hydrogen 

donors such as alcohols, ethers, amines and thiols) are frequently used as type II photoinitiators.68 

Some of the commercially available photoinitiators are listed in Fig. 2.5C. In this thesis, 2,2-

dimethoxy-2-phenylacetophenone (type I) was used as as the photoinitiator.  

The major drawback of photoinitiated free radical polymerization is that polymerization may take 

place only on the surface due to the penetration depth of the light into material is limited.66 To ensure 

homogeneous polymerization in the bulk material, high energy light sources are usually used for the 

photoinitiated polymerization. In this thesis, high intensity UV light (260 nm, 12 mW/cm2) was used 
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to perform the polymerization and photografting. The detailed procedure for the preparation of the 

polymer surface is described in section 2.1.2.  

 

 

Figure 2.5: Scheme showing the production of the free radicals from (A) type I and (B) type II 

photoinitiators and (C) examples of commercially available photoinitiators.  

2.3.5 Surface modification via photografting 

Photografting, also termed as photoinitiated graft-polymerization, is an efficient and versatile method 

for photoinitiated modification of polymer surfaces.35, 69-70  Modification of polymer surface, such as 

natural rubber,69 nylon and polypropylene film using photografting was demonstrated.32-33 Ranby et 

al.34 proposed that the photoinitiator could be excited to a singlet state (S1) and subsequently transform 

to the triplet state (T1) by intersystem crossing in the presence of UV light. The triplet species can 

abstract hydrogen from the polymer surface and lead to the formation of radicals on the surface. The 

grafting polymerization from the surface occurs because of the presence of radicals on the surface (Fig. 

2.6). Branched and crosslinked polymer chains are formed on the surface after photografting. The 

efficiency of the photografting is dependent on many factors, such as the chemistry of the polymer 

substrate, chemistry of the reactive vinyl monomers, type and concentration of the photoinitiator.33 

Therefore, the photografting system should be carefully designed to achieve a higher efficiency. The 

method for photografting of polymethacrylate monoliths has been well established.24, 37-40, 71-74 In this 
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thesis, benzophenone was used as the initiator and a mixture of tert-butanol and water as the solvents 

for the monomers and initiator. The detailed procedure for the photografting of the polymethacrylate 

surface is shown in section 2.1.3.  

 

Figure 2.6: Schematic representation of photografting a vinyl monomer onto a polymer substrate in 

the presence of photoinitiator. Reproduced with permission.34 Copyright Elsevier.  

2.3.6 Hard X-ray phase contrast tomography 

With the development of highly brilliant and coherent X-ray sources, X-ray imaging techniques have 

been widely used as a powerful tool for imaging the internal microstructures of materials non-

destructively.75-78 In general, X-ray imaging is based on either the generated absorption contrast or 

phase contrast when the X-ray passes through the material.79-80  The absorption contrast arises mainly 

from the attenuation differences of the materials while the phase contrast mainly results from the phase 

shift of the X-ray wavefront induced by material density variations. However, there is little absorption 

of X-rays and therefore poor image contrast for light materials such as polymers. In comparison, the 

phase contrast techniques provide much higher imaging contrast because they are much more sensitive 

to the density variations compared to the attenuation based technique. Therefore, phase contrast X-ray 

imaging was widely used for imaging of low X-ray adsorptive materials.79, 81 Several of the phase 

contrast methods for X-ray imaging, such as propagation-based imaging (PBI),82-83 analyzer-based 

imaging (ABI)79 and grating interferometry (GI),84 have been developed so far. In this thesis, the PBI 

method was used to image the SLIPS BMA-EDMA surfaces. The setup of the imaging system is 

shown in Fig. 2.7. 

The imaging experiments were carried out on the nano-imaging endstation ID22 at the European 

Synchrotron Radiation Facility (ESRF, SI2552) with Yin Cheng (IPS, KIT) and Heikki Suhonen 

(ESRF). The X-ray beam was monochromatized and focused using X-ray reflective optics to a spot 

size of 50*50 nm2. The pink beam with energy of 29.6 KeV was used for imaging. The sample was 

placed behind the focal spot and imaged onto a scintillator screen and a CCD camera at a fixed 

distance downstream of the focal spot. Phase contrast images were obtained and inputted into a 
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tomographic reconstruction algorithm based on filtered back projection. Slippery BMA-EDMA 

surface was prepared on 1 mm thick PMMA substrates. To prevent the evaporation of the PFPE liquid 

layer caused by the heat generated during the measurement, the BMA-EDMA SLIPS surface was 

fixed vertically in water in a closed PMMA vial (inner diameter 5 mm, Eppendorf, Germany) during 

the test. The image reconstruction in this thesis was done by Yin Cheng (IPS, KIT) and Heikki 

Suhonen (ESRF). 

 

Figure 2.7: Schematic representation of the (a) imaging setup and (b) data reconstruction. 
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3. Results and discussion 

3.1 Formation of porous polymethacrylate polymer surfaces with gradient morphology 

3.1.1 Background 

Surface porosity has been shown to have a significant influence on cell behavior.85-86 Surfaces with 

continuous varying pore size along one direction offer the possibility to avoid difficulties associated 

with the one-sample-for-one-measurement approach and sample variations in cell screening studies. 

Furthermore, they can increase the throughput and reduce the sample consumptions of the screening 

studies. However, up to now, there are only few methods reported for the preparation of a surface with 

a gradient in pore size. Collins et al.87 described a method for the preparation of gradient porous 

silicon films using electrochemical etching in hydrofluoric acid. The pore size of the prepared silicon 

surface ranged from < 10 nm to > 500 nm. Later, this method was used to prepare silicon surfaces with 

a gradient of pore sizes for studying the effect of surface morphology on the adhesion/differentiation 

of neuroblastoma cells88 and mesenchymal stem cells89 on the surface. Woodfield et al.90 presented a 

3D fiber deposition technique to produce polymer scaffolds mimicking the organization of an articular 

cartilage with pore sizes increasing from 200 to 1650 µm. Oh et al.91 used centrifugal forces to 

fabricate cylindrical scaffolds with gradient pore sizes ranging from 88 to 405 µm. 

In this section, a microfluidic chip enabling the fabrication of porous polymethacrylate surfaces 

possessing gradients of pore sizes in the range between tens of nanometers to sub-micrometer is 

described. The method is based on the ability to precisely control the morphology of a porous 

polymethacrylate by varying the composition of porogenic solvents in the polymerization mixture. 

Using a microfluidic cascade micromixer, a thin film of polymerization mixture possessing a gradient 

of porogenic component is created. Subsequent UV-initiated polymerization of the film results in a 

porous polymer surface with a gradient in pore size. 

3.1.2 Preparation of porous polymer surfaces with different morphologies 
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Figure 3.1: SEM images of the (A) BE1, (B) BE2, (C) BE3, (D) BE4, (E) BE5, (F) BE6 surface (scale 

bar 1 µm). 

BMA-EDMA surfaces were prepared on glass substrates by using polymerization mixtures with 

different porogen compositions (see Tab. 2.1). The total porogen content was kept at 50 wt% in all the 

polymerization mixtures. The morphologies of these BMA-EDMA surfaces were investigated with 

SEM (Fig. 3.1). It was found that the BMA-EDMA surfaces prepared from the polymerization mixture 

containing porogens showed porous and globular morphology and the surface morphology was highly 

dependent on the composition of the porogens in the polymerization mixture. When 1-decanol was 

used as the sole porogen in the polymerization mixture, a porous surface (BE1) with a globule size of 

~ 1 µm was obtained. When cyclohexanol was used as the only porogen in the polymerization mixture, 

a porous surface (BE5) with globule size and pore size in the range of tens of nm was obtained. With 

the decrease of 1-decanol content and increase of cyclohexanol content in the polymerization mixture, 

the pore size of prepared surface decreases gradually. Morphologies of the surfaces were quantified by 

measuring the pore size and globule size with the SEM images (see Tab. 3.1). These results suggested 

that a BMA-EDMA polymer surface with gradient morphology could be prepared if the composition 

gradient of the porogens content could be generated.  

The water contact angles on the BMA-EDMA surfaces were also measured (see Tab. 3.1). It was 

found that the BM1, BM2, BM3 and BM4 surfaces were highly hydrophobic. The high 

hydrophobicity of these surfaces resulted from the combination of the surface roughness and 

hydrophobic nature of the polymer globules. In contrast, the BE5 surfaces are much less hydrophobic 

because of the low roughness on the surface. As shown in the table, the pore size and the globule size 

of the BMA-EDMA gradually decrease with the increase of cyclohexanol content in the 

polymerization mixture.  
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Table 3.1: Globule size, pore size and water contact angles of the BE1, BE2, BE3, BE4, BE5 and BE 

6 surfaces. (“NP” means the surface is non-porous.) 

 BE1 BE2 BE3 BE4 BE5 BE6 

      

Globule size / µm 1.14 ± 0.17 0.99 ± 0.15 0.21 ± 0.06 0.15 ± 0.04 0.12 ± 0.04 NP 

Pore size / µm 0.59 ± 0.24 0.53 ± 0.16 0.10 ± 0.05 0.07 ± 0.03 0.07 ± 0.02 NP 

Static WCA / ° 138.6 ± 1.0 137.1 ± 2.8 142.5 ± 1.2 141 ± 3.2 110.4 ± 3.5 69.9 ± 2.4 

Advancing WCA / ° 160.8 ± 1.5 159.8 ± 1.4 158.7 ± 3.4 162.2 ± 1.8 133.9 ± 1.4 81.7 ± 2.4 

Receding WCA /° 102.3 ± 8.0 103.0 ± 7.2 108.2 ± 5.8 110.8 ± 11.2 78.2 ± 3.4 57.7 ±1.6 

3.1.3 Preparation of porous polymer surface with a gradient in pore size using microfluidic chips 

To generate a composition gradient of the porogens, a microfluidic chip composed of a glass slide and 

PDMS chamber (Fig. 3.2(A)) was used in this study. The PDMS chamber was prepared by using a 

steel master shown in Fig. 3.2(B). One possible concern for the application of PDMS materials is the 

poor compatibility between PDMS and organic solvents.92 The compatibility between PDMS and 

different solvents was predicted by comparing the solubility parameter of PDMS (~ 7.3 cal1/2*cm-3/2) 

with that of the solvents. Generally, solvents that have solubility parameter (ranging from 7.3 

cal1/2*cm-3/2 to 9.5 cal1/2*cm-3/2) similar to that of PDMS were thought to be less compatible with 

PDMS.93 Here, a polymerization mixture composed of butyl methacrylate, ethylene dimethacrylate 

and 1-decanol (or cyclohexanol) was used. Alcohols generally have a good compatibility with 

PDMS93 and the reported solubility parameter for butyl methacrylate is 9.61 cal1/2*cm-3/2.94 Therefore, 

it was expected that the polymerization mixtures used here would have a good compatibility with 

PDMS. 

In order to produce a porous polymer surface possessing a gradient of pore sizes, two different 

polymerization mixtures (Mixture 5 and Mixture 1) were pumped into the chip from the two inlets 

(Fig. 3.2(C) a). Mixture 5 containing cyclohexanol as a porogen forms a porous polymer surface with 

pore diameters in the range of tens of nanometers after polymerization. The use of 1-decanol (mixture 

1) as the sole porogenic solvent gives a porous polymer surface with the average globule size in the 

range of 1-2 µm. The two mixtures were pumped into the chip at the flow rate of 0.25 ml/min or 

7.5 ml/min for 30 s to fill the whole chamber. All flow rate values reported in the section refer to the 

flow rate applied at one inlet of the micro-mixer. UV-initiated polymerization started immediately 

after stopping the syringe pump. A polymer film was formed in the microfluidic chamber after 

15 minutes of polymerization. The chip was then opened and a porous polymer surface was obtained 

on the glass substrate (Fig. 3.2(C) b). The prepared surfaces had external dimensions of 12 × 15 mm2 
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and a thickness of ~ 450 μm. The deviation of the polymer thickness from the height of the 

microfluidic chamber (680 µm) was probably caused by the shrinkage of the porous polymethacrylate, 

which has been observed in other applications of the porous polymethacrylate in chromatography.95 

Another possible reason for the reduced thickness of the polymethacrylate film could be swelling of 

PDMS induced by the polymerization mixture. Absorption of some organic solvents by PDMS was 

reported before.92, 96  

  

Figure 3.2: (A) A PDMS microfluidic chip for generating gradient polymer films. (B) Micro-milled 

aluminum master structure with cascade micro-mixer (left side) and subsequent reaction chamber 

(right side). The frame allows for a reproducible thickness of the replicated PDMS parts. (C) 

Fabrication of a polymer gradient film using the microfluidic chip. a: Polymerization mixtures were 

injected into the microfluidic chip by syringe pump building a gradient. The mixture in the reaction 

chamber was then exposed to UV light for polymerization. b: Removal of the PDMS part of the 

microfluidic chip. c: Resulting gradient polymer film on the glass slide.  

The morphology of the porous surface was analyzed by SEM at two different positions of the polymer 

film: at the surface (see Fig. 3.3 and Fig. 3.4) and at the cross section roughly 50 µm below the surface 

(see Fig. 3.6). Images were taken at eight equidistant points along the gradient direction 10 mm down 

the reaction chamber (see Figure 3.2(C)c). One set of surface SEM images (flow rate 0.25 ml/min) is 
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shown in Fig. 3.3. The SEM images show a highly porous polymer structure with a gradient of 

roughness from micro- to nanoscale. 

 

Figure 3.3: Scanning electron microscopy (SEM) images of the poly(butyl methacrylate-co-ethylene 

dimethacrylate) surface with a gradient of porous morphology. The polymer surface was generated 

inside a microfluidic chip with a flow rate of 0.25 mL/min. (A) low magnification (scale bar 20 µm) 

and (B) high magnification (scale bar 2 µm) SEM images. The SEM images are taken on the surface 

of the polymer. 
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Figure 3.4: SEM images of a poly(butyl methacrylate-co-ethylene dimethacrylate) surface with a 

gradient of porous morphology. The polymer surface was generated inside a microfluidic chip with a 

flow rate of 7.5 ml/min at (A) low magnification (scale bar 20 µm) and (B) high magnification (scale 

bar 2 µm) SEM images. The SEM images are taken on the surface of the polymer. 

Both the pore sizes and polymer globule sizes were quantified using the SEM micrographs (see Tab. 

3.2 and Fig. 3.5). Polymer globule sizes and pore sizes were measured from representative SEM 

micrographs manually with Image J software. Three polymer surfaces were analyzed for each flow 

rate (0.25 ml/min and 7.5 ml/min). The average values of globule and pore sizes are summarized in 

Table 3.2 and plotted in Fig. 3.5 and Fig. 3.6C. For the polymer surface produced using low flow rate 

(0.25 mL/min), the mean globule sizes at the cross section (50 µm below the surface) range from 1.60 

± 0.37 µm to 0.16 ± 0.04 µm in a clear gradient way. For the polymer surface produced using a high 

flow rate (7.5 mL/min), the mean globule size at the cross section (50 µm below the surface) decreases 

from 1.61 ± 0.34 µm to ~ 0.16 ± 0.04 µm in a steep gradient, which is consistent with the reduced 

diffusion time in this case. The SEM micrographs obtained at the surface of the porous polymer film 

revealed a similar gradient of the porous structure along the width direction of the polymer films, 

which was also dependent on the flow rate. Higher flow rate would lead to the formation of sharp step-

like pore/globule size gradient while the low flow rate will lead to the formation of a shallower 

pore/globule size gradient in the polymer film. For some positions on the gradient surfaces (e.g. 
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positions 2 and 3 for surfaces produced at 0.25 ml/min flow rate (see Fig. 3.3) and position 3 for the 

surface made at 7.5 ml/min flow rate (see Fig. 3.4)), the formation of a hierarchical surface 

morphology with the incorporation of smaller polymer globules at the polymer surface was observed. 

This phenomenon may be explained by a stronger absorption of 1-decanol (“micro porogen”) by the 

PDMS layer leading to a localized increase of the concentration of cyclohexanol (“nano porogen”) at 

the interface between PDMS and the layer of the polymerization mixture. It was also observed that the 

polymer surface had a smaller globule/pore size on the surface than in the bulk. This is in agreement 

with the previous observation that the morphology of the polymer at the superficial layer was 

dependent on the interface being in contact with the polymerization mixture.38, 40  The superficial layer 

of the porous polymer film can be removed by using an adhesive tape.24 

Table 3.2: Globule size and pore size distribution of the poly(butyl methacrylate-co-ethylene 

dimethacrylate) surfaces prepared using flow rate of 0.25 ml/min and 7.5 ml/min.  

 
Flow rate Size 

Position 
1 

Position 
2 

Position 
3 

Position 
4 

Position 
5 

Position 
6 

Position 
7 

Position 
8 

surface 

0.25 
ml/min 

globule size/µm 0.46±0.03 0.43±0.03 0.37±0.07 0.35±0.17 0.30±0.12 0.23±0.10 0.19±0.08 0.19±0.03 

pore size/µm 0.27±0.02 0.26±0.03 0.25±0.06 0.24±0.05 0.21±0.11 0.18±0.08 0.14±0.01 0.12±0.04 

7.5 ml/min 
globule size/µm 0.43±0.05 0.41±0.16 0.35±0.10 0.16±0.03 0.15±0.02 0.14±0.02 0.14±0.02 0.15±0.04 

pore size/µm 0.24±0.01 0.24±0.04 0.24±0.05 0.16±0.05 0.10±0.02 0.10±0.01 0.08±0.01 0.11±0.02 

~
 50 µ

m
 below

 
the surface 

0.25 
ml/min 

globule size/µm 1.60±0.37 1.46±0.32 1.51±0.41 1.40±0.33 1.03±0.59 0.55±0.58 0.17±0.05 0.16±0.04 

pore size/µm 1.22±0.55 1.17±0.52 1.13±0.31 1.09±0.50 0.74±0.42 0.39±0.38 0.12±0.04 0.11±0.04 

7.5 ml/min 
globule size/µm 1.61±0.34 1.61±0.25 1.14±0.75 0.14±0.04 0.16±0.04 0.15±0.04 0.16±0.04 0.16±0.04 

pore size/µm 1.12±0.31 1.06±0.25 0.74±0.46 0.14±0.04 0.13±0.05 0.12±0.04 0.13±0.04 0.13±0.06 

 

Figure 3.5: Summary of the pore and globule sizes measured from SEM images (taken at the surface) 

for poly(butyl methacrylate-co-ethylene dimethacrylate) surfaces produced using flow rates of: (A) 

0.25 ml/min and (B) 7.5 ml/min. 
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Figure 3.6: Scanning electron microscopy (SEM) images of poly(butyl methacrylate-co-ethylene 

dimethacrylate) surfaces generated with a flow rate of (A) 0.25 ml/min and (B) 7.5 mL/min. The SEM 

images were taken at the cross section 50 µm below the surface; scale bar 1 µm. First row shows 

magnified details of the second row. (C) Summary of pore and globule size distribution on the 

surfaces produced with high flow rate (7.5 mL/min, left) and low flow rate (0.25 mL/min). The pore 

sizes and globule sizes were quantified using the SEM images.  

3.1.4 Hydrodynamic characterization of the microfluidic chip 

To understand the formation of the gradient, a hydrodynamic characterization of the micro-mixer 

using model fluids and the polymerization mixtures was performed. The theoretical calculation of the 

concentration profile of a cascade micromixer was described elsewhere.97-98 Assuming homogeneous 

mixing in each zigzag channel, the concentration at the end would show a linear gradient profile. In 

the named literature, homogeneous mixing was achieved by diffusion. In the present micromixer 

mixing can occur due to two phenomena: 

1) Diffusion: effective at low flow rates, when the rate of advection of the flow in the main direction is 

comparable with the rate of diffusion. 
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2) Forced convection: effective at higher flow rates, when transversal secondary flows arise as a 

consequence of the meandering shape of the zigzag channels.99-100 

Turbulent mixing is prevented by the channel dimensions. 

The µLIF technique48 was used to visualize the concentration gradients in the reaction chamber under 

different experimental conditions. The fluorescent microscope images in this section were taken by 

Massimiliano Rossi from Universität der Bundeswehr Müchen. The detailed experimental procedure 

was described elsewhere before.101 Briefly, a fluorescent marker was dissolved in one of the two fluids 

and images of the mixing fluids were taken using an epifluorescence microscope. The image intensity 

is proportional to the concentration of the marker in the fluid volume. For the present set up, the 

images were taken using a Leica M165 FC fluorescence-microscope connected to an Imager sCMOS 

camera (LaVision GmbH). The flow was established by a syringe pump (Harvard PHD 2000), using 

the same flow rate at the two mixer inlets. Rhodamine B was used as a fluorescent marker and 

dissolved in one of the two fluids.Injection of only one model fluid into the micromixer was first 

characterized.102 This experiment was performed by Massimiliano Rossi. Isopropanol was injected in 

both inlets, having the fluid marked with Rhodamine B in the lower inlet. The resulting diffusion 

gradients for the respective flow rates of 0.001 mL/min, 1 mL/min and 20 mL/min are shown in Fig. 

5.1. The red lines in the figure mark the boundaries of the reaction chamber. Two different mixing 

phenomena can be clearly observed:  linear concentration gradient is present at 0.001 ml/min due to 

diffusive mixing, and at 20 ml/min due to convective mixing. At 1 ml/min the flow is too fast for 

diffusive mixing and too slow for the secondary flows, resulting in practically no mixing at the end.To 

analyze the performance of the micro-mixer injected with two different fluids, a second experiment 

using isopropanol (from the upper inlet, marked with Rhodamine B) and water (from the lower inlet) 

was performed.102 This experiment was performed by Massimiliano Rossi. Results are shown in Fig. 

5.2. In this case, an apparent uniform mixing is observed for 0.001 mL/min and a linear concentration 

gradient for 1 mL/min. What is actually happening depends on the fact that the fluids have different 

densities (density ratio ~ 1.3). In the horizontal orientation of the chip, the lower density isopropanol 

tends to slip over the water during the propagation through the microfluidic channels. At 

0.001 mL/min water and isopropanol are stacked one on top of the other resulting in an apparent 

uniform concentration (compare scheme of the cross section). At 1 mL/min there is less time for the 

less dense fluid to slip over the other, resulting in a 2D wedge-like arrangement of the two fluids 

(compare scheme of the cross section) that looks like a linear gradient from the top view of the µLIF 

visualization. This hypothesis was supported by repeating the experiment with a vertically oriented 

microfluidic chip (see Fig. 5.3). In this case, gradients formed at 0.001 and 1 ml/min flow rates more 

resembled the situation with two fluids of the same density (Fig. 5.1). The dependence of a gradient 

shape on the orientation of a microfluidic chip can be explained if the fluid density has an effect on the 

gradient formation, thereby confirming the hypothesis of the wedge-like gradient formation in Fig. 5.2. 
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An additional confirmation of the density driven wedge-like gradient formation was obtained by 

analyzing a cross-section of the gradient polymer film by SEM (see Fig. 3.8).  

 

Figure 3.7: Images from µLIF measurements (left) using mixture 5 (upper inlet) and mixture 1 

marked with Rhodamine B (lower inlet) for the injection in the micromixer (flow direction left to right) 

and observed by fluorescence microscopy.102 At 0.001 ml/min and 0.25 ml/min, mixture 1 slips over 

mixture 5 in a wedge-like arrangement. At 10 ml/min, convective mixing starts to take place.  

Finally, the experiment with the polymerization mixture 5 from the upper inlet and the polymerization 

mixture 1 was repeated, dyed with Rhodamine B, from the lower inlet.102 This experiment was 

performed by Massimiliano Rossi. In this case, the density ratio is smaller (~ 1.1) and the two fluids 

are significantly more viscous than water and isopropanol.102 The apparent concentration gradient, 

corresponding to the wedge-like arrangement as discussed above, was observed already at 

0.001 ml/min and up to 0.25 ml/min, as shown in Fig. 3.7. Some convection effects can be observed at 

10 ml/min although the fluids remain substantially unmixed. It was not possible to go to higher flow 

rates with the current syringe pump equipment. The burst pressure of the microfluidic chips is 

0.36 MPa. It was measured using water and a pressure transducer (WIKA Alexander Wiegand SE & 

Co. KG). This value fits well in the range for so called irreversible bonds described elsewhere.103 

The µLIF measurements showed that the polymer film created using 0.25 ml/min possesses a pore size 

wedge-like gradient as a consequence of the density difference between the two fluids. The two 

dimensional wedge-like gradient was confirmed by analyzing the polymer surface´s cross-section by 

SEM, shown in Fig. 3.8.  
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Figure 3.8: (A) Scheme and (B) SEM images of the overall cross section of a poly(butyl 

methacrylate-co-ethylene dimethacrylate) surface showing the density driven wedge-like pore size 

gradient (scale bar 1 µm). 

3.1.5 Summary 

Controlled, facile fabrication of thin polymer surfaces possessing a gradient of pore size was 

demonstrated using a microfluidic chip. The microfluidic chip contained a cascade micromixer to 

generate a gradient of two polymerization mixtures and a subsequent reaction chamber for the 

photoinitiated polymerization. The concentration gradient obtained in the reaction chambers could be 

controlled by the flow rate, type of the used fluids and the orientation of the microfluidic chip. The 

formation of density driven two dimensional wedge-like gradients was confirmed by both µLIF and 

SEM of polymer film cross-sections. For the polymerization mixtures the micromixer enabled 

convective effects and a gradient using the mentioned wedge-like distribution. Using a flow rate of 

0.25 ml/min, polymer film with a gradient of porous morphology with pore sizes ranging from ~ 0.1 

µm to ~ 0.3 µm was generated. These results demonstrate a convenient way for the generation of 

polymer surfaces with defined gradients of morphology. It is expected that the polymer surfaces with 

gradient morphology could find many applications in screening studies of cell-surface interactions.  
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3.2 Porous polymethacrylate surface with gradient density of functional group for the 

investigation of the effect of surface morphology and surface chemistry on HT-1080 

fibrosarcoma cells  

3.2.1 Background 

The ability to control cell behavior on surfaces is essential in different research fields, such as tissue 

engineering and development of biomedical device or biosensors. Much effort has been devoted to 

investigate the influence of surface properties on the cell behavior. Synthetic surfaces with defined 

physical and chemical properties have been prepared to study their influence on cell viability, 

proliferation, differentiation, motility and adhesion.86, 104-108,109 For example, surface chemistry was 

proved to play an important role for the maintenance of the stem cells pluripotency. As reported by 

Mei et al.,104 control of polyacrylate surface chemistry could improve the maintenance of pluripotency 

of the human embryonic stem cells (hES) and of the induced pluripotent stem cells (hiPS) on the 

surface. Recently, polymer surfaces with zwitterionic functional groups have been intensively studied 

and used for various applications due to their biomimetic structure.110-114 Surface coatings with 

antifouling,115-118 nonthrombogenic114, 119 and antimicrobial119 properties were developed based on 

zwitterionic polymers. Villa-Diaz et al.106 reported that poly[2-(methacryloyloxy) ethyldimethyl-(3-

sulfopropyl)ammonium hydroxide] could promote the attachment and long-term proliferation of 

undifferentiated hES. Albeit the molecular mechanism of this phenomenon is not completely 

understood, it is likely that the surface chemistry defines adhesive abilities of the cells, modulates 

molecular composition of the cell membrane and consequently downstream intracellular signaling 

cascades. Apart from surface chemistry, it was shown that surface roughness and porosity89, 120-125 are 

also important regulators of cell behavior. Surface porosity, for example in the case of basement 

membrane, enables cell turnover and also functions as a filter and conduit for nutrition.124 However, up 

to now, there are only few studies on the combinatorial effect of surface porosity and surface chemical 

properties on cell behavior on the surface.108, 126  

Although it has been know that tumor cells are influenced by their microenvironment, a direct impact 

of surface physical and chemical properties on tumor cell behavior remained unclear. Fibrosarcomas 

are rare tumors of mesenchymal origin, arising either in the connective tissues or in the bones. 

Fibrosarcomas are able to spread into the surrounding soft tissues as fat, muscles, nerves, joint tissues 

and to build bone metastasis.127 Fibrosarcoma exhibits a high degree of plasticity and adaptation to 

different growth conditions, as confirmed by Wolf in Friedl for the human fibrosarcoma cell line HT-

1080.128 In this section, different porous polymethacrylate surfaces with gradient in density of surface 

functional groups are prepared and used to investigate the impact of surface morphology and surface 

chemistry on the tumor cells behavior on these surfaces. Human fibrosarcoma cell line HT-1080 is 

used as a tumor model. 
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3.2.2 Preparation of the porous polymethacrylate surfaces with gradient density of functional 

groups 

To investigate the effect of surface morphology on the cell behavior, BMA-EDMA surfaces (BE1 and 

BE5) and HEMA-EDMA (HM and HN) surfaces with different morphologies were prepared on the 

glass slides. After thoroughly cleaning the as-prepared surfaces with ethanol, the surfaces were 

subsequently modified with acrylate monomers by photografting. Three acrylate monomers: the 

positively charged [2-(methacryloyloxy) ethyl] trimethylammonium chloride (META), negatively 

charged 2-acrylamido-2-methyl-1-propanesulfonic acid (AMPS) and zwiterionic [2-(methacryloyloxy) 

ethyl]dimethyl-(3-sulfopropyl)ammonium hydroxide (MDSA), were used for photografting (Fig. 3.9 

A). These acrylate monomers were chosen for the modification of the polymethacrylate surfaces 

because corresponding polymers were previously shown to be biologically active.110, 129-130 For 

instance, META modified surface could support neuron cell culture.110  In order to improve the 

efficiency of our study, surfaces with gradient densities of functional groups were prepared as 

described below and used for cell studies.  

 

Figure 3.9: (A) Acrylate monomers used for the surface modification. (B) Schematic representation of 

the method for preparing the polymer surface with gradient density of functional groups via 

photoinitiated grafting. 

It was known that the extent of photografting depends on the UV dosage131 and the methods for 

preparing surfaces with density gradients of functional groups based on photografting have been 

reported.132-133 In this project, a moveable UV opaque mask was used to control the UV dosage on the 

surface during the photografting. The surface was covered completely with the mask before 

photografting. When the photografting started, the mask started to move with a constant velocity of 

1.2 cm/min and thus gradually exposing the surface with UV light. The grafting time on the resulted 

gradient surface increased from 0 min (position 1 in Fig 3.9B) to 5 min (position 6) and the length of 
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the gradient surface was 6 cm.  

3.2.3 Characterization  

All the surfaces were analyzed with SEM (Fig. 3.10 and Fig. 3.11) to investigate the morphology 

change of the surfaces after photografting. The pore and globule sizes were quantified (Tab. 3.3) using 

these SEM images. It was observed from the SEM images that the BE1 polymer became less rough 

after photografting. Average globule size of BE1-MDSA increased from 0.84 µm to 1.28 µm while the 

pore size decreased from 0.57 µm to 0.50 µm after 5 min of photografting. The increased polymer 

globule size is the result of polymerization of MDSA monomers on the surface. Similarly, the globule 

sizes of the BE5 surface, HM and HN surfaces increase while the pore sizes decrease after 

photografting (Tab. 3.3). 

 

Figure 3.9: SEM images taken at different positions on (A) BE1-AMPS, (B) BE1-MDSA, (C) BE1-

META, (D) BE5-AMPS, (E) BE5-MDSA and (F) BE5-META surfaces (scale bar 1 µm). 
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Figure 3.10: SEM images taken at different positions on (A) HM-AMPS, (B) HM-MDSA, (C) HM-

META, (D) HN-AMPS, (E) HN-MDSA and (F) HN-META surfaces (scale bar 1 µm). 
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Table 3.3: Globule sizes and pore sizes measured at different positions on the BMA-EDMA and 

HEMA-EDMA surfaces photografted with different monomers using the “moving mask” method 

(“NP” means the surface is nonporous.). 

Surface  Size Position 0  Position 1 Position 2 Position 3 Position 4 Position 5 Position 6 

BE1-AMPS 
globule size/µm 0.67±0.16 0.74±0.16 0.86±0.16 0.91±0.14 0.91±0.17 1.04±0.20 0.95±0.16 

pore size/µm 0.55±0.13 0.56±0.19 0.59±0.13 0.53±0.32 0.42±0.15 0.62±0.20 0.47±0.13 

BE1-MDSA 
globule size/µm 0.84±0.15 0.90±0.14 0.99±0.25 1.13±0.20 1.02±0.23 1.11±0.22 1.28±0.20 

pore size/µm 0.57±0.15 0.79±0.30 0.74±0.24 0.66±0.28 0.57±0.16 0.53±0.34 0.50±0.19 

BE1-META 
globule size/µm 0.98±0.24 1.11±0.23 1.16±0.25 1.04±0.26 1.28±0.26 1.26±0.28 1.49±0.36 

pore size/µm 0.67±0.33 0.71±0.33 0.65±0.33 0.65±0.23 0.74±0.38 0.64±0.20 0.73±0.29 

BE5-AMPS 
globule size/µm 0.08±0.02 0.08±0.02 0.07±0.01 0.08±0.02 NP NP NP 

pore size/µm 0.11±0.03 0.10±0.02 0.10±0.04 0.08±0.20 NP NP NP 

BE5-MDSA 
globule size/µm 0.07±0.01 0.07±0.02 NP NP NP NP NP 

pore size/µm 0.10±0.03 0.10±0.03 NP NP NP NP NP 

BE5-META 
globule size/µm 0.07±0.01 0.07±0.01 0.08±0.02 0.10±0.02 NP NP NP 

pore size/µm 0.09±0.02 0.10±0.03 0.06±0.01 0.07±0.02 NP NP NP 

HM-AMPS 
globule size/µm 0.79±0.14 0.79±0.16 0.75±0.10 0.84±0.12 0.82±0.14 0.93±0.18 1.07±0.23 

pore size/µm 0.42±0.16 0.37±0.10 0.37±0.10 0.40±0.16 0.36±0.10 0.36±0.08 0.30±0.09 

HM-MDSA globule size/µm 0.73±0.11 0.68±0.14 0.78±0.13 0.82±0.14 0.91±0.15 1.02±0.17 1.06±0.18 

 pore size/µm 0.40±0.10 0.43±0.18 0.34±0.12 0.33±0.12 0.34±0.13 0.33±0.09 0.32±0.10 

HM-META globule size/µm 0.85±0.18 0.81±0.14 0.86±0.12 0.82±0.15 0.97±0.28 0.96±0.15 0.99±0.24 

 pore size/µm 0.34±0.13 0.34±0.09 0.29±0.08 0.30±0.09 0.32±0.10 0.32±0.09 0.34±0.10 

HN-AMPS globule size/µm 0.12±0.03 0.11±0.02 0.11±0.02 0.11±0.02 0.10±0.02 0.11±0.03 0.12±0.03 

 pore size/µm 0.14±0.04 0.11±0.03 0.11±0.03 0.10±0.03 0.09±0.04 0.10±0.03 0.09±0.03 

HN-MDSA globule size/µm 0.10±0.02 0.11±0.03 0.10±0.20 NP NP NP NP 

 pore size/µm 0.09±0.03 0.09±0.03 0.09±0.03 NP NP NP NP 

HN-META globule size/µm 0.16±0.04 0.16±0.03 0.21±0.03 0.19±0.04 0.17±0.04 0.20±0.04 0.23±0.07 

 pore size/µm 0.17±0.05 0.12±0.03 0.17±0.14 0.13±0.03 0.14±0.04 0.13±0.03 0.14±0.03 

 

To prove the formation of gradient density of functional group on the surface produced using this 

method, XPS measurements were performed. BE5-MDSA surfaces were tested as an example. The 

XPS measurements were performed at 5 different measuring points (position 0, position 1, position 2, 

position 4 and position 5 as shown in Fig. 3.9B) along the gradient direction on the BE5-MDSA. The 

XPS spectra of N 1s peak and S 2p peaks are shown in Fig. 3.12. Characteristic peaks from MDSA (N 

1s and S 2p) could be clearly identified in the spectra collected from position 1, position 2, position 4 

and position 5, while these peaks are absent in the spectra collected from position 0.  A chemical shift 

of  the S 2p doublet peaks toward higher binding energy (~ 168.5 eV) region was observed, suggesting 

the presence of sulfur in high oxididation states (in agreement with the SO4
- group in MDSA).134 To fit 

the S 2p peak, the background due to the scattered photoelectrons was first subtracted using the 

Shirley method. Then, the S 2p peak was fitted with Voigt peak profiles in accordance with reference 

data  (spin-orbit splitting 1.18 eV, peak ratio 2 : 1).135 The low FWHM (Full Width at Half Maximum) 

of the fitted peaks indicated that only a single sulfur species was on the surface. The presence of the S 

2p and N 1s peaks demonstrated that the BE5 surface was successfully modified with MDSA by 

photografting. Moreover, the intensities of the N 1s or S 2p emission  increases gradually from the 
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spectra taken at position 0 to the spectra taken at position 4, which indicates the formation of the 

gradient in grafting density. To further confirm this, a quantitative analysis was performed. The 

quantitative evaluation of the spectra was performed by determining the areas of C 1s, O 1s, S 2p and 

N 1s peaks and dividing them by appropriate photoionization cross sections136. The results are listed in 

Tab. 3.4. As can be seen from the table, the S 2p / C 1s ratio on the surface increased from position 0 

to position 4, confirming the formation of the gradient on BE5-MDSA. A slightly lower S 2p / C 1s 

ratio was observed on position 5 than on position 4. This could be caused by  the drying out of the 

grafting mixture at the end of the surface (e.g. position 5) during photografting, which would decrease 

the efficiency of photografting. The calculated O 1s / C 1s ratio on the surface was close to the 

stoichiometric ratio of oxygen to carbon in BMA (1:4). This could be because of the enrichment of 

BMA component on the sunrface of polymer globules due to the phase separation during 

polymerization. 

  

Figure 3.12: X-ray photoelectron spectroscopy (XPS) spectra taken at different measuring points 

(positions 0, 1, 2, 4 and 5, as shown in Fig. 3.9) of the BE5-MDSA surface. (A) S 2p peak; (B) N 1s 

peak.  
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Table 3.4: Surface composition on different measuring points of the BE5-MDSA surface. 

Measuring point O 1s : C 1s S 2p : C 1s N 1s : C 1s 

0 0.210 0 0 

1 0.243 0.007 0.011 

2 0.234 0.021 0.021 

4 0.279 0.036 0.031 

5 0.280 0.031 0.024 

 

  

Figure 3.13: (A) Static water contact angle and the normalized S 2p peak area measured at different 

positions along the gradient direction on the BE5-MDSA surface. Water contact angles were measured 

on at least three samples and the measurements were repeated 3 times on each sample. The values 

reported here are the averages of the results from individual measurements. The error bars represent 

the standard deviations. (B) SEM images of the BE5-MDSA surface along the gradient direction 

(scale bar 1 µm).  

Water contact angles of the BE1-AMPS, BE1-MDSA, BE1-META, BE5-AMPS and BE5-META 

surfaces were also measured. The measured water contact angles are listed in Table 3.5 and Fig. 5.13. 

For the BE5-MDSA surface, the static water contact angle of the surface is 113.8 ± 3.3° on the part 

without photografting (position 0) After ~ 1 min of photografting with MDSA, the BE5 surface 

became hydrophilic and the static water contact angle decreased to 21.5 ± 6.5° at position 6 on the 

BE5-MDSA surface. The gradual decrease of the static water contact angle on the BE5-MDSA surface 
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along the gradient direction (from position 1 to position 6) indicates the formation of a gradient of the 

functional group density on the surface. It should be noted that the surface wettability depends on both 

surface morphology and surface chemistry. For BE1-AMPS, BE1-MDSA, BE1-META, BE5-AMPS 

and BE5-META surfaces, similar changes in the water contact angles along the gradient directions 

were also observed (see Tab. 3.5).  

Table 3.5: Static water contact angles on different positions of BE1-AMPS, BE1-MDSA, BE1-META, 

BE5-AMPS, BE5-MDSA and BE5-META surfaces. 

Surface  
Static WCA 

at Position 0 
/ ° 

  Static WCA 
at Position 1 

/ ° 

Static WCA 
at Position 2 

/ ° 

Static WCA 
at Position 3 

/ ° 

Static WCA 
at Position 4 

/ ° 

Static WCA 
at Position 5 

/ ° 

Static WCA 
at Position 6 

/ ° 
     

BE1-AMPS 136.8±3.0 133.6±4.9 128.8±3.7 126.9±5.5 123.8±4.6 111.9±11.8 113.0±4.8 

BE1-MDSA 138.0±1.7 121.0±11.8 0 0 0 0 0 

BE1-META 136.5±3.8 132.5±6.6 122.1±9.9 0 0 0 0 

BE5-AMPS 112.6±4.1 108.2±4.2 61.9±9.4 32.7±7.6 26.3±7.2 26.5±5.2 28.9±2.7 

BE5-MDSA 113.8±3.3 73.2±6.4 50.3±6.7 37.6±9.2 33.6±6.5 31.5±9.1 21.5±6.5 

BE5-META 111.4±1.0 100.4±15.2 61.7±9.8 45.2±14.2 40.3±18.7 36.7±16.8 39.8±16.4 

 

3.2.4 The impact of surface morphology and surface chemistry on HT-1080 cell morphology  To 

examine the impact of surface morphology on the HT-1080 cells, BMA-EDMA surfaces with different 

morphologies (BE1 and BE5) were used to study the cell behavior on these surfaces.  Hydrophilic 

HEMA-EDMA surfaces (HM and HN) were also used. Cell staining and culture experiments in this 

section were performed by Barbara Kwiatokowska (ITG, KIT). On the glass slide, the HT-1080 cells 

originated from the human fibrocarcinoma exhibit typical fibroblast-like morphology, which is 

characteristic for the cells of mesenchymal origin (Fig. 5.4). The cells kept bipolar orientation and 

formed pronounced lamellipodia.137 HT-1080 cells grown on the BE1 surfaces exhibited aberrant 

morphology and only few cells were observed on the surface after 24 hours. In comparison, HT-1080 

cells on the BE5 surface maintained normal cell morphology. Neither HM no HN surfaces were able 

to support cell growth. Cells were rounded with apoptotic-like nuclei and reduced cytoplasma volume 

on HM and HN surfaces. To sum up, hydrophilic HEMA-EDMA (both HM and HN) surfaces were 

not suitable for HT-1080 cell growth. Hydrophobic BE5 surface could well support HT-1080 cell 

growth without changing the morphology of the cells.138  

Next, the impact of surface chemistry on the HT-1080 cell growth was studied using the surfaces with 

gradient densities of functional groups. Independent of the grafting time, cells on the BE1-AMPS 

surfaces had fibroblast-like appearance, similar to the cells on the glass slides. Cells exhibited spindle-

shape asymmetric morphology with extended lamellipodia and filopodia, suggesting their high 

migratory ability. Thus, the phenotype of the HT-1080 cells on the BE1-AMPS surface remained 
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unchanged (Fig. 5.5(A)). In contrast, HT-1080 cells grown on BE1-MDSA surfaces exhibited a 

different morphology. The cells had round shape on the whole BE1-MDSA surfaces (Fig. 5.5(B)). It 

can be observed that the cells built cell-cell contacts and formed compact colonies on the surface. In 

addition, reduction of cytoplasma volume and stress-fibers was observed. Instead of lamellipodia, cells 

formed numerous filopodia, distributed around a cell, suggesting reduced migration activity and 

increased cell-matrix adhesion. It is clear that the presence of the zwitterionic functional groups on the 

BE1-MDSA surface interfered with the fibroblast-like phenotype, and possibly impairing cell 

migration. The molecular mechanism of this action should be further analyzed. HT-1080 cells grown 

on the BE1-META surfaces were examined. Only few cells could be detected on the surfaces 24 hours 

after seeding, suggesting reduced cell survival on the BE1-META surface. The remaining cells 

exhibited aberrant morphology. The effect was more pronounced with the increase of grafting time 

(Fig. 5.5(C)). On the parts corresponding to 3.5 min and 5 min of META grafting, cells possessed low 

volume of cytoplasm and no stress-fibers could be detected. The cells were rounded and formed 

filopodia. On the BE5-AMPS surface (Fig. 5.5(D)), HT-1080 cells acquired morphology similar to the 

cells grown on the glass slides. Increase of AMPS density (increase of grafting time) led to the change 

of cell phenotype and inhibition of the lamellipodium formation. Instead, the cells formed multiple 

filopodia, suggesting that AMPS might have an impact on cell migration.  By grafting the BE5 surface 

with AMPS for 5 min, only few cells were detected on the surface. HT-1080 cells on the BE5-MDSA 

surfaces showed similar behavior to those cultured on the BE5-AMPS surfaces (Fig. 5.5(E)). HT-1080 

cells grown on the BE5-META for more than 3.5 min of grafting developed slightly different rounded 

morphology. Similar to the cells grown on the BE1 surface, cells formed multiple filopodia and 

colonies.138 As shown in Fig. 5.6(A), AMPS grafted hydrophilic macroporous HEMA-EDMA surface 

(HM-AMPS) did not support cell growth and increased grafting time led to the abrogation of the cell 

growth. Remaining cells revealed aberrant morphology of the nuclei, suggesting apoptosis induction. 

The HT-1080 cells grown on the HM-MDSA surfaces formed multiple filopodia and had slightly 

rounded form as compared to the cells grown on the glass slides (Fig. 5.6(B)). HM-META surfaces 

led to the abrogation of cell growth (Fig. 5.6(C)). Stained nuclei revealed pro-apoptotic morphology. 

Single cells could be detected on the positions grafted for 5 minutes. HT-1080 cells grown on the HN-

AMPS surface revealed slightly rounded morphology with numerous extensions of filopodia (Fig. 

5.6(D)). Cells on HN-MDSA surfaces had slightly rounded form and possessed multiple filopodia (Fig. 

5.6(E)). The HN-META surface led to the aberrant morphology and deformed nuclei of the cells 

cultured (Fig. 5.6(F)).138  

3.2.5 The impact of surface morphology and surface chemistry on HT-1080 cell adhesion 

To examine the impact of surface properties, such as surface morphology and surface chemistry on 

HT-1080 cell adhesion, the HT-1080-eGFP cells, generated by a stable transfection of HT-1080 

human fibrosarcoma cells with eGFP (enhanced green fluorescent protein), were used for the adhesion 

assay. It was found that the number of adhered HT-1080 cells on the BE1 surface and BE1-AMPS 
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surface was similar to that on the uncoated control glass surface (Fig. 5.7(A)). In comparison, the cell 

adhesion on BE1-MDSA surface was reduced. HT-1080 cell adhesion on the BE1-META surface was 

improved in the part corresponding to shorter photografting time. With the increase of the 

photografting time, the cell adhesion was reduced on the BE1-META surface. Next, BE5 surfaces 

grafted with different monomers were tested (Fig. 5.7(B)). Interestingly, 1 min grafting led to an 

increased cell adhesion for all the grafted BE5 surfaces. On the surfaces grafted for 2.5 min, 

significant differences were observed among the grafted BE5 surfaces. Three fold higher amounts of 

cells, as compare to the glass slide, were detected on the surface grafted with META for 2.5 min. HM 

and HN surfaces grafted with different monomers were also tested. The HT-1080-eGFP cells seeded 

on the HM surfaces revealed similar adhesion in each monomers group (Fig. 5.7(C)). The strongest 

cell adhesion was observed on the HM surface. The HM-MDSA surface inhibited cell adhesion. Cell 

adhesion on the HN surface was similar as on the HM surface. To summarize, the HT-1080 cell 

adhesion was greatly improved on the BN-META surface. In addition, cell adhesion on the AMPS-

grafted surfaces was constant and comparable, independent of the surface morphology.138 

3.2.6 Summary 

The impact of surface morphology and surface chemistry on the HT-1080 fibrosarcoma cells was 

investigated using photografted porous polymethacrylate surfaces with different morphologies. To 

facilitate and accelerate this investigation, gradients of functional group density were introduced on 

the surfaces. Results from the cell experiments show that [2-(methacryloyloxy) ethyl]dimethyl-(3-

sulfopropyl)ammonium hydroxide (MDSA)grafted (grafting time 3.5 min) nanoporous BMA-EDMA 

(BE5) surface supported HT-1080 cell growth and induced severe change in the cell morphology. It 

was previously shown that a MDSA coating has an apparent biological activity and can affect 

behavior of different cell types cultured on the coating.118, 130 The observed morphology change of HT 

1080 cells on MDSA grafted BE5 might be triggered by the interactions with the MDSA groups, More 

experiments need to be performed to understand the molecular mechanism for this change. The results 

also suggest that the method developed in this study for creating surface gradients can be useful for the 

screenings of the effect of surface properties on cell behavior. 
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3.3. Slippery liquid infused porous surface for antibacterial and marine antifouling applications 

3.3.1 Slippery liquid infused porous surfaces (SLIPS): background 

Inspired by the Nepenthes pitcher plants, the concept of slippery liquid infused porous surface was 

introduced by the Aizenberg group.139 These surfaces were prepared simply by infusing a hydrophobic 

and water immiscible liquid into a nanoporous or microporous surface. By carefully matching the 

surface energy of the porous substrate and that of the liquid, slippery surfaces with high repellency 

against water, ice, oil and other liquids can be obtained.139 Self-healing properties of the surface and its 

good stability under high pressure were also demonstrated.139 Arrays of nanoposts functionalized with 

perfluoroalkyl silane and commercially available Teflon nanofibers were used as the porous 

substrate.139-143 As for the lubricant liquid, low surface tension perfluorinated liquid (for example 3M 

Fluorinert FC-70 and DuPont’s Krytox oils) were used. 139-143  

Owing to the high omniphobicity and slippery properties, SLIPS were expected to be applicable in the 

fields such as antibacterial and self-cleaning surfaces. Aizenberg et al. investigated the bacterial 

adhesion on the liquid infused porous surface144 and they showed that the SLIPS prevented 96.6%, 

97.2% and 96% of Pseudomonas aeruginosa, Staphylococcus aureus and Escherichia coli biofilm 

attachment, respectively. It was also reported that the SLIPS showed much better antibacterial 

properties than a PEGylated surface. 

The liquid infused surface introduced by Aizenberg group was based on rough fluorinated nano-

structured silicon or porous Teflon substrates. These substrates are relatively difficult to fabricate and 

expensive. In the following two subsections (3.3.2 and 3.3.3), preparation, characterization and 

applications of novel liquid infused surfaces based on hydrophobic porous polymethacrylate surfaces 

are described. Different slippery liquids are used in this section (Tab. 3.6). The antibacterial properties 

(Section 3.3.2.) and marine antifouling properties (Section 3.3.3) of the prepared surfaces are 

investigated.  
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Table 3.6: Name and properties of the slippery liquids used for the preparation of SLIPS. 

Commercial Name Chemical Name 
Kinematic Viscosity 

(cm2/s)1 
Chemical Structure 

Fluorinert® FC-70 perfluorotri-n-pentylamine 0.12 (at 25°C) 

 

Krytox® GPL 100 
poly(hexafluoropropylene 

oxide) 
0.12 (at 20°C) 

 

Krytox® GPL 103 
poly(hexafluoropropylene 

oxide) 
0.82 (at 20°C) 

 

 

3.3.2 Antibacterial properties of the slippery liquid infused porous surface 

A biofilm represents a sessile community of bacteria in which the microorganisms benefit from 

metabolic exchange, genetic flexibility, and protection.145 The formation of biofilms of single bacterial 

species or mixed bacterial populations has been a natural evolutionary development with several 

selective advantages for the involved organisms.146-147 One of such advantages is that bacteria are able 

to form biofilms in a wide variety of natural and anthropogenic environments and on all kinds of 

technical, medical or biological surfaces being in contact with water.148-149 Thus, infections associated 

with biofilm growth on prostheses, catheters, and heart valves are an immense problem in medicine. In 

addition, biofilm resistance against antibiotics, disinfectants, and biocides is much stronger than that of 

planktonic bacteria, making biofilm removal more difficult. On technically used surfaces, the same 

resistance of mature biofilms against antimicrobial substances makes removal of biofilms, efficient 

disinfection or long-term elimination of mature biofilms either impossible or very difficult.147, 149 This 

makes surface coatings capable of preventing formation of biofilms before their maturation one of the 

most promising solutions to the biofilm associated problems.  

During the last decade, a lot of research on the development of coatings for preventing biofilm 

formation has been done.150 Coatings “actively” releasing antibacterial compounds such as 

antibiotics,151-155 silver nanoparticles or silver ions,156-159 antibacterial antibodies160 or nitric oxide161-162  

have been reported. The primary advantage of active antibacterial surfaces is that delivering of 
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antibacterial agents takes place directly from the surface. The disadvantage is that the release rate of 

agents is usually uncontrolled and decreases with time.163  Another strategy for preventing biofilm 

formation is based on the bacterial resistant properties of either hydrophilic polymers such as 

poly(ethylene glycol),164 poly(ethylene oxide) brushes,165  and hydrophilic polyurethanes166  or 

zwitterionic molecules.167-168 Passive antibacterial surfaces based on toxic materials,169-175 chitosan,176 

polyethylenimine derivatives177 or antimicrobial peptides129, 178 and some other antimicrobial 

compounds179  have been also reported. Surface physical characteristics, such as surface topology or 

elasticity (or combination of the physical properties with surface chemistry), have also been used to 

resist the biofilm formation.180-181  The major problem of both passive and active coatings is that 

adhered “conditioning” layer of proteins and dead bacteria179 eventually leads to the loss of bacterial 

resistant properties making such coatings active for only limited period of time. Thus, to achieve long-

term biofilm resistance, an easy detachment of the adhered conditioning layer is essential. These 

serious problems underline the strong demand for more efficient antibacterial coatings that can prevent 

initial bacterial adhesion and remove already adhered bacteria. 

3.3.2.1	Morphology	and	stability	of	the	slippery	porous	polymethacrylate	surface	

The slippery BMA-EDMA surface was prepared by applying the poly(hexafluoropropylene oxide) 

(PFPE) liquid (Krytox GPL 103) on the porous BMA-EDMA surface. The PFPE liquid spread 

instantly and formed a fluid layer on top of the porous polymer film (Fig. 3.15A). The BMA-EDMA 

structure is a highly interconnected network of polymer globules as shown in section 3.1.2. Such 

micro-textured hydrophobic substrates with large surface area could effectively assist the infusion and 

stabilization of the liquid lubricants. 

It was shown that the property and the stability of the liquid infused porous surface depended partly on 

the porous properties of the underlying porous substrate.143, 182 Therefore, the BE1 surfaces and BE5 

surfaces (see Fig. 3.1) were used for the construction stability test of the Krytox 103 infused BE1 and 

BE5 surfaces. Krytox 103 infused BE1 and BE5 surfaces were denoted as BE103 and BE5-103, 

respectively. BE103 and BE5-103 were incubated in water under shaking conditions (50 rpm) for 48 

hours. The water contact angles of the surfaces were measured before and after incubation. After PFPE 

infusion, the BE1 surface and BE5 surface showed similar static water contact angles (Fig. 3.14). 

However, the BE5-103 surface showed large water contact angle hysteresis (~ 46°), suggesting poor 

slippery properties of the surface. The large water contact angle hysteresis of the surface could be 

resulted from the inhomogeneous liquid infusion and coating of the surface. In comparison, the BE103 

had a low water contact angle hysteresis (~ 6°) and good stability in water under shaking conditions. 

The BMA-EDMA surface with larger globule size and pore size (BE1) is more suitable and was hence 

used for construction of the slippery surface in the following experiments.  
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Figure 3.14: Water contact angles on the BE103 and BE5-103 surfaces before and after incubation in 

water for 48 hours under shaking conditions (50 rpm).  

 

Figure 3.15: (A) Schematic representation of the fabrication of BE103 by infusion of the porous 

polymer (BE1) with a poly(hexafluoropropylene oxide) fluid. (B) Cross section (scale bar 100 µm) 

and surface (inset, scale bar 2 µm) SEM micrographs showing the morphology of the porous structure 

of the BMA-EDMA surface (BE1). (C) Reconstructed X-ray propagation phase contrast tomography 
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image showing the cross section of BE103 surface under water.183-184 The liquid PFPE layer is visible 

on the surface of the porous BE1 (scale bar: 100 µm in the image and 20 µm in the inset). 

X-ray phase contrast tomography was for the first time used to investigate the morphology of the 

BE103 surface under water.183-184 The imaging experiments were performed with Yin Cheng (IPS, KIT) 

and Heikki Suhonen (ESRF). The imaging reconstruction was done by Yin Cheng and Heikki 

Suhonen. The reconstructed phase-contrast images (Fig. 3.15C) clearly show that the PFPE liquid 

filled the pores of BE1 and an additional PFPE liquid layer was stabilized on top of the rough BE1. 

The average thickness of the PFPE liquid layer is ~ 4-5 μm, as observed from the reconstructed X-ray 

propagation phase contrast tomography images.184 

Static, advancing, and receding water contact angles (WCA) of the surfaces were measured to 

characterize the wettability and stability of the surfaces. The WCA hysteresis (the difference between 

the advancing contact angle and receding contact angle) was also calculated. From the perspective of 

thermodynamics, the WCA hysteresis originates from the fact that there are multiple local minima 

points in the Gibbs energy curve for a droplet on a real surface.59-60 Therefore, many metastable 

apparent WCAs exist on a real surface. The theoretical advancing WCA is defined as the highest angle 

for which there is a local energy minimum and the receding WCA is defined as the lowest angle with a 

local energy minimum.60 The apparent WCA (the measured advancing WCA) is usually lower than the 

theoretical advancing WCA because of the existence of an energy input, such as vibration of the 

system, which helps to overcome the energy barriers to a certain level. Similarly, the apparent 

receding WCA (the measured WCA) is higher than the theoretical one.60 Surface 

inhomogeneity/defects are believed to be the cause for contact angle hysteresis185 and the amplitude of 

the hysteresis is dependent on the number 57 and the wettability of the defects186. Thus, contact angle 

hysteresis changes on the surface can be correlated to the changes in surface chemistry and 

morphology.187 The water contact angle measurements showed that static water contact angle 

decreased from ~ 133 ± 3° on the BE1 to ~ 114 ± 2° on the BE103 surface (Fig. 3.16). The WCA 

hysteresis at the same time dropped from ~58 ± 4° on BE1 to only ~ 12 ± 2° on the BE103 surface, 

confirming formation of a PFPE superficial layer on top of the porous BE1 that was visualized by X-

ray tomography. The WCAs also agree with the values obtained on other SLIPS surfaces where the 

same PFPE fluid was used.188  To test the stability of the surface under the experimental conditions, 

the static WCA and WCA hysteresis changes were evaluated during the incubation of the surface in 

both BM2 mineral medium and in high nutrient medium (1:4 BHI broth). The stability of the BE103 

surface was compared to the non-infused BE1. The BE103 were incubated in sterile BM2 mineral 

medium and in sterile high nutrient medium in Petri dishes for 7 days. The sterile incubation medium 

was replaced every day to avoid bacterial contamination and subsequent growth. The water contact 

angles of the surfaces were measured before and after the incubation. The surfaces were carefully 

washed with DI water and then dried in air before the water contact angle measurements. Figure 3.15 
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shows that WCAs on BE103 remained unchanged after the incubation. However, the static WCAs of 

the porous BE1 (without PFPE liquid infusion) decreased from 133 ± 3° to 120 ± 5° and the WCA 

hysteresis increased greatly from 58 ± 4° to 120 ± 6° after 7 days incubation in the BM2 mineral 

medium. BE1 incubated 7 days in high nutrient medium also showed similar changes. These results 

indicate that the infusion of the porous BE1 with the PFPE fluid significantly improves its long-term 

stability in aqueous conditions. Stability experiments performed under flow conditions showed similar 

results (Fig. 3.17).  

 

Figure 3.16: Water contact angles on the BE103 and the non-infused porous BE1 before and after a 7 

days incubation in BM2 mineral medium and in high nutrient medium.  
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Figure 3.16: Water contact angles on the BE103 and the non-infused porous BE1 before and after 7 

days incubation in BM2 mineral medium flow condition. Flow rate: 0.94 ml/min. 

The WCA changes of the BE1 may be attributed to the hydrolysis of the ester bonds on the surface 

and deposition of the components from the medium. To prove this, XPS and Raman measurements 

were performed. Characteristic peaks from sodium, nitrogen and chloride were observed in the XPS 

survey spectra of the BE1 surface incubated in high nutrient medium (Fig. 3.18). These peaks were 

absent in the spectrum of the untreated BE1. The results suggest the deposition of the components 

(such as salts and proteins) from the high nutrient medium on the BE1 after 7 day incubation of BE1 

in rich medium. It was observed that the peak area of the C=O bond increased (Fig. 3.19A) after 

incubation of the BE1 in high nutrient medium. Besides, the presence of O 1s peak corresponding to 

the hydroxyl group (HO-C) was also observed from the high resolution O 1s spectrum (Fig. 3.19B). 

These results indicate either the hydrolysis of the ester bond in the BE1 or deposition of the proteins 

from the rich nutrient medium. Deposition of the components from the high nutrient medium on the 

BE1 was also demonstrated using Raman spectroscopy (Fig. 3.20). The Raman peaks at ~ 1530 cm-1 

and ~ 1160 cm-1 189 in the spectra of the surface after incubation in high nutrient medium are from the 

C=C bond in the lipoproteins. The presence of these peaks indicates the deposition of lipoproteins 

from the high nutrient medium on the BE1. In contrast, no obvious changes were observed on the XPS 

spectra of the BE1 incubated in BM2 mineral medium. The reason for this could be that only small 

portion of ester groups is actually hydrolyzed on this surface. The fact of strong decrease of the water 

contact angles on this surface is not surprising because even partial hydrolyzation of a highly rough 

surface can lead to a drastic change in wettability. 
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Figure. 3.18: XPS survey spectra of the high nutrient medium incubated BE1, BM2 mineral medium 

incubated BE1 and as-prepared BE1. The XPS spectra were obtained using the VG SCienta R4000 

UHV-IR/XPS spectrometer (Bruker, Karlsruhe, Germany). 

 

 

Figure 3.19: XPS high resolution (A) C 1s spectra and (B) O 1s spectra of the BE1 surface incubated 

with the high nutrient medium (blue line), BE1 surface incubated in BM2 mineral medium (red line) 

and the untreated BE1 surface (black line).  
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Figure 3.20: Raman spectra of the BE1 before (black line) and after 7 days incubation in BM2 mineral 

medium (red line) or high nutrient medium (blue line). 

3.3.2.2	Biofilm	formation	of	P.	aeruginosa	strain	PA49	on	the	BE103	

Bacterial adhesion on the BE103 was studied in a plug flow biofilm reactor, through which the 

bacterial suspensions were continuously perfused by a peristaltic pump. Two different bacterial culture 

medium, the BM2 mineral medium and high nutrient medium (1:4 BHI broth), were used for the 

experiments. The flow rate of the bacterial culture medium in the biofilm reactor was 0.94 mL/min. 

The BE1 (non-infused) and glass slides were tested as well for comparison. The overnight cultures 

were diluted with medium to 108 CFU/mL and used to start biofilm cultivation. After 7 days or 14 

days culture in the biofilm reactor, the surfaces were stained (with CTC and DAPI) and analyzed using 

fluorescence microscopy with subsequent software mediated data analyses.  

The biofilm formation of P. aeruginosa strain PA49 on the BE103 was first tested. After 7 days 

exposure in BM2 mineral medium, DAPI and CTC staining analyses were performed to evaluate the 

total cell counts and respiratory active cell counts, respectively. Only a few respiring bacteria had 

adhered on the BE103, while massive biofilm coverage was observed on the glass slides. In both cases, 

loosely attached bacteria were removed by washing with sterile medium to discriminate between the 

attached and planktonic bacteria. The fluorescence images are shown in Fig. 3.21. The BE103 

prevented up to 97.6 % of P. aeruginosa PA49 biofilm formation compared to the glass slides over 7 

days period in BM2 mineral medium. The BE103 demonstrated bacterial coverage of 1.8 ± 0.8 % of 

the area under investigation in three independent experiments. In contrast to these low coverage data, 
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the glass slides exhibited surface coverage of 32.8 ± 11.7 % and a maximum value of 98.6 ± 9.8 % 

(Table 3.7A-C). Even a 14 days incubation period with an identical setup confirmed the previous 

results with a bacterial surface coverage of 8.2 ± 4.8 % on the BE103 and 24.2 ± 8.3 % on the glass 

slides (Tab. 3.7D).  

 

Figure 3.21: Fluorescence micrographs of (A) BE103 and (B) glass slide after 7 days surface 

exposure in BM2 mineral medium (flow rate: 0.94 mL min-1) of P. aeruginosa strain PA49 stained 

with CTC (red) and DAPI (blue).184 Scale bar 50 µm. 

Table 3.7: Comparison of the bacterial surface coverage on the BE103 and on glass slides with 

environmental wastewater P. aeruginosa strain PA49 in BM2 mineral medium (flow rate 0.94 mL 

min-1) for 7 days (A-C) and 14 days (D) incubation period.184 Data from each independent experiment 

are listed.  

 Surface coverage in % 

 BE103 glass slide (control)         

A 0.8 ± 0.5 33.0 ± 10.6 

B 0.8 ± 0.3 32.6 ± 12.8 

C 3.9 ± 1.6 98.6 ± 9.8 

D 8.2 ± 4.8 24.2 ± 8.3 

 

3.3.2.3	 Biofilm	 formation	 of	 different	 strains	 of	 P.	aeruginosa	 on	 the	 BE103	 in	 high	 nutrient	

medium	

To test the generality of the slippery surfaces, the bacterial adhesion of different P. aeruginosa strains 

was also studied in high nutrient medium (1:4 BHI broth) with identical flow conditions. The bacterial 

adhesion of the laboratory reference strain P. aeruginosa UCBPP-PA14 (PA14) was compared to the 

environmental strains P. aeruginosa PA30, P. aeruginosa PA910, and P. aeruginosa PA49 (Tab. 3.8), 

previously isolated from wastewater effluents.190  

A B 
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In accordance with experiments using BM2 mineral medium, only single cells or micro-colonies of the 

reference strain P. aeruginosa PA14 were observed on BE103 when high nutrient medium (1:4 BHI 

broth) was used for the 7 days exposure period (Tab. 3.8). These results confirmed the observation 

from Epstein et al.144 The P. aeruginosa environmental strains PA30 and PA910 showed similar 

results to the P. aeruginosa strain PA14 on the BE103. The multi-resistant environmental P. 

aeruginosa strain PA49 exhibited, however, a significantly increased colonization of the BE103: 11.96 

± 6.27 % (Tab. 3.8), which was about 13 times higher than the coverage values measured for the 

reference strain P. aeruginosa PA14 and almost two times higher than the PA49 occupied the 

reference glass slide. These results clearly show that the biofilm formation of P. aeruginosa on the 

BE103 was strain dependent. Much higher bacterial coverage was found on BE1 (non-infused) 

surfaces and glass slides (Tab. 3.8). The bacterial coverage on glass surfaces was much lower in BHI 

high nutrient medium compared with those in the low nutrient BM2 mineral medium (Tab. 3.8). It 

could be speculated that these differences in the glass controls might be because that the media 

dependent surface conditioning changed the adhesion behavior of the P. aeruginosa strains under 

investigations. Therefore, it is more conclusive to compare separately the different P. aeruginosa 

strains and their biofilm formation on each surface to exclude media dependent side effects. The good 

stability of the BE103 in high nutrient medium indicates that the effect of the culture medium on the 

PA49 biofilm formation on the BE103 is not due to the instability of the BE103.  

Table 3.8: Comparison of the bacterial surface coverage of different P. aeruginosa strains on the 

BE103, on the glass slides and on BE1 after 7 days culture (in 1:4 BHI broth, flow rate: 0.94 mL min-

1).184 

Bacterial type  
Surface coverage in % 

BE103 glass slide   BE1  

P. aeruginosa PA14 0.92 ± 0.33 2.14 ± 0.5 2.43 ± 0.89 

P. aeruginosa PA30 1.95 ± 1.19 2.45 ± 0.16 86.27 ± 4.52 

P. aeruginosa PA910 0.87 ± 0.25 2.28 ± 0.37 1.52 ± 0.15 

P. aeruginosa PA49 11.96 ± 6.27 6.45 ± 1.87 36.34 ± 14.21 

    

3.3.2.4	Toxicity	tests		

To demonstrate that the prevention of the biofilm adhesion on the BE103 was not caused by toxicity 

of the PFPE liquid, the impact of PFPE liquid on the bacterial growth was tested. The toxicity test with 

PFPE liquid showed that the fluorinate polymer itself did not have an antimicrobial effect. In BM2 

mineral medium with up to 12.5% PFPE liquid, the bacteria showed the same growth kinetics as that 

in pure BM2 mineral medium. Up to 4 hours, no increase in CFU/mL was observed. After 22 hours in 

all samples bacterial concentrations of ~ 3.8*108 ± 8.3*107 CFU/mL were reached (Tab. 5.1). 
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3.3.2.5	 Effect	 of	 components	 in	 the	 bacterial	 culture	 medium	 on	 the	 biofilm	 formation	 of	 P.	

aeruginosa	on	the	surface		

To analyze the effect of the components of the high nutrient medium on the bacteria adhesion, the BE1 

was preincubated for 48 hours in high nutrient medium (1:4 BHI broth) and subsequently used for the 

bacterial adhesion assay of PA 49 strain for 7 days in BM2 mineral medium. The preincubated BE1 

was only slightly covered with respiring, CTC active bacteria. Based on these results, no differences of 

the bacterial surface coverage between the BE1 and the preincubated BE1 were observed. The 

preincubated BE1 exhibited biofilm coverage of 0.84 ± 0.26 % of the surface, the slippery BE1 

without 48 hours of preincubation showed a coverage of 1.3 ± 0.18 %. The surface coverage on glass 

slides is three fold higher (6.6 ± 1.38 %). These results indicate that the stronger bacterial occupation 

of the BE1 surface observed in the high nutrient medium was not caused by the modification of the 

BE1 surface through the interaction with rich medium but was rather the result of a different behavior 

of the bacteria in the two media: high nutrient and the mineral BM2. 

In this section, a novel PFPE liquid infused porous polymer surface based on a porous BE1 with 

slippery properties and long-term stability in aqueous environments was demonstrated. We have 

shown that the BE103 prevented biofilm formation of different strains of opportunistic pathogen P. 

aeruginosa up to 7 days in low nutrient medium. In contrast, in high nutrient medium, the biofilm 

formation on the BE103 was highly strain dependent. The BE103 also exhibited antibacterial 

properties against laboratory reference clones of P. aeruginosa and most of the environmental P. 

aeruginosa strains studied. However, the antibiotic and multi-resistant P. aeruginosa isolate PA49 was 

able to form dense biofilms on the BE103 in the presence of high nutrient milieu. Although the results 

confirmed the superior antibacterial behavior of BE103, they, at the same time, point to a limit in 

applications of such surfaces. The difference in biofilm formation between the laboratory reference 

strains and the environmental P. aeruginosa strains was attributed to their specific genotypic 

background. Finally, our results emphasize the importance of comparing different bacterial strains 

(both wild type and laboratory strains) as well as different experimental conditions when evaluating 

antibacterial properties of novel surface coatings. 
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3.3.3 Marine antifouling properties of the slippery porous polymethacrylate surface 

Fouling associated with marine organisms not only causes tremendous economic lost191 but also poses 

a threat to the ocean environment.192 Surface coatings capable of preventing marine fouling are greatly 

desired. Biocides (such as tributyltin oxide) based surfaces were widely used as antifouling surfaces. 

Although these surfaces have been shown to be efficient in antifouling, the applications of these 

surfaces are restricted because of their adverse ecological effects.193 Novel non-biocidal antifouling 

surfaces have been developed recently. One of the popular non-biocidal antifouling surfaces is the 

poly(dimethylsiloxane) (PDMS) elastomer based surface.194-197 PDMS has very low surface energy, 

low elastic moduli and thus good fouling release property.198 It was reported that these surfaces 

showed good antifouling properties when a “bio-inspired” surface topography was introduced onto the 

surfaces.199-202 The amphiphilic203 or zwitterionic204 polymer surfaces have been also used as marine 

antifouling surfaces recently. Despite of these advancements, the development of a robust antifouling 

surface is still challenging. To achieve an efficient non-biocidal marine antifouling surface, different 

aspects of the surface property such as morphology, chemistry, elasticity and lubricity should be 

carefully designed.205 In this section, the interactions between slippery BMA-EDMA surfaces and 

marine fouling organisms are investigated to gain a better understanding of the antifouling properties 

of the newly developed surfaces. The motile spores (zoospores) of the marine macroalga (seaweed) 

Ulva linza and cypris larvae of the barnacle Balanus amphitrite are used for the study. 

BMA-EDMA SLIPS surfaces are prepared in the same way as described in Section 3.3.2. The BE1 

surfaces (abbreviated as BE in this section) are used for preparation of slippery surfaces. Different 

liquids: poly(hexafluoropropylene oxide) (Krytox GPL 103 and Krytox GPL 100) and 

perfluorotripentylamine (Fluorinert FC-70) are used. The surfaces infused with Krytox GPL 103, 

Krytox GPL 100 and Fluorinert FC-70 are called BE103, BE100 and BE70, respectively. 
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3.3.3.1.	Stability	of	the	slippery	BMA‐EDMA	surface	in	artificial	seawater	

  

Figure 3.22: Water contact angles of different slippery BMA-EDMA surfaces and non-infused BMA-

EDMA surfaces as a function of the incubation time in artificial seawater (ASW) under shaking 

condition (50 rpm). The reported values are the means of nine measurements, with the error bars 

representing the standard deviations. 

The surface stability is important for practical applications of such coatings in marine environment. 

The stability of the surfaces was tested by incubating the substrates in ASW for up to 28 days under 

shaking condition. The surfaces were taken out from the ASW at certain time points and water contact 
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angles (static, advancing and receding water contact angles) were measured. As shown in Fig. 3.22, 

the water contact angles obtained on pristine BE surfaces decreased gradually with time. These 

changes in water contact angles of BE surfaces could be caused either by adsorption of components 

from the solution or by the slow hydrolysis of the ester bonds on the surface. In comparison, the water 

contact angles measured on the BE103 and BE100 surfaces remained unchanged for at least up to 7 

days of incubation in ASW (Fig 3.21). After 7 days, the receding water contact angle of the BE100 

and BE103 surfaces slightly decreased. The initial BE70 surface had a WCA of ~ 114° and very low 

water contact angle hysteresis (~ 6°) (Fig. 3.22). After 2 days of incubation, the static WCA of the BE 

70 surface increased slightly while the WCA hysteresis increased significantly. Considering the slight 

increase in static WCA of BE70 within 2 days of immersion, the possible explanation for this change 

is that the lubricant layer has been partially removed from the surface, making the surface rougher and, 

therefore, leading to the increase of the static WCA and larger WCA hysteresis. The further decrease 

of the static and advancing WCAs can be explained by the change of the surface chemistry of the 

BMA-EDMA porous surface caused by hydrolysis of the ester bonds in slightly alkaline environment 

(pH ~ 8.2, Instant Ocean). This behavior is obvious from the decrease of WCAs on the non-infused 

BE polymer surface exposed to ASW. 

Marine antifouling properties of the surfaces were tested and reported elsewhere.206 

3.3.4 Summary  

By infusing perfluorinated liquids into the BE1 surface, water-repellent slippery surfaces were 

obtained. It was proved that the poly(hexafluoropropylene oxide) (Krytox 103) infused BE1 surface 

(BE103) showed good stability in bacterial culture medium and artificial seawater. The superior 

antibacterial properties of BE103 surfaces were demonstrated. However, it was also shown that the 

antibacterial properties of BE103 surface are bacterial strain dependent. The antibiotic multi-resistant 

P. aeruginosa isolate PA49 was able to form dense biofilms on BE103 surface in presence of high 

nutrient milieu. The results also emphasized the importance of comparing different bacterial strains as 

well as different experimental conditions when evaluating antibacterial properties of novel 

antibacterial surface coatings. 

It was observed that the poly(hexafluoropropylene oxide) liquid layer was not homogeneously 

distributed and minor defects were identified on BE103 by X-ray tomography.183  The presence of 

these surface defects (polymer globules not covered by the PFPE liquid) may lead to the formation of 

the conditioning film and subsequent bacterial/marine fouling organism attachment on the surface. For 

the future studies of the antibacterial/antifouling properties of slippery BMA-EDMA surfaces, slippery 

surface with less defect sites, which might be achieved by reducing the roughness and increasing 

hydrophobicity of the surface matrix, should be tested.  
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3.4. Printable superhydrophobic-superhydrophilic micropatterns based on supported lipid 

layers. 

3.4.1 Background 

The ability to create superhydrophilic-superhydrophobic micropatterns and arrays is essential for a 

variety of applications ranging from microfluidics to cell microarrays and high-throughput screenings. 

Despite a lot of research done on the development of new superhydrophobic207-212 and 

superhydrophilic surfaces,213 creating precise and stable micropatterns of superhydrophilic and 

superhydrophobic areas has proven to be challenging. Plasma treatments have been commonly used to 

create hydrophobic-hydrophilic micropatterns on a hydrophobic surface.214-217 For example, 

Zimmermann et al.214 prepared superhydrophobic-superhydrophilic (SH-SL) micropatterns by 

spatially confined oxygen plasma treatment of the superhydrophobic silicone coating by using of a 

glass mask. This method is simple and straightforward. However, SH-SL micropatterns with sharp 

boundaries were difficult to achieve because effective shielding of the surface from the reactive 

plasma atmosphere is difficult. Construction of the SH-SL micropatterns using a soft-lithography 

technique was also reported.218-219 To achieve the SH-SL micropattern, Kang et al.219 selectively 

deposited of poly(dopamine) on the superhydrophobic anodic aluminum oxide surface through a soft-

lithography technique. Another method for the creation of the SH-SL polymer surface is the 

photoinitiated surface modification. The primary advantage of the photo-initiated surface modification 

is that they enable the precise spatial control of the modification simply by using a photo mask. Notsu 

et al. prepared SH-SL micropattern on a superhydrophobic surface using the UV triggered oxidation of 

the surface.220  Photoinitiated polymer surface grafting was also used recently in our group to create 

SH-SL micropatterns on the polymethacrylate surfaces.38, 40 Despite of these advances, facial and 

versatile methods for creating the SH-SL micropatterns on different substrates are still rare. In this 

section, a new and facile method for the modification of the superhydrophobic BMA-EDMA surface 

using phospholipid is described. SH-SL micropatterns are also prepared using the method. 

3.4.2 Modification of porous polymethacrylate surfaces with phospholipids 

In order to investigate the influence of the morphology of the porous structure on hydrophobicity, 

BMA-EDMA surfaces with different morphologies were prepared by varying the composition of the 

porogens present in the polymerization mixtures.  The average size of polymer globules of all prepared 

BMA-EDMA surfaces (BE1, BE3 and BE5, respectively) determined from SEM images were 1143 ± 

169 nm, 205 ± 58 nm and 112 ± 39 nm (Figure 3.23). Non porous BMA-EDMA surfaces (BE6) were 

also prepared by polymerization of a polymerization mixture without porogens.  

It is known that deposition of an amphiphilic lipid onto a hydrophobic surface can lead to formation of 

lipid mono- or multilayers depending on the conditions. Stable lipid layers have been formed on 

polystyrene,221 polyvinylchloride,222 alkanethiol modified gold,223-224 and silicon substrate.225 However, 

in most cases flat substrates have been used for lipid studies. In this section, I will show that simple 
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wetting of the porous BMA-EDMA surface with a 10 mg/mL ethanol solution of 1,2-Dioleoyl-sn-

glycero-3-phosphoethanolamine (DOPE) or 2-oleoyl-1-palmitoyl-sn-glycero-3-phospho-rac-(1-

glycerol) ammonium salt (POPG) transformed the surface into a highly hydrophilic surface only at the 

positions where the solution is applied. The water contact angles of the modified surfaces were 

measured after rinsing the surface with water and drying. The changes of static water contact angles 

after the POPG lipid modification of surfaces with different morphologies are shown in Figure 3.23E. 

The effect of surface morphology and porosity on the ability of lipid modification to make surfaces 

superhydrophilic is clearly seen from the figure. The water contact angle on porous surfaces drops 

significantly after the modification, while only a slight change is visible after modification of a 

nonporous surface. For further experiments on the superhydrophilic surfaces and preparation of 

superhydrophobic-superhydrophilic patterns we used surface with globule sizes of 205 nm (BE3), 

which showed the largest decrease of hydrophobicity after modification. 

 

Figure 3.23: (A) Schematic representation of switching from superhydrophobicity to 

superhydrophilicity by applying an “ink” containing a phospholipid on porous BMA-EDMA surfaces. 
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SEM images of the microporous structure of (B) superhydrophobic and (C) superhydrophilic porous 

BE3. (D) SEM images and images of water droplets on the BMA-EDMA surfaces with different 

morphologies (scale bars 1 µm; average sizes of polymer globules are indicated under SEM images). 

(E) Static water contact angles on BMA-EDMA surfaces with different morphologies before and after 

modification with the POPG lipid. Average sizes of polymer globules are indicated. 

 

 

Figure 3.24: X-ray photoelectron spectroscopy (XPS) spectra of BE3 before (black) and after 

modification with DOPE (red) as well as after washing with methanol (green). (A) N 1s signal; (B) P 

2p signal. 

The hydrophobicity switch is a result of the formation of a stable lipid layer on the hydrophobic 

surface of the polymer globules (Figure 3.23A), which was confirmed by XPS measurements (see Fig. 

3.24). The N 1s and P 2p peaks correspond to the amine group and phosphate group of the DOPE, 

respectively. Both the N 1s and P 2p peaks are clearly visible on the XPS spectrum of DOPE modified 

BE3. On the contrary, the BE3 surface without modification has no P 2p or N 1s peaks. These 

characteristic peaks were also not present in the spectrum of the DOPE modified BE3 which was 

washed after modification, suggesting that a simple washing process could remove most of the lipid 

molecules on the modified BE3. 

To verify the successful lipid modification on the surface, Time of Flight Secondary Ion Mass 

Spectrometry (ToF-SIMS) was used. ToF-SIMS is a highly sensitive characterization method for 

surface analysis and can be used for many types of materials and different sample forms.226 During the 

ToF-SIMS measurement, a pulsed ion beam is generated from the primary ion source (Bi cluster liquid 

metal in the current experiment) and used to bombarding the surface.227 Upon ion bombardment, 

electrons, photon and secondary ions are emitted from the surface and the produced secondary ions are 

used for surface characterization. Only secondary ions produced at the very outermost surface (~ 2-3 

monolayers) of the sample could overcome the surface binding energy and leave the sample.227 
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Therefore, ToF-SIMS is highly surface specific. The primary ion dose has to be well controlled to 

avoid damaging the sample.228 A Time of Flight (ToF) analyzer is used in ToF-SIMS because it allows 

for high resolution and parallel detection of ions of all masses. Secondary ion mass spectra are 

obtained by analyzing the mass to charge ratios (m/z) of the charged species from the fragments. ToF-

SIMS can be also used for high resolution (with lateral resolution down to 50nm) chemical 

mapping.228-230 For the ToF-SIMS test, a reference sample, BE3, a DOPE modified BE3 and a 

modified BE3 which was washed with methanol after modification were used. The reference sample 

was prepared by deposition of DOPE solution (in ethanol, 10mg/mL) on the gold coated silica wafer. 

The obtained spectra are shown in Fig. 3.25. After DOPE modification, characteristic peaks (e.g.: 

C41H77O8PN- at 742.5 and C18H33O2
- at 281.2) from DOPE could be clearly identified in the spectrum of 

modified BE3 while these peaks were absent in the spectrum of BE3. In addition, these characteristic 

peaks were also found in the spectrum of the modified BE3 after washing (magenta line in Fig. 3.25). 

This could be a result from the residual DOPE left on the surface after washing. However, the WCA 

measurements showed that the residual DOPE on the surface did not change the WCA of the surface 

(Fig. 3.28). The isotope ratios of these characteristic peaks were analyzed to further confirm the 

assignment of the peaks. Experimental isotope ratios of the characteristic fragments were calculated 

with the areas of the isotope peaks and compared to the theoretical value. As shown in Fig. 3.26, the 

theoretical isotope ratio of C41H77O8PN- and C18H33O2
- are close to their corresponding experimental 

values. These results clearly demonstrate that DOPE was immobilized on the BE3 surface. 

 

Figure 3.25: ToF-SIMS mass spectra of the BE3 (black line), DOPE coated gold surface (gray line), 

DOPE modified BE3 (blue line) and DOPE modified BE3 after methanol washing (magenta line). 
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Negative mode; the DOPE modified surface was washed with water before the measurements. 

 

Figure 3.26. Theoretical and experimental isotope abundance ratios of (A) C41H77O8PN- and (B) 

C18H33O2
-. 

The long-term preservation of the superhydrophobicity/superhydrophilicity contrast is critical for the 

real application of superhydrophobic/superhydrophilic micropatterns. The long term stability of the 

surface’s hydrophobicity was tested by measuring the water contact angle on one surface after six 

months (the surface was kept in a Petri dish in air). The static water contact angle for the surface with 

average globule size of 205 nm decreased only by 2° (from 140±3° to 138±2°), confirming the good 

stability of the surface. The superhydrophobic surface is constituted of a porous structure that 

encompassed the entire thickness as wiping their surface only removes the most superficial layer of 

the structure. When the top layer becomes damaged, the underlying structure becomes exposed and the 

superhydrophobicity remains unaffected.24 The superhydrophilicity of the lipid coated BE3 also 

appears to be stable under aqueous conditions. Even 30 consecutive steps of washing with water and 

drying did not deteriorate the superhydrophilicity of the surface resulting from the modification 

(Figure 3.27 A and Figure 3.28 A). Apparently, this surprising stability is endowed by the porosity of 

BE3, which protects the lipid layer from the action of the applied water flow. On the contrary, a 

nonporous BMA-EDMA surface made hydrophilic by coating with a lipid layer transformed back to a 

hydrophobic surface after a single washing with water. 
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Figure 3.27: (A) Static water contact angle on a superhydrophilic POPG lipid modified BE3 during 30 

consecutive steps of washing with water. Superhydrophobicity is restored after a single washing with 

methanol. (B) Repetitive switching between superhydrophobicity and superhydrophilicity by 

modifying a BE3 with a phospholipid and erasing the superhydrophilicity by washing with methanol 

(blue); corresponding changes of the static water contact angle on a nonporous BMA-EDMA surface 

(green). 

 

Figure 3.28: Static water contact angle on a superhydrophilic DOPE lipid modified BE3 during 30 

consecutive steps of washing with water. Superhydrophobicity is restored after a single washing with 

methanol. (B) Repetitive switching between superhydrophobicity and superhydrophilicity by 

modifying BE3 with DOPE phospholipid and erasing the superhydrophilicity by washing with 

methanol (solid line); corresponding changes of the water contact angle on a nonporous BMA-EDMA 

surface (dashed line).   

The ability to erase a surface property such as superhydrophilicity and rapidly transform it back to 

superhydrophobic is useful for different applications such as lab-on-chip systems231 or for creating 

biofunctional stimuli-responsive materials. We found that a single washing of the lipid-coated 

superhydrophilic BE3 with organic solvents makes it again superhydrophobic (Figure 3.27A). Figure 
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3.27B shows 10 repetitions of switching between superhydrophobicity and superhydrophilicity by 

modifying BE3 with a phospholipid and erasing the superhydrophilicity by washing with methanol. 

Corresponding changes of the static water contact angle on a nonporous surface are significantly 

smaller (Fig. 3.27B). 

3.4.3 Fabrication of the superhydrophobic-superhydrophilic micropatterns 

 

 

Figure 3.29: (A, B) An example of the application of a µ-contact printer to create an array of 

superhydrophilic microspots on a superhydrophobic BE3 using a lipid/ethanol solution as an ink. (C) 

Image of an array of superhydrophilic spots filled with water and a water droplet on the 

superhydrophobic BE3 (top). A fluorescent image of an array of superhydrophilic spots filled with 

Rhodamine 6G (bottom). (D, top) An array of superhydrophilic spots prefilled with methylene blue 

and neutral red dyes in an alternating array pattern. The array was formed by printing ethanol solutions 

containing the dyes as well as POPG lipid “ink”. (D, bottom) Image of the pattern subsequently wetted 

with a 0.1 mg/ml Rhodamine 6G solution. Scale bars are 500 µm. 

The advantage of such a mild single-step method for transforming superhydrophobicity into 

superhydrophilicity is its compatibility with well-established techniques for printing, including 

microcontact printing, dip-pen nanolithography (DPN), or ink-jet printers. To create the SH-SL 



	  

66 
 

micropattern, we used a contract printer to print the phospholipid on the BE3. It was found that the 

type of phospholipid, concentration of the phospholipid, thickness of the BE3 influence the formation 

of the SH-SL micropattern. These influences are summarized in Table 3.9. 

The size of the printed lipid spot depends on the lipid concentration and solvent (Tab. 3.9). More 

uniform spots were obtained with 2-oleoyl-1-palmitoyl-sn-glycero-3-phospho-rac-(1-glycerol) 

ammonium salt (POPG) than with 1,2-Dioleoyl-sn-glycero-3-phosphoethanolamine (DOPE) (both 

lipid concentrations were 10 mg/ml in ethanol). The diffusion of DOPE solutions (ethanol) on BE3 

was slow and inhomogeneous. An array pattern could not be obtained for 10 mg/ml POPG solutions in 

chloroform, although it turned the lipid-modified surface hydrophilic. Alcoholic solvents were more 

reliable than non-alcoholic solvents to print the lipid arrays. Ethanol and 2-propanol gave similar 

results. The higher viscosity of 2-propanol in comparison to ethanol did not have much effect on the 

printed lipid spot diameter. However, for larger array patterns, reproducible lipid spots were produced 

with a 10 mg/ml POPG solution in ethanol rather than in 2-propanol. The standard deviation of the 

spot diameters was higher when POPG solutions in tetrahydrofuran were used. An array pattern 

printed with a 10 mg/ml POPG solution in DMF was observed only once when the polymer surface 

was wetted with water as soon as the array was printed. The concentration of the lipid solution has a 

considerable effect on the spot size. Higher concentration lipid solutions produced lipid spots with 

smaller diameters. Dilute lipid solutions of 1 mg/ml POPG solution (ethanol) and 5 mg/ml POPG 

solution (ethanol and tetrahydrofuran) were not able to produce the desired transition of the 

superhydrophobic polymer surface to superhydrophilic. The thickness of the polymer film also 

influenced the lipid array pattern. The polymer thickness affected the lipid spot diameter and 

reproducibility of the lipid array pattern. With increasing thickness of the polymer film, although the 

lipid spot diameter was reduced, the spots were not well-wetted and the reproducibility of the pattern 

decreased. This may be because the depth to which the lipid solution penetrates a thicker polymer film 

will not be the same in all cases, which was reflected in the differing transparency of the spots. For 

thinner polymer films, the depth of penetration would be similar in all cases and this can be seen from 

the uniform transparency of the spots and reproducibility of the lipid array pattern.  

Figure 3.29A shows an example of the application of a µ-contact printer to create an array of 

superhydrophilic microspots on a superhydrophobic background using a lipid/ethanol solution as an 

ink. The lipid solution was printed in an array pattern onto a ~ 10 µm-thin superhydrophobic BE3 

using metal spotting pins. After the lipid array was printed, the polymer substrate was wetted with 

water to observe the array of superhydrophilic circular spots of ~ 500 µm in diameter on the 

superhydrophobic background (Figure 3.29C). 

Due to the difference in wettability of the spots and the background, the superhydrophilic spots can be 

filled with an aqueous solution. Figure 3.29 shows an array of superhydrophilic spots filled with a 

solution of Rhodamine 6G by briefly wetting a lipid array with this solution and allowing the spots to 
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dry. The Rhodamine 6G solution was only present in the lipid spots and did not adhere to the 

superhydrophobic background. In addition to first printing the lipid array and then filling the 

superhydrophilic lipid spots with a solution, a substance can be added directly to the lipid printing 

solution and printed directly onto the BE3 to create patterns prefilled with the desired substance 

(Figure 3.29B, D). This allows the flexibility to pattern more than one compound in a specific pattern 

on the same surface. The prefilled spots are still superhydrophilic, so they can be filled with another 

solution if desired (Figure 3.29B, D). 

Table 3.9: Average spot diameter and observation of lipid array patterns printed with various lipid 

solutions on BE3 of different thickness. 

Lipid solution Thickness of BE3[µm] 
Contact 

print time 
[ms] 

Spot 
diameter 

[µm] 
Observation 

     

10mg/ml DOPE sol.(ethanol) 50.0 0 441.0±9.42 
Less transparent, non-uniform 

spot size 

10mg/ml DOPE sol.(ethanol) 12.5 
0, 20, 50,  

100 
-- Non-uniform spot size 

10mg/ml POPG sol.(ethanol) 500. 0 454.0±2.45 
Less transparent, not 

reproducible 

10mg/ml POPG sol.(ethanol) 25.0 0 573.0±3.42 
Less transparent, not 

reproducible 

10mg/ml POPG sol.(ethanol) 12.5 0 550.0±2.60 
Reproducible with uniform 

spot size 

1mg/ml POPG sol.(ethanol) 12.5 0 - No hydrophilic spots 

5mg/ml POPG sol.(ethanol) 12.5 0 567.6±10.3 Less transparent 

100mg/ml POPG 
sol.(ethanol) 

50.0 0 163.9±46.4 Non-uniform spot size 

10mg/ml POPG sol.(THF) 25.0 0 638.0±11.68 
Non-uniform spot size for 
larger array patterns, less 

transparent 

10mg/ml POPG sol.(THF) 12.5 0 559.0±10.49 
Non-uniform spot size for 

larger array patterns 

10mg/ml POPG sol.(ethanol) 50.0 10 479±8.79 Less transparent 

10mg/ml POPG sol.(ethanol) 50.0 20 472±7.98 Less transparent 

     

3.4.4 Summary 

In summary, a new and simple method for creating superhydrophilic micropatterns on a 

superhydrophobic surface was demonstrated. The method is based on printing an “ink” – an ethanol 

solution of a lipid – onto a porous superhydrophobic surface and is compatible with different printing 

techniques, for example, microcontact or ink-jet printing. It was shown that the hydrophilic lipid-

coated microspots could be easily filled with an aqueous solution by dipping or wetting the surface. In 
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addition, the lipid spots can be prefilled with a substance by adding it to the “ink” and printing it onto 

the superhydrophobic surface. Since the lipid layer can also incorporate different bioactive molecules, 

transmembrane proteins, or other functional lipids, we envision that this facile procedure for creating 

superhydrophilic patterns combined with contemporary printing technology will lead to numerous 

applications. 
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4. Conclusion and outlook 

This PhD work described the preparation, characterization and application of functional 

polymethacrylate surfaces with well-defined chemical and physical surface properties. The aims of my 

work were: (1) development of methods for the preparation of polymethacrylate surfaces with a 

gradient surface morphology, as well as a gradient density of surface functional groups and explore the 

possibility of using these gradient surfaces for cell-surface interaction studies; (2) develop surfaces 

with special wettability and slippery properties for antibacterial and marine antifouling applications; (3) 

development of new methods for making superhydrophobic-superhydrophilic micropatterns on 

macroporous poly(butyl methacrylate-co-ethylene dimethacrylate) surfaces. 

Since the porous properties of the poly(butyl methacrylate-co-ethylene dimethacrylate) (BMA-EDMA) 

surfaces could be controlled by changing the amount and the type of porogens in the polymerization 

mixture, a BMA-EDMA surface with gradual porous properties could be readily prepared by 

polymerization of a pre-polymer mixture with a gradient composition of porogens. To generate the 

gradient, a PDMS microfluidic chip with a cascade micromixer and a subsequent reaction chamber 

was fabricated and used. A 450 µm thick BMA-EDMA polymer surface possessing a gradient of pore 

size was obtained after polymerization in the micro-fluidic chip. The gradient formation in the 

microfluidic reaction chamber was studied using microscopic laser induced fluorescence (µLIF). 

Formation of linear gradients via both diffusive and convective mixing was visualized. By using fluid 

with different densities, formation of a two dimensional wedge-like gradient controlled by the density 

difference and orientation of the microfluidic chip was observed. The generation of BMA-EDMA 

polymer surface possessing a gradient of globule sizes from ~ 0.5 µm to ~ 0.2 µm defined by the 

composition of two polymerization mixtures injected into a microfluidic chip was demonstrated. 

The chemical properties of the polymethacrylate surfaces can be controlled by UV initiated 

photografting with acrylate monomers on the surface. Since the extent of the modification is 

dependent on the UV dosage during photografting, this method was used to form polymethacrylate 

surfaces with gradients of functional group density by using a moveable UV mask to gradually vary 

the UV dosage along the polymer surface. The formation of the gradient on the BMA-EDMA surface 

was confirmed by XPS measurements. To prove that the surface with a chemistry gradient could be 

used as a screening platform to study cell-surface interaction, the behavior of HT-1080 cells on the 

gradient surfaces was investigated. The results showed that the chemistry of the surface played a 

decisive role in HT-1080 cell adhesion and growth on the surface. It is anticipated that the developed 

method could be employed for the screening of cell-surface interactions.  

Following the pioneering work of Joanna Aizenberg et al., new slippery surfaces based on the porous 

BMA-EDMA surface were developed. The results showed that the slippery BMA-EDMA surfaces 

infused with poly(hexafluoropropylene oxide) (Krytox 100 and Krytox 103)have excellent long term 

stability under aqueous conditions.  It was also found that the slippery BMA-EDMA surface was able 
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to prevent biofilm formation of different strains of the opportunistic pathogen Pseudomonas 

aeruginosa for at least up to 14 days in low nutrient medium. Only 1.8% of the slippery surface was 

covered by the environmental P. aeruginosa PA49 strain under investigation. For uncoated glass 

controls the coverage of surfaces reached 55% under the same conditions. However, in high nutrient 

medium, which is more relevant to physiological conditions, the biofilm formation on the slippery 

surface turned out to be highly dependent on the bacterial strain. Although the slippery surface could 

prevent biofilm formation of most of the P. aeruginosa strains tested (1% surface coverage), the multi-

resistant P. aeruginosa strain isolated from wastewater was able to cover up to 12% of the surface 

during 7 days of incubation. RAPD-PCR analysis of the used P. aeruginosa strains demonstrated their 

high genome variability, which might be responsible for their difference in biofilm formation on the 

slippery BMA-EDMA surface. The results show that although the slippery BMA-EDMA surface has 

great potential to prevent biofilm formation, the generality of its bacteria resistant properties still needs 

to be improved. The investigation of the marine antifouling properties of the slippery BMA-EDMA 

demonstrated that the Krytox 100 infused macroporous BMA-EDMA surface (BE100) and Krytox 

103 infused macroporous BMA-EDMA surface (BE103) surfaces could dramatically inhibit 

settlement of both spores and cyprids. However, the fouling release performance of the slippery BMA-

EDMA surfaces was shown to be limited.   

Superhydrophobic-superhydrophilic (SH-SL) micropatterns are of great interest for not only 

fundamental research but also for practical applications. To create a SH-SL micropattern on a BMA-

EDMA surface, a facile surface modification method to transform the superhydrophobic BMA-EDMA 

surface to a superhydrophilic one was developed. Such modification was done simply by applying a 

solution of phospholipid on the porous BMA-EDMA surface. It was shown that this method of surface 

modification can be used for creating a SH-SL micropattern using a contact printer. The formation of 

superhydrophilic areas is based on printing an ethanol solution containing a phospholipid onto a 

superhydrophobic BMA-EDMA surface. This creates a supported lipid layer on the polymer surface, 

thereby switching from superhydrophobicity to superhydrophilicity. Therefore, the amphiphilic lipid 

functions as an ink that can be printed to create superhydrophilic patterns on the superhydrophobic 

surface.  

In conclusion, different functional porous polymethacrylate surfaces were successfully developed. 

These functional porous polymethacrylate surfaces can find many applications in different fields. 

Polymethacrylate surfaces with a gradient in pore size or the density of functional groups can be used 

as a platform for efficient cell-surface screenings. The methods developed for the preparation of 

gradient surfaces in this work can be used for the future development of surfaces with a two-

dimensional gradient (gradient in pore size and gradient in density of functional groups). Slippery 

surfaces based on porous BMA-EDMA surfaces show promising antibacterial and marine antifouling 

properties. Due to the fact that porous BMA-EDMA coatings can be fabricated on different materials, 
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it is expected that slippery surfaces with antibacterial and marine antifouling properties can be created 

on different substrates. Superhydrophobic-superhydrophilic micropatterns hold great promise in a 

number of applications. Since the method developed for creating a superhydrophobic-superhydrophilic 

micropattern in this thesis is based on a phospholipid and is compatible with contact printing 

techniques, it is anticipated that different bioactive molecules such as proteins or other functional 

lipids could be easily patterned and used for biological applications. The developed method can be 

also useful for creating of high density (up to ~ 400 spots per cm2 theoretically (spot size: 440 µm, 

distance between spots: 40 µm.)) droplet and cell array.  
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5. Appendix 

5.1 Hydrodynamic characterization of the microfluidic chip  

These experiments were designed with Kristina Kreppenhofer (IMT, KIT) and Massimiliano Rossi 

(Institute of Fluid Mechanics and Aerodynamics, Universität der Bundeswehr München). The 

experiments were performed at Universität der Bundeswehr München by Massimiliano Rossi. 

 

Figure 5.1: Isopropanol (upper inlet) and Rhodamine B diluted in isopropanol (lower inlet) injected in 

the micromixer (flow direction left to right) and observed by fluorescence microscopy.102 The red lines 

mark the boundaries of the chamber.  

 

Figure 5.2: Images from µLIF measurements (left) using isopropanol marked with Rhodamine B 

(upper inlet) and water (lower inlet) for the injection in the micro-mixer (flow direction left to 

right).102 Schemes below the microscope images show the arrangement of the two fluids in a cross 

section of the reaction chamber. The chip was used in a horizontal position (right). At 0.001 ml/min, 

water and isopropanol are stacked horizontally one on top of the other. At 1 ml/min the isopropanol 

slips over the water resulting in a two-dimensional wedge-like gradient (see schemes at the bottom).  
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Figure 5.3: Images from µLIF measurements (left) using isopropanol dyed with Rhodamine B (upper 

inlet) and water (lower inlet) for the injection in the micromixer (flow direction left to right).102 Below 

the microscope images schemes show the arrangement of the two fluids in a cross section of the 

reaction chamber. The chip was used in a vertical position (right). At 0.001 ml/min, water and 

isopropanol are again stacked one on top of the other, leading to a vertical stacking in the cross section 

(microscope image and scheme). Diffusive mixing of the two fluids can be observed in-between the 

two phases. At 1 ml/min the isopropanol slips again over the water.  
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5.2 The impact of surface morphology and surface chemistry on HT-1080 cell behavior 

These experiments were designed with Barbara Kwiatkowska (ITG, KIT) and Dr. Irina Nazarenko 

(ITG, KIT). The cell experiments were performed by Barbara Kwiatkowska at ITG.  

 

Figure 5.4: Microscope images of HT-1080 cells on glass slide, BE1, BE5, HM and HN surfaces. The 

images were taken 24 hours after seeding. 1.5, 4 and 7 X digital zoom were used with the water 

objective 63 X. Nuclei are stained with DAPI and F-actin is stained with Phalloidin (scale bar 15 

µm).138  
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Figure 5.5: Microscope images of HT-1080 cells on the following surfaces possessing gradients of 

functional group density (time of photografting): (A) BE1-AMPS, (B) BE1-MDSA, (C) BE1-META, 

(D) BE5-AMPS, (E) BE5-MDSA and (F) BE5-META. The images were taken 24 hours after seeding. 

1.5, 4 and 7 X digital zoom were used with the water objective 63 X. Nuclei are stained with DAPI 

and F-actin is stained with phalloidin (scale bar 15 µm).138  
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Figure 5.6: Microscope images of HT-1080 cells on the following surfaces possessing gradients of 

functional group density (time of photografting): (A) HM-AMPS, (B) HM-MDSA, (C) HM-META, 

(D) HN-AMPS, (E) HN-MDSA and (F) HN-META. The images were taken 24 hours after seeding. 

1.5, 4 and 7 X digital zoom were used with the water objective 63 X. Nuclei are stained with DAPI 

and F-actin is stained with phalloidin (scale bar 15 µm).138  
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Figure 5.7: Quantitative analysis of the number of adhered HT-1080-eGFP cells on (A) BE1 surface 

and photografted BE1 surface, (B) BE5 surface and photografted BE5 surfaces, (C) HM surfaces and 

photografted surfaces and (D) HN surfaces and photografted HN surfaces. Cell adhesion was 

examined 1 hour after seeding. The number of the adhered cells on the polymer surface was 

normalized to that on the glass slide.138 
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5.3 Toxicity test of PFPE liquid  

This experiment was designed with Tanja Kleintschek (IFG, KIT) and Dr. Thomas Schwartz (IFG, 

KIT) and was performed by Tanja Kleintschek at IFG. 

Table 5.1: Growth of P. aeruginosa strains of PA14, PA30, PA910 and PA 49 was monitored in BM2 

medium with up to 12.5% PFPE liquid.184 

Concentration 

of PFPE liquid 

Average CFU/mL (PA14, PA30, PA910 and PA 49) 

8 h incubation 22 h incubation 

0.0 % 6.4*105 ± 5.9*105 3.2*108 ± 5.4*107 
 

0.4 % 5.7*105 ± 4.6*105 2.7*108 ± 1.4*108 

0.8 % 3.8*105 ± 1.3*105 5.2*108 ± 2.8*107 

1.6 % 7.1*105 ± 2.6*105 4.6*108 ± 2.3*108 

3.1 % 5.9*105 ± 3.2*105 3.8*108 ± 2.1*108 

6.3 % 6.8*105 ± 4.3*105 3.0*108 ± 1.4*108 

12.5 % 5.5*105 ± 4.7*105 3.9*108 ± 2.2*107 
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5.6 List of abbreviations  

HEMA: 2-hydroxyethyl methacrylate       

EDMA: ethylene glycol dimethacrylate     

AIBN: azobisisobutyronitrile     

GMA: glycidyl methacrylate     

BET: Brunauer-Emmett-Teller     

TRIM: trimethylolpropane trimethacrylate     

BMA: butyl methacrylate     

DMPAP: 2,2-dimethoxy-2-phenylacetophenone  
AMPS: 2-acrylamido-2-methyl-1-propanesulfonic acid     

BE1: BMA-EDMA surface prepared from a mixture of 0.5 wt% DMPAP, 20 wt% of BMA, 30 wt% 

EDMA and 50 wt% 1-decanol. 

BE2: BMA-EDMA surface prepared from a mixture of 0.5 wt% DMPAP, 20 wt% of BMA, 30 wt% 

EDMA, 40 wt% 1-decanol and 10 wt% cyclohexanol. 

BE3: BMA-EDMA surface prepared from a mixture of 0.5 wt% DMPAP, 20 wt% of BMA, 30 wt% 

EDMA, 30 wt% 1-decanol and 20 wt% cyclohexanol. 

BE4: BMA-EDMA surface prepared from a mixture of 0.5 wt% DMPAP, 20 wt% of BMA, 30 wt% 

EDMA, 20 wt% 1-decanol and 30 wt% cyclohexanol. 

BE5: BMA-EDMA surface prepared from a mixture of 0.5 wt% DMPAP, 20 wt% of BMA, 30 wt% 

EDMA and 50 wt% cyclohexanol. 

BE6: BMA-EDMA surface prepared from a mixture of 1 wt% DMPAP, 40 wt% of BMA, 60 wt% 

EDMA and 50 wt% cyclohexanol. 

BE100: Krytox 100 infused BE1 surface. 

BE103: Krytox 103 infused BE1 surface. 

BE70: Fluorinert FC 70 infused BE1 surface. 

HM: HEMA-EDMA surface prepared from a mixture of 0.5 wt% DMPAP, 20 wt% of HEMA, 30 wt% 

EDMA and 50 wt% 1-decanol. 

HN: HEMA-EDMA surface prepared from a mixture of 0.5 wt% DMPAP, 20 wt% of HEMA, 30 wt% 

EDMA, 20 wt% 1-decanol and 30 wt% cyclohexanol. 

MDSA: [2-(Methacryloyloxy) ethyl]dimethyl-(3-sulfopropyl)ammonium hydroxide 

META: [2-(methacryloyloxy) ethyl] trimethylammonium chloride 

PFPE liquid: poly(hexafluoropropylene oxide) 

DOPE: 1,2-Dioleoyl-sn-glycero-3-phosphoethanolamine 

POPG: 2-oleoyl-1-palmitoyl-sn-glycero-3-phospho-rac-(1-glycerol) ammonium salt 

PDMS: poly(dimethylsiloxane) 

SEM: Scanning Electron Microscope 

XPS: X-ray photoelectron Microscopy 
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ToF-SIMS: Time of Flight Secondary Ion Mass Spectroscopy 

PBI: propogation-based imaging 

ABI: analyzer-based imaging 

GI: grating interferometric 
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