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ABSTRACT 

Mammalian life starts with the formation of a zygote through fertilization of an oocyte by the 

sperm; subsequently the first mitotic divisions take place. Errors in these earliest divisions can 

easily propagate throughout preimplantation development and can lead to pregnancy loss 

prior to its clinical recognition. Albeit one would expect that these divisions should be 

particularly safeguarded due to their fundamental importance for reproduction, the first 

embryonic mitoses are much more error-prone than mitosis in somatic cells. Interestingly, 

this is a paradox observed in all mammalian species analyzed so far, including human. 

The essential structure mediating chromosome segregation is the microtubule-based mitotic 

spindle, which has been extensively studied in cell-free systems, somatic cells and embryonic 

model systems, such as Drosophila melanogaster and Caenorhabditis elegans. By contrast, in 

mammals, we understand surprisingly little about the mechanisms and regulation of spindle 

assembly during preimplantation development. 

In this thesis I therefore studied the assembly of the first mitotic spindle in two mammalian 

model systems, mouse and cow, to obtain insights into the mechanisms that may underlie 

early embryonic division errors. In both systems, I found that the first mitotic division is 

mediated by a pair of spindles that handle the parental genomes separately. The data indicate 

that this dual spindle assembly is predominantly driven by chromosomal microtubule 

nucleation and subsequent self-organization of the microtubules around the two spatially 

separated genomes. 

First, I used the mouse embryo—a powerful and well-established research model—in which 

the dual spindle assembles in the presence of many acentriolar cytoplasmic microtubule 

organizing centers (MTOCs) that were assumed to functionally replace centrosomes. I 

developed several imaging-based assays to investigate spindle assembly mechanisms in live 

and fixed mouse embryos and could show that, surprisingly, initial spindle microtubules in 

the zygote are formed by chromosomal and kinetochore-based microtubule nucleation. By 

contrast, only some of the many cytoplasmic MTOCs participate in spindle assembly and seem 

to be more important for stabilization of the spindle than for its initial assembly.  

Second, I studied zygotic spindle assembly in the bovine embryo, which is in general 

physiologically more similar to humans, and in particular, the cow zygote also inherits a 

centrosome from the sperm. However, it is much less established for cell biological research. 
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Using custom-developed light sheet microscopy, I could image live bovine embryos with high 

spatial and unprecedented temporal resolution and thereby established this system as a 

valuable model to study cellular mechanisms of mammalian preimplantation development. I 

could show that dual spindle assembly is conserved in bovine zygotes, despite the presence 

of two centrosomes. Interestingly, I discovered that the centrosomes are not very active in 

spindle assembly, and it is thus very likely that the spindle assembly mechanism of 

chromosomal nucleation and microtubule self-organization, which I observed in the mouse 

model, is conserved.  

Overall, my work shows that dual spindle assembly can be found in both acentrosomal and 

centrosomal zygotes. It is thus likely that this mechanism is conserved across mammalian 

species, where the parental genomes are present in separate pronuclei in early mitosis. This 

is also the case in human embryos, and thus my work has significant biomedical implications. 

In addition, the data presented in this thesis further strengthen the hypothesis that likely also 

in human zygotes the parental genomes do not mix during the first mitosis, which would have 

substantial legal and ethical implications for the definition of the beginning of human life.  
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ZUSAMMENFASSUNG 

Das Leben eines Säugetiers beginnt mit der Befruchtung einer Eizelle durch ein Spermium, 

wodurch sich eine Zygote bildet; im Anschluss finden die ersten mitotischen Zellteilungen 

statt. Fehler, die in den ersten Teilungen passieren, können in den folgenden Zellteilungen 

des frühen Embryos leicht weitergegeben werden und sich damit während der 

Präimplantationsentwicklung vermehren, was häufig zu einem natürlichen Abbruch der 

Schwangerschaft führt, bevor diese überhaupt klinisch erkannt wird. Obwohl man annehmen 

würde, dass diese ersten Zellteilungen aufgrund ihrer fundamentalen Bedeutung für die 

Fortpflanzung besonders zuverlässig und kontrolliert ablaufen, sind sie viel fehleranfälliger als 

mitotische Teilungen in somatischen Zellen. Interessanterweise lässt sich dieses Paradoxon in 

allen bislang untersuchten Säugetierarten, inklusive dem Menschen, beobachten. 

Entscheidend für die Verteilung der Chromosomen ist die Mikrotubuli-basierte mitotische 

Spindel, die in zellfreien Systemen, somatischen Zellen, sowie in Embryomodellen, wie zum 

Beispiel Drosophila melanogaster und Caenorhabditis elegans, ausgiebig untersucht wurde. 

Im Gegensatz dazu verstehen wir erstaunlich wenig darüber, wie sich die Spindel während 

der Präimplantationsentwicklung von Säugetieren formt, und wie diese Mechanismen 

kontrolliert werden. 

Um besser verstehen zu können, welche Mechanismen den Teilungsfehlern im frühen 

Embryo zu Grunde liegen, habe ich in dieser Thesis daher untersucht, wie sich die erste 

mitotische Spindel in der Zygote zweier unterschiedlicher Tiermodelle formt, in der Maus und 

in der Kuh. In beiden Modellen konnte ich beobachten, dass die erste Teilung durch ein 

Spindelpaar erfolgt, wobei eine der beiden Spindeln das mütterliche, und die andere das 

väterliche Erbgut organisiert. Die Daten weisen darauf hin, dass sich Zwillingsspindeln 

dadurch bilden, dass Spindelmikrotubuli hauptsächlich um Chromosomen nukleiert werden 

und sich anschließend selbständig um die beiden räumlich getrennten Genome organisieren. 

Zuerst habe ich die Teilung in der Zygote des für die Forschung sehr bedeutenden und 

etablierten Mausmodell untersucht. Darin bilden sich die Zwillingsspindeln in Anwesenheit 

vieler nicht-centriolärer Mikrotubuli-Organisationszentren (MTOCs), bei denen man davon 

ausging, dass sie die Centrosomen im frühen Mausembryo funktionell ersetzen. Ich habe 

mehrere Mikroskopie-basierte Experimente mit lebenden und fixierten Mausembryonen 

entworfen und durchgeführt, um zu untersuchen, wie sich die Spindeln bilden. 
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Überraschenderweise formen sich die ersten Spindelmikrotubuli in der Zygote durch 

Chromosomen- und Kinetochor-basierte Nukleation. Wider Erwarten sind nur wenige der 

cytoplasmatischen MTOCs tatsächlich an der Spindelformierung beteiligt und sie scheinen 

wichtiger für die Stabilisierung der Spindel zu sein als für ihren anfängliche Aufbau. 

Im Anschluss habe ich die zygotische Spindelformierung im Kuhembryo untersucht, welcher 

dem humanen Embryo physiologisch generell ähnlicher ist; insbesondere erhält die 

Kuhzygote auch ein Centrosom vom Spermium. Dieses Modell ist aber weitaus weniger in der 

zellbiologischen Forschung etabliert. 

Ich habe ein speziell entwickeltes Lichtblattmikroskop verwendet, um lebende 

Kuhembryonen mit hoher räumlicher und bisher noch nicht erreichter zeitlicher Auflösung 

aufzunehmen. Damit habe ich den Kuhembryo als wertvolles Modell etabliert, um zelluläre 

Mechanismen während der Präimplantationsentwicklung zu untersuchen. Ich konnte zeigen, 

dass die Formierung von Zwillingsspindeln in der Kuhzygote konserviert ist, obwohl zwei 

Centrosomen vorhanden sind. Interessanterweise sind die Centrosomen nicht sehr aktiv in 

der Spindelformierung und es ist sehr wahrscheinlich, dass die Mechanismen der Mikrotubuli-

Nukleation um Chromosomen und anschließender Eigenorganisation, wie ich sie im 

Mausmodell beobachtet und beschrieben habe, konserviert sind. 

Insgesamt zeigt meine Arbeit, dass die Bildung von Zwillingsspindeln in Zygoten mit und ohne 

Centrosomen beobachtet werden kann. Es ist daher wahrscheinlich, dass dieser 

Mechanismus in Säugetieren konserviert ist, in denen sich die elterlichen Genome in der 

Zygote zu Beginn der ersten Mitose in unterschiedlichen Vorkernen befinden. Das gilt auch 

für die menschliche Zygote und meine Arbeit hat daher eine signifikante biomedizinische 

Bedeutung. Da die Daten dieser Arbeit die Hypothese weiter stärken, dass sich auch in der 

menschlichen Zygote die elterlichen Genome während der ersten Zellteilung nicht mischen, 

hat diese Arbeit vermutlich auch weitreichende rechtliche und ethische Implikationen für die 

Definition vom Beginn des menschlichen Lebens. 
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1 INTRODUCTION  

1.1 Cell division errors at the beginning of mammalian life 

During cell division, the two copies of genetic material are equally distributed among the 

newly forming daughter cells. Of each chromosome, which consists of two sister chromatids, 

one intact chromatid is sorted into the nucleus of each daughter cell. If the chromatids are 

not properly segregated during mitosis, numerical errors can arise, so-called aneuploidies. 

But usually, chromosome segregation is extremely faithful in mammalian somatic cells: Using 

single cell sequencing of human skin and brain cells, it has been shown that aneuploidy occurs 

on average in less than 1 % of these cells and even in liver cells of donors with an alcohol or 

alternative drug history, aneuploidy frequency did not exceed 4 % (1). Female meiosis in 

humans and other mammals often goes along with whole chromosome loss or gain and 

increasing maternal age seems to increase the frequency of these errors (2). However, the 

higher error rate was assumed to result from the different nature of the meiotic divisions and 

the long oocyte arrest, which can last several decades [discussed in (3)].  It is acknowledged 

in the field that the age effect mostly results from premature separation and distribution of 

the two sister chromatids in meiosis I, when in principle only the intact homologous 

chromosomes should be segregated. 

Surprisingly, it has also been shown that more than 50 % of preimplantation embryos in 

fertility clinics contain aneuploid cells, which do not only result from meiotic errors, but also 

from errors in post-zygotic mitosis that occur independent of maternal age (4–9). Dependent 

on the stage at which the segregation error occurs, only a subset of cells in the embryo is 

affected and cells with different chromosomal content constitute the embryo. The reported 

incidences of this complex mosaic aneuploidy vary, but it has been reported in up to 90 % of 

human preimplantation embryos in fertility clinics  (6, 8, 10–14). Segmental aneuploidies and 

polyploidy have also been observed in these early embryos, but less frequent (11). Although 

this data comes primarily from analyzing preimplantation embryo biopsies from parents with 

reduced fertility, and thus, after in vitro fertilization of the eggs, it is likely that similarly high 

frequencies of early aneuploidy occur in embryos conceived naturally. Studies have indicated 

that only ~30 % of natural conceptions result in a live birth and most pregnancy losses occur 

during the preimplantation stage (15). Aneuploidies are an important cause for these early 

pregnancy losses; however, it is worth noting that the timing and the kind of aneuploidies 
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seem to determine the fate of the embryo as a whole. Embryos with certain single 

chromosome abnormalities formed during Meiosis (like a trisomy of chromosome 21) 

frequently survive and develop to term, here all cells of the embryo are affected (4). For 

postzygotic aneuploidies the situation is different. The earlier an error occurs the more cells 

are affected, and complex mosaic aneuploidies emerge when distinct errors occur at multiple 

cleavages. The complex aneuploidies seem to account for most early pregnancy losses, as 

such embryos rarely survive until the blastocyst stage (4). However, some mosaic embryos 

can survive and develop to term (16, 17). In these instances, different mechanisms have been 

proposed to account for a healthy development. One possibility is that the euploid 

blastomeres effectively outcompete the aneuploid cells and thus functionally compensate 

these early mitotic errors (18). Alternatively it has been suggested that aneuploid blastomeres 

can be directly removed by selective apoptosis (19). Nevertheless, in fertility clinics, 

aneuploidy and embryonic mosaicism are reportedly linked to developmental failure and 

pregnancy loss and they are an obstacle when assessing embryo quality for transfer (6, 8, 13, 

20, 21). Thus still, many open questions remain to understand to what degree aneuploidies 

are compatible with healthy embryonic development.  

Interestingly, many mammalian species have similar frequencies of embryonic aneuploidy 

and mosaicism, as shown in porcine, non-human primate, murine, bovine and equine 

embryos in the last two decades (17, 22–26). But despite the high frequency with which 

embryonic blastomeres divide incorrectly, we understand very little about the underlying 

mitotic mechanisms. While we have gained detailed insights into the complex mechanisms of 

mitosis in many model systems and somatic cells, we are only just starting to get an idea how 

the mitotic apparatus and the cell cycle control mechanisms actually function or malfunction, 

and how they might be regulated during mammalian preimplantation development. 

 

1.2 The regular cell cycle 
Cell duplication is the basis for the continuity of life. Before producing a new cell an existing 

one has to duplicate its genomic information to then distribute it equally among the forming 

two daughter cells. Usually, duplication of the genome also goes along with duplication of the 

organelles and cellular macromolecules so that the cells do not shrink with each division. This 

sequence of events is called the cell cycle (Schematic shown in Figure 1). The cell cycle consists 
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of the M-phase and interphase. M-phase comprises mitosis—the division of the chromosome 

copies, called the sister chromatids—and cytokinesis—the division of the cytoplasm. 

Interphase is subdivided into G1, S- and G2-Phase. In S-phase the chromosomes are duplicated 

in preparation for the next M-phase. M-phase and S phase are interspersed by transitional 

gap (G) phases: G1 and G2, respectively. These gap phases allow for cell growth and 

duplication of the cytoplasmic components and checkpoints in these phases are also essential 

to tightly control cell cycle progression. At each phase transition these control mechanisms 

assess whether the environmental and cellular criteria are fulfilled to enter the next cell cycle 

phase. Such restriction points are at the end of G1 and the G2-M transition. After passing these 

points, cells are committed irreversibly to progress through the next phase. During the usually 

long G1-phase, nutrients and growth factors also determine whether the cell enters the next 

cycle at all. Here, cells may also temporarily or permanently exit the cell cycle by entering the 

non-proliferative G0-phase, a resting stage (27). 

The cell cycle is largely driven by cycling proteins (Cyclins), whose synthesis and proteasomal 

degradation oscillate [reviewed in (28)]. These Cyclins bind to so-called Cyclin dependent 

kinases (Cdks) and regulate their enzymatic activity, thus modulating the phosphorylation of 

proteins involved in the different cell cycle phases. The activity of Cdks is further regulated by 

complementary mechanisms. Cdk-activating kinases (CAKs) boost the kinase activity even 

further by changing the confirmation of the active site of Cyclin-bound Cdks through site-

specific phosphorylation (29). Conversely, inhibitory phosphorylations by other kinases or 

binding of inhibitory proteins (CKIs) to the Cdk-Cyclin complex can inactivate the Cdks through 

structural rearrangements. 

Thus, in addition to regulated expression of Cyclin encoding genes, also the regulated 

transcription of CKIs and other Cdk regulators determine Cdk activity and cell cycle 

progression. The cell cycle phases are linked as Cdk activity of one phase is often required to 

initialize Cyclin synthesis required for Cdk activity of the next phase. 

 

1.2.1 Mitosis 

Mitosis itself is characterized by specific phases (27), Figure 1 shows a schematic overview. 

The earliest stage of mitosis is prophase. At the end of the G2-phase, the genetic material is 

loosely packed within the nucleus and the sister chromatids are intertwined and held 

together by Cohesin protein complexes. In prophase, the chromosomes start to compact and 
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condense though architectural changes in chromatin organization, but the sister chromatids 

remain linked through Cohesin protein complexes. When the nuclear envelope breaks apart, 

the microtubule spindle forms around the condensing chromosomes starting to congress 

them together during prometaphase. In metaphase, this spindle is organized as bipolar 

microtubule array. The chromosomes are allocated centrally, and the two sister chromatids 

of each chromosome are linked to opposite poles by microtubules. Forces between spindle 

poles further congress the rod-shaped chromosomes to the very center of the spindle, where 

they form the metaphase plate. In anaphase A, chromatid cohesion is removed, and the sister 

chromatids are segregated by shortening kinetochore microtubules pulling them towards the 

opposite spindle poles (30). The poles are further pushed apart in anaphase B (31), and the 

two batches of segregated chromatids are finally enclosed into two new nuclei during 

telophase. Cytokinesis immediately follows mitosis and completes cell division by partitioning 

the cytoplasmic components among the genetically identical daughter cells. 

The early phases of mitosis from prophase until metaphase, are usually triggered by high Cdk1 

activity regulated by the mitotic Cyclins: Cyclin B dependent Cdk1 seems to initiate 

chromosome condensation, nuclear envelope breakdown (NEBD), cytoskeletal and Golgi 

rearrangements as well as spindle assembly and sister chromatid attachment to microtubule 

bundles through Cdk1 mediated phosphorylation of proteins involved in these processes. 

Cdk1 is supported, but also in part regulated, by two other mitotic kinase families: The Aurora 

kinases (especially Aurora kinase A and B) and Polo-like kinases (Plk, especially Plk1) [reviewed 

in (32)]. 

In most cell types, Cyclin B levels increase at the G2-M transition, thus the concentration of 

Cyclin B-Cdk1 complexes increases. However, even though the active site of the complex is 

phosphorylated by a CAK, it remains inactive as inhibitory kinases of the Wee1 family add two 

further inhibitory phosphates (33, 34). The final activation and regulation of the Cdk1 complex 

at mitotic entry is thus achieved by the phosphatase Cdc25, which removes these inhibitory 

phosphorylations (35, 36). At the same time Wee1 kinases become suppressed and degraded 

(37). How Cdc25 itself is activated in mammalian somatic cells to initialize Cdk1 activity at 

mitotic entry is still not entirely clear. The Cyclin A-Cdk1 complex might play an important 

role. Cyclin A-Cdk1 seems to be differently affected by the inhibitory Wee1 kinases compared 

to Cyclin B-Cdk1. There is some evidence that low Cyclin A-Cdk1 activity might initially help to 

phosphorylate and activate Aurora A in the nucleus, potentially with the adaptor protein 
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WAC. This complex might in turn activate Plk1 (38). In the cytoplasm, Plk1 is activated by 

phosphorylation of the scaffold protein Bora through Aurora A (39, 40) and can subsequently 

accumulate in the nucleus (41). Plk1 is the kinase finally phosphorylating and activating the 

Cdc25C phosphatase (38, 42). Active Cdc25 triggers fast mitotic entry as Cyclin B-dependent 

Cdk1 activity will quickly rise and phosphorylate many downstream targets to initiate mitosis. 

This activity is further stimulated by positive feedback mechanisms, once Cyclin B-Cdk1 is 

active. Additionally, the Cyclin-Cdk1 activity at mitotic entry is modulated by inhibiting and 

balancing inhibitory phosphatases [reviewed in (43)]. 

While early mitotic events are dependent on protein phosphorylation driven by increasing 

Cyclin B expression and thus high Cdk1 activity, the metaphase-to-anaphase transition, when 

sister chromatids are segregated, is initialized by protein degradation. This is regulated 

through the Anaphase promoting complex/Cyclosome (APC/C) [reviewed in (44)]. This E3-

ligase polyubiquitiylates proteins — which keep the cell in metaphase — and targets them for 

proteasomal degradation, allowing the cell to progress into anaphase. Among others, the 

APC/C targets the mitotic Cyclins for degradation (Cyclin A and B). Thus, the respective Cdks 

are inactivated and their targets become progressively dephosphorylated by phosphatases, 

leading to exit from M-phase. The APC/C comes in two flavors, one is active from mid mitosis 

until anaphase onset, the other one from late mitosis until late G1-phase. The two different 

activities of the APC/C are a consequence of differential activator binding (45). One activator 

protein is Cdc20, which binds APC/C at the metaphase to anaphase transition, the second is 

Cdh1, binding from anaphase onwards. The two activator proteins determine the substrate 

recognition of the APC/C and thus mediate ubiquitylation of different targets at different 

times (46, 47). Early in mitosis both APC/C and Cdh1 are phosphorylated due to Cdk1 activity, 

allowing Cdc20 to bind to the APC/C (48, 49). APC/CCdc20 then triggers Cyclin degradation and 

thereby leads to a reduction in Cdk1 activity, consequently dephosphorylating Cdh1 and 

APC/C (48). This allows Cdh1 to bind to the APC/C and APC/CCdh1 as well as APC/CCdc20 

ubiquitylate Cdc20 leading to its degradation (50). 
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Figure 1: The somatic cell cycle is the basis of maintaining eukaryotic life. Interphase consists of two gap phases 
(G1, G2) and S-phase, in which the genomic information as well as the centrosomes are duplicated. M-phase 
consists of mitosis (the division of the genome) and cytokinesis (the division of cytoplasm). The illustration 
further highlights the sequence of events in mitosis, from prophase until telophase. 

 

1.3 The components of the spindle and their contribution to assembly 

To segregate and move sister chromatids into opposing directions in anaphase, the 

chromosomes need to be reorganized to allow faithful separation without any damage, and 

a bipolar spindle has to be assembled which can exert the required bidirectional pulling 

forces. The study of the mitotic spindle has started in 1882, when Flemming described the 

structure in animal cells (51), and we still do not understand the structure and the assembly 

in full complexity. Several exceptional features make it difficult to study: It is a transient, but 
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large structure within the cell, mainly composed of microtubules. But microtubules alone 

cannot segregate the chromatids. Instead, many copies of more than 800 additional different 

proteins collectively interact with the microtubules, the centrosomes and kinetochores 

leading to a complex multimolecular machinery that assures faithful sister chromatid 

segregation (52). Additionally, the spindle is one of the most dynamic cytoskeletal structures; 

it assembles a bipolar array from a very different interphase cytoskeletal organization, then 

dynamically segregates chromatids, and finally disassembles within about one hour in 

somatic cells. The basis of these complex rearrangements are dynamic microtubules with a 

short half-life of ~1 min (53). After introducing how chromosomes are restructured and 

prepared for sister chromatid segregation and which mechanisms drive microtubule 

dynamics and organization, I am later going to describe how the different spindle components 

regulate the intrinsic microtubule dynamics to guide spindle assembly. 

 

1.3.1 Mitotic Chromosomes 

The main purpose of mitosis is to ensure faithful distribution of the duplicated chromosomes 

to emerging daughter cells. Thus, the higher order structure of chromosomes has to change 

substantially. Chromosomes that are soft and amorphous during interphase have to be 

compacted to stiffer rod-shaped structures and the sister chromatids have to be 

disentangled. Achieving this structural change in early mitosis is essential for faithful 

chromatid segregation as errors in this rearrangement can lead to rupture of chromatids or 

mis-segregation of entire chromatids [reviewed in (54)]. 

 

1.3.1.1 Chromosome compaction 

Restructuring is reported to be sequence independent and to rather occur along the entire 

length of the chromatin molecules (55). In mammals, different factors contribute to this 

chromosome compaction [reviewed in (56)]: To an unknown degree mitotic histone 

modifications and thereby changed protein interactions might favor a more compact 

structure, but the field currently assumes that especially the two isoforms of the Condensin 

protein complexes, as well as Topoisomerase IIa, drive the higher order compaction. It is also 

assumed that the chromokinesin KIF4A supports the restructuring. How these restructuring 

factors are activated at mitotic onset is not entirely clear, but it has been reported that two 

of the Condensin II subunits are phosphorylated by Plk1 and Cdk1, respectively (57, 58). 
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Condensin II then seems to form large DNA loops along the chromosomal axis in early 

prophase driving the first axial compaction (59, 60), while Condensin I only localizes to 

chromosomes in prometaphase after NEBD  (59). From here until metaphase, and even until 

shortly after anaphase onset, chromosomes condense even further [reviewed in (56)]. It has 

been long proposed that Condensins organize the sister chromatid axes in mitosis (61), and 

these recent experiments support the hypothesis. In the current model, Condensin I would 

subdivide the large initial loops formed by condensin II with nested smaller loops after NEBD 

and again after anaphase onset (59, 60). 

 

1.3.1.2 Resolving sister chromatids 

During replication in S-phase, the sister chromatids become catenated. They intertwine, but 

they are also tethered together topologically through the ring-like cohesin protein complexes. 

Cohesin usually interacts with chromatin dynamically, but stable binding and cohesion is 

established during replication (62). This is achieved by acetylation of Cohesin during 

replication and the exchange of Cohesin binding partners (63, 64). Usually, Cohesin binds to 

Wapl, which renders its interaction with chromatin unstable. In contrast, the protein Sororin 

antagonizes Wapl binding to Cohesin, and stabilizes Cohesin mediated tethering of sister 

chromatids (64, 65). To resolve the sister chromatids in mitosis, this stable interaction is 

released in two steps: firstly in prophase (prophase pathway) and finally in anaphase (66). In 

prophase, stable cohesin interaction is released along the chromosome arms, but maintained 

at the centromere regions. This ensures that the sister chromatids do not segregate 

prematurely before the chromosomes are properly bi-oriented within the spindle. The 

centromeric cohesion is only removed at anaphase onset. During the prophase pathway, the 

dynamics of cohesin are reestablished when Wapl replaces Sororin binding to cohesin again.  

This is achieved through phosphorylation of the cohesin SA subunit and of Sororin. Since Cdk1 

and Aurora B phosphorylate Sororin (67), and Plk1 phosphorylates the SA subunit [reviewed 

in (68)], cohesins dissociate from the sister chromatid arms in a timely fashion in early mitosis. 

Not only the protein tethers are removed in prophase, most parts of the sister chromatids 

become decatenated by  Topoisomerase IIa, which seems to act in dependency of condensin 

II (69, 70). Later, the remaining catenation in centromeric regions can in principle be removed 

by pulling forces that microtubules and associated motors exert (71). 
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But while cohesion is resolved at the sister chromatid arms in prophase, it is protected at the 

centromeric regions by Shugoshin 1 and the phosphatase PP2A until anaphase. The Shugoshin 

1 protein, which localizes to the centromeric region, becomes phosphorylated and activated 

by Cdk1 to directly interact with centromeric Cohesins. Together with its binding partner 

phosphatase PP2A, Shugoshin 1 locally keeps Sororin and the cohesin SA subunit 

dephosphorylated (72, 73), and thus maintains the stable sister chromatid tethering at this 

specific chromosome site. In the past few years, it has also been shown that other pathways 

and factors can protect the centromeric cohesion, e.g. the Haspin kinase can bind to cohesin 

and antagonize Wapl mediated release of cohesin tethers at sister chromatid centromeres 

(74). It has also been reported that the chromosomal passenger complex (CPC) at the inner 

centromeric region supports the stable centromeric cohesion of the sister chromatids until 

all chromosomes are properly bi-oriented, but the underlying mechanism is unclear (75). 

In anaphase, Separase enzymatically cleaves the centromeric cohesin complexes (66, 76). The 

earlier mentioned ubiquitin ligase APC/C achieves the timely activation of Separase. Usually, 

multiple mechanisms secure the inactivation of Separase until all chromosomes are faithfully 

attached and mitosis can proceed into anaphase. Securin binding to Separase or Separase 

phosphorylation by Cyclin-Cdk1 maintain Separase inactive (66, 76, 77). And very recently, it 

has been shown that Shugoshin-Mad2 binding to Separase also redundantly inhibits Separase 

in mitotic cells (78). Securin and the Shugosin-Mad2 complex are among the APC/C’s 

substrates, which become ubiquitylated and subsequently release Separase leading to its 

activation. Thus, APC/C activity at mid mitosis allows Separase to cleave the remaining 

centromeric cohesin protein complexes and stimulates the final sister chromatid separation. 

The inhibitory phosphorylation is also removed by phosphatases, when Cyclin B is degraded 

in response to its ubiquitylation by the APC/C. 

 

1.3.1.3 Individualizing chromosomes during mitosis 

To keep single chromosomes and the sister chromatid arms individualized after NEBD until 

telophase, Ki-67, a protein from the chromosome periphery, has been reported to densely 

cover the rod shaped chromosomes and to act as  surfactant, which either sterically and/or 

electrostatically hinders individualized chromosomes to collapse on top of each other until 

the chromosomes are properly segregated (79). Intriguingly, upon mitotic exit Ki-67 reverses 

its behavior and mediates the clustering of chromosomes and excludes bulk cytoplasm from 
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the newly forming nucleus, which for example helps to exclude mature ribosomes that are 

too big to be exported through the nuclear pore complex later on (80). 

 

1.3.2 Kinetochores 

Kinetochores belong to the largest, non-polymeric protein assemblies found in cells. They 

crucially connect the chromosomes to the microtubules of mitotic and meiotic spindles (81), 

but also function as mechanosensors to assess proper chromosome bi-orientation. 

They form on the centromeres, often specific locations on chromosomes that are marked 

epigenetically, mostly by CENP-A, a variant of histone H3 (82, 83).     

Structurally, kinetochores can be broadly subdivided into an inner and outer kinetochore. The 

inner kinetochore contains the constitutive centromere associated network (CCAN), which 

itself consists of multiple subcomplexes (81, 84). Its major task is to form a very specific 

interaction with the centromeric CENP-A and subsequently enable the formation of the outer 

kinetochore (84). The outer kinetochore is the microtubule interaction surface and contains 

the KMN network, a protein complex consisting of KNL1, Mis12 and Ndc80 (85). While the 

CCAN is attached to the centromere throughout the cell cycle, the KMN network only gets 

recruited during mitosis to facilitate microtubule attachment (86). 

The KMN network is further heavily regulated to ensure that it only allows stable end-on 

attachments later in mitosis, when it is most likely that kinetochores are attached to 

microtubules in an amphitelic fashion, meaning that one sister kinetochore is attached to 

microtubule bundles from only one of the opposing poles, respectively  (87–89).  

In addition to its role in mediating the interaction of spindle microtubules with the 

chromosomes, the kinetochore is also the central signaling hub for the spindle assembly 

checkpoint (SAC), an essential mitotic checkpoint ensuring proper chromosome bi-

orientation. As already discussed earlier, the APC/CCdc20 complex is required to enable the 

final release of sister chromatid cohesion. The SAC ensures that this does not happen 

prematurely (90). The SAC primarily acts through the mitotic checkpoint complex consisting 

of the proteins Mad2, Bub3, BubR1 and Cdc20 (91–94). As long as kinetochores are not 

occupied with stable microtubule ends, this complex is produced and binds the APC/C 

complex, effectively inhibiting it until proper amphitelic kinetochore-microtubule interactions 

are established. 
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1.3.3 Microtubules  

Microtubules are cytoskeletal structures with a- and b-tubulin as their smallest building 

blocks. These two tubulins build heterodimers that bind non-covalently head to tail (95) and 

longitudinally in a continuous way to form protofilaments. 13-15 protofilaments bind laterally 

and form the hollow microtubule cylinder with a ~25 nm diameter. Such tubes can 

spontaneously assemble from soluble heterodimers above a critical concentration [reviewed 

in (96)]. Due to the head to tail interaction of the heterodimers and the parallel interaction of 

the protofilaments, the individual protofilaments and the assembled microtubule are 

polarized (97). The end of the microtubule with the b-subunits exposed is called the plus end, 

the end with the a-subunits at the periphery is called the minus end (98). The head to tail 

interactions of the monomers and dimers, and the lateral interactions between 

protofilaments also hold the tubulin subunits at the microtubule core in place [reviewed in 

(99)]. Loss and addition of subunits occurs mostly at the microtubule ends, although 

incorporation of tubulin dimers into the mechanically damaged or defective lattice has also 

been reported more recently (100, 101). 

 

1.3.3.1 Intrinsic microtubule dynamics 

Microtubule ends are dynamic, they grow and shrink—polymerize and depolymerize. The 

polymerization rate can quickly change, fast growth can be interrupted by rapid shrinkage 

(catastrophe), but this shrinkage can also be ‘rescued’, and the tip can grow again. This rapid 

and stochastic change between growth, catastrophe and rescue of microtubules, is called 

dynamic instability (102). The conformation of the tubulin heterodimers, that form the 

protofilament are crucial to determine this balance. 

a- and b-tubulin each have a binding site for guanine nucleotides. The so-called N-site within 

a-tubulin binds guanosine triphosphate (GTP) non-exchangeably, trapping it at the 

heterodimer interphase (95). The E-site within b-tubulin binds GTP exchangeably in the 

soluble tubulin dimer as well as in the polymer (103). Once a new heterodimer is added onto 

the tip of an existing protofilament, the GTP bound b-tubulin is hydrolyzed through the 

intrinsic GTPase activity (103, 104), but the resulting GDP remains stably bound (103). 

Upon hydrolysis of the b-tubulin bound GTP, the conformation of the tubulin dimer changes, 

building up strain in the lattice (105, 106), and the whole tubulin polymer with bound GDP 
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becomes more susceptible to depolymerization. In vitro, protofilaments with GTP caps are 

straight and make regular lateral contacts within the microtubules, but tips with GDP bound 

tubulin dimers become curved and due to the energy release at hydrolysis the protofilaments 

rapidly peel off (107). The microtubule tip structure itself is very diverse [reviewed in (99)] 

and in addition to protofilament curvature, sheet like structures can form and the tips of the 

length of laterally bound protofilaments can vary resulting in a tapered structure of the entire 

tip (107, 108), influencing the overall dynamics. 

Hydrolysis and polymerization happen at different rates and the polymerization rate depends 

on the concentration of free tubulin dimers (103). Thus, if a new heterodimer subunit can be 

added to a protofilament before the tip located b-tubulin hydrolyzes the GTP, the polymer 

can start to form a stable GTP cap. At low growth rates, the microtubule tip region contains 

mostly tubulin dimers bound to GDP and is thus less stable: The microtubule 

depolymerization rate is two to three orders of magnitude higher in the GDP bound state than 

if it is GTP-bound (102, 109, 110). In principle, microtubules can shrink and grow at both ends, 

however polymerization and depolymerization rates strongly vary between them (111) and 

they grow faster at the plus ends than at the minus ends (102, 111). 

Modelling studies and experimental in vitro studies using TIRF microscopy and laser tweezers 

to investigate single microtubule dynamics have also shown that there is likely one more 

order of complexity to the intrinsic dynamics of the tips as depolymerization also seems to 

vary and depend on the free tubulin dimer concentration (112). Since tip structure changes 

upon growth at increasing tubulin concentrations towards presenting more protofilament 

tips without lateral neighbors, the dissociation of the subunits in these unstable tips is also 

increased. 

And in addition to being dynamic at the ends, it has more recently been evaluated, whether 

tubulin dimers are also exchanged along the microtubule shaft. In response to mechanical 

damage, tubulin dimers are added into the damaged lattice in vitro and inside cells (100, 113, 

114). And it has even been suggested that dimer exchange within the lattice could be a 

general mechanism to maintain long lived microtubules that could become defective over 

time (101). 

Beyond these microtubule intrinsic dynamics in the cell even more layers of complexity are 

encountered. Tubulin dimers can assume various conformations in the microtubule lattice, 

and this determines the stored energy. Additionally, multiple factors can influence these 
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conformations, and thus the intrinsic dynamic behavior of microtubules: nucleation sites, 

posttranslational modifications of tubulin, and the interaction with multiple microtubule- 

associated proteins (MAPs). 

In summary the last three decades of research revealed that microtubules are an inherently 

extremely dynamic and highly regulatable polymer. However, exactly these dynamics are 

important to allow for the rapid structural rearrangements that occur at the transition from 

interphase to M-phase and crucial for the formation and function of the mitotic spindle. 

 

1.3.4 Microtubule associating proteins (MAPs) 

High throughput screens have identified >200 MAPs, many of which are important for spindle 

assembly (115–117). They can be categorized according to their function and their 

interactions with microtubules and include microtubule motor proteins, microtubule tip 

binding proteins, microtubule polymerases and depolymerases, microtubule severing 

proteins, microtubule cross-linkers, as well as microtubule nucleation factors. 

 

1.3.4.1 Microtubule motor and crosslinking proteins 

The microtubule motor proteins use the polar microtubules as tracks to move cargo 

monodirectionally through the cell along these cytoskeletal structures. Cells contain two 

major classes of microtubule motor proteins: dynein and kinesins. Other MAPs bundle 

microtubules together, so called microtubule crosslinking proteins. Both of these MAP types 

control how microtubules arrange within the cell and respective to each other. 

Cells contain one cytoplasmic dynein, which is a 1.4 MDa multiprotein complex and acts as 

the major minus end directed motor in eukaryotic cells (118). It however, only efficiently 

translocates along microtubules, if it is bound to a cargo-specific adaptor protein and to its 

universal activator dynactin (119).  

In contrast, more than 40 different kinesins have been identified, and they can differ in their 

motor and cargo binding domains and are differentially regulated in space and at different 

times of the cell cycle [reviewed in (120)]. Intriguingly, the location of the microtubule motor 

domain is essential to define the directionality of the kinesin. While kinesins with the motor 

domain at their N-terminus move to the plus end, kinesins with the motor domain at the C-

terminus move to the minus end and those with the motor domain in the middle 

depolymerize microtubules (121). 
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Some motors interact with chromosomes and kinetochores and are thus also called 

chromokinesins. They help to position the chromosomes differently at different phases of 

spindle assembly during mitosis [reviewed in (122)]. 

Motors can also bind microtubules as cargo and thus transport microtubules alongside each 

other. With two opposing motor domains, they can even translocate along two microtubules 

simultaneously and slide them alongside each other in an antiparallel fashion. This is the case 

for the minus-end directed dynein, and the plus end directed tetrameric vertebrate kinesin-5 

(Eg5) and kinesin-12 (Kif15) (123–125). In addition to being motors, Eg5 and Kif15 can also 

cross-link microtubule plus ends (124, 125). But there are also purely static microtubule cross-

linking MAPs, which bundle microtubule together along their lattice, as e.g. PRC1, which 

crosslinks antiparallel arrays and helps to control the length of their overlap (126). 

The motor protein based crosslinks together with specific non-motor crosslinking MAPs, like 

NuMA—that bundle microtubules together—are also important for the arrangement of astral 

microtubule arrays contrasting from parallel or antiparallel bundles [reviewed in (127)]. 

 

1.3.4.2 Microtubule tip binding proteins 

Additional regulators of microtubule dynamics are microtubule plus end tracking proteins 

(+TIPs), which seem to bind to the limited sites of microtubule plus ends in a hierarchical 

manner (128). They can influence the intrinsic microtubule dynamics or recruit microtubule 

polymerases and depolymerases to the growing end. A well-studied family of these +TIPs are 

the microtubule end binding proteins (EBs). EB1 as an example binds to the microtubule cap 

region of growing microtubules and promotes transitions from GTP to GDP bound tubulin 

[reviewed in (99)]. However, EBs can in principle also bind to growing minus ends. 

Other minus end binding MAPs (-TIPs) and their functions have only been described in the 

last decade [reviewed in (129)]. In mammals, the CAMSAP proteins associate with stable and 

dynamic minus ends of microtubules. It has been reported that CAMSAP1 is recruited to 

growing minus ends, while CAMSAP2 and 3 start decorating the growing lattice from minus 

ends to stabilize microtubules from depolymerization (130, 131). CAMSAPs organize 

microtubule minus ends independently of centrosomes and seem to mainly act in interphase 

(132). More recent studies also reported microtubule minus end binding proteins active in 

mitosis: For example, a protein complex, consistent of KANSL3, KANSL1 and MCRS1, was 
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suggested to stabilize chromosome microtubules and K-fibers and to regulate their dynamics 

(133, 134). 

Other MAPs induce or stabilize certain dimer conformations within the microtubule lattice 

that either stabilize or destabilize it, and thus either promote growth or shrinkage [reviewed 

in (135)]. 

 

1.3.4.3 Microtubule depolymerases and polymerases 

Microtubule depolymerases stabilize the curved dimer conformation of subunits in the lattice 

end leading to curved protofilaments. This curved conformation is also the conformation of 

soluble tubulin dimers. Examples for such depolymerases are stathmin and kinesin-13 

proteins. Kinesin-13 proteins have evolved their ATP-dependent motor activity to 

depolymerize microtubule ends (136) and it has been suggested that they induce or stabilize 

the outward curvature of tubulin dimers at microtubule ends and finally release subunits from 

the filaments. In contrast, microtubule polymerases promote microtubule growth or rescue 

from catastrophic shrinkage. TOG domain containing XMAP215 proteins (in humans chTOG) 

seem to progressively interact with tubulin heterodimers at microtubule plus ends. It has 

been suggested that XMAP215 accumulates and tethers curved soluble tubulin dimers to still 

curved, bound tubulin at the microtubule plus ends (137). 

In addition to MAPS, which mediate depolymerization and polymerization at microtubule 

ends, some MAPs, called severing proteins (including katanin, spastin and fidgetin), can 

generate internal breaks in the microtubule lattice and thereby promote microtubule 

disassembly (138–140).  These enzymes can remove tubulin dimers from the wall of 

microtubules and thereby promote bending and kinking of the entire microtubule, which 

often precedes the full severing (140).  

 

1.3.4.4 Microtubule nucleation factors 

Another important type of MAPs are the microtubule nucleation factors, which allow 

assembly of filamentous microtubules, even at concentrations of the soluble tubulin dimers 

below the critical concentration for spontaneous polymerization. g-tubulin is a critical 

nucleation factor, which is part of a complex, the g-tubulin ring complex (g-TURC). This 

complex becomes activated for nucleation within confined sites, the microtubule organizing 
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centers (MTOCs). In most cycling mammalian cells such MTOCs are the centrosomes or the 

mitotic spindle (141–143). 

In addition to g-tubulin, the core of the g-TURC further consists of GCP2-6. Other proteins as 

NEDD1 and Mozart 1 and 2 have also been shown to associate with the g-TURC [reviewed in 

(144)]. Several copies of the small complex g-TUSC, consistent of GCP2 and 3 and a pair of g-

tubulin, seem to build the core of the mammalian g-TURC. The assembly of a g-TUSC ring was 

shown to consist of seven laterally binding g-TUSC units. One of the g-tubulins within the first 

g-TUSC overlaps with the second g-tubulin of the last g-TUSC unit in the circle, leading to a 13-

fold circular arrangement of g-tubulin units, which was originally suggested to serve as a 

template to nucleate microtubules consisting of 13 protofilaments, however the radial 

symmetry of the g-tubulin pairs does not perfectly match the microtubule protofilament 

symmetry (145). For the actual g-TURC, the constitution and arrangement of GCPs and g-

tubulin were only recently described (146): two of the g-TUSC subunits are replaced by g-

TURC specific subunits of GCP4-5, and GCP4-6, associating with a pair of g-tubulin, each (146). 

Together with five g-TUSC entities, and surprisingly an actin molecule, they formed a spiral 

arrangement with 14 g-tubulin ‘spokes’, not matching the 13-fold symmetry of microtubules. 

As the radial symmetry of g-tubulins in either the g-TUSC or g-TURC ring does not perfectly 

match the protofilament symmetry in a normal microtubule, it was suggested that 

conformational changes, induced e.g. by anchoring proteins, could render the complexes into 

active nucleation sites, e.g. CDK5RAP2 (144, 146). But this still has to be structurally 

determined. g-TURC is a universal nucleator in cells and is not only active at the major MTOCs 

(the centrosomes), but it can also be recruited to other sites. For example, the Augmin 

complex is an important g-TURC recruiting machinery promoting nucleation at existing 

spindle microtubules and will be discussed in more detail in section 1.3.6.3. 

In summary, MAPs are key regulators of microtubule structure and dynamics through 

multiple different functionalities—some MAPs have even more than one of the above-

described functions or evolved one function into another. 

Later on, I am going to discuss how microtubule dynamics are modulated during spindle 

assembly and how they even provide the forces to pull the sister chromatids far enough apart 

that they are included in separate newly forming nuclei. 

 



INTRODUCTION 

 17 

1.3.5 Microtubule organizing centers and centrosomes 

MTOCs in principle have two major functions. First, they are sites where microtubules are 

preferentially nucleated (147) and second, they stabilize and anchor microtubule minus ends 

[reviewed in (148)]. In most cycling animal cells, the centrosomes are the main MTOCs (141, 

142), where microtubules with primarily 13-protofilaments emanate (149). 

 

1.3.5.1 Centrosomes 

Centrosomes are membrane-less organelles organized around two microtubule-based 

structures—the centrioles, which can be subdivided into a mother and daughter centriole. 

Both centrioles have a dominant cartwheel structure, around which microtubules are ordered 

with ninefold radial symmetry. Mature centrioles have  a defined length of about 500 nm, 

while having a diameter of approximately 250 nm (150). 

Around the centrioles is the pericentriolar material (PCM), which has been shown to drive 

microtubule nucleation at centrosomes (151). The pericentriolar matrix generally regulates 

the microtubule dynamics and organization, but also seems to adopt a favorable structure 

and to concentrate the factors for centriole duplication (152, 153). The best described 

components of the PCM are Pericentrin, Centrosomal protein 192 (Cep192), CDK5RAP2, 

Cep152, CPAP and g-tubulin, which seem to be the necessary pericentriolar scaffold to recruit 

other regulators of centrosome function and duplication [summarized in (154)]. 

Centrioles duplicate once per cell cycle during S-phase, which is important, as overduplication 

causes formation of multipolar spindles during mitosis, which in turn promote chromosomal 

instability as frequently seen in cancer cells (155, 156). Thus, most vertebrate cells contain 

two centrioles (one centrosome) in G1-phase or two pairs of centrioles (two centrosomes) in 

G2-phase (157). In resting cells, centrioles are usually restructured into basal bodies of primary 

cilia, which play fundamental roles in flow sensation and generation for signaling purposes, 

but also for cellular motion [reviewed in (158)]. However, as main microtubule organizing 

centers, the centrosomes are also important in regulating cell shape, polarity and motility, as 

well as spindle formation, chromosome segregation and cytokinesis. Especially for their role 

during cell division, the duplication in S-phase is important [reviewed in (159)]. Usually, both 

the original mother and daughter centrioles serve as parent template structures. The new 

procentrioles assemble at a near orthogonal angle and tightly connected to the respective 

parent centriole. 
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The structural basis of the microtubule organization into triplets of ninefold radial symmetry 

was shown to be the cartwheel arrangement of the SAS-6 oligomer rings (160–163). A stack 

of multiple SAS-6 rings with nine spokes, each, promotes procentriole formation with ninefold 

symmetry orthogonal to the parent centriole [reviewed in (159)]. A multitude of other 

proteins drives procentriole formation, e.g. CPAP seems to regulate centriole microtubule 

growth and CP110 was suggested to cap their tips and thus determine centriole length (164).  

Interestingly, in cells that usually contain centrosomes, these can also form de novo in the 

complete absence of template structures when the latter are destroyed beforehand (165, 

166). After initial duplication in S-phase, the newly generated centrioles continue to elongate 

throughout the remaining S- and G2-phases. 

However, they can only serve as templates in the next S-phase and only in the subsequent 

G2- or M-phase do they acquire their fully mature structure with distal and subdistal 

appendices, which are important for ciliogenesis and microtubule anchoring [reviewed in 

(159)]. While the newly formed daughter centrioles need to mature throughout one cell cycle, 

the parent centrioles have reached their maturity at the G2-/M-phase transition. 

At the same time, the PCM, which surrounds these parent centrioles expands quickly. During 

the last decade, we have started to understand how the PCM is structured and how it 

reorganizes, with the development of fluorescence imaging techniques below the diffraction 

limit [reviewed in (167)]. The PCM was shown to be structured in different layers dependent 

on cell cycle progression. The different PCM proteins distribute in rings around the inner 

centrioles The PCM is structured in different layers dependent on cell cycle progression and 

the different PCM proteins distribute in rings around the inner centrioles (168–171). 

Pericentrin and Cep152 seem to be elongated proteins that expand away from the centrioles 

and seem to span the protein layers of the PCM close to centrioles (168, 169). Other proteins 

like Cep192 and CDK5RAP2 were suggested to create a matrix at the surface of this inner PCM 

layers to anchor the g-TURC and promote microtubule nucleation as described in section 

1.3.4.4. At mitotic entry, expansion of the PCM happens in a less ordered fashion generating 

the gel-like properties of the outer PCM [reviewed in (167)]. 

An in vitro study with C. elegans PCM components has also indicated that this gel-like state 

and locally increased concentrations of tubulin dimers within PCM condensates might also 

allow microtubule nucleation independently of the g-TURC (172). PCM expansion at the G2/M 

transition was suggested to be a consequence of Plk1 mediated phosphorylation of PCM 
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proteins, e.g. pericentrin and Cep192, which subsequently recruit more PCM material like 

other scaffolding proteins, and microtubule nucleating complexes (173–175). Since the PCM 

also contains the microtubule nucleation sites, the centrosomal maturation goes along with 

increased microtubule nucleation and dynamics.  

Until the parent centrioles have reached their maturity, the centrosomes remain tethered 

together through a linker of different proteins. More recently, it had also been suggested that 

antiparallel microtubules support this intercentriolar link through the motor activity of a 

minus end directed motor proteins of the kinesin 14 family (176, 177). 

The duplicated centrosomes only start to separate and move apart at the beginning of mitosis 

by a coordinated action of dynein and Eg5 (178). Before NEBD, dynein is localized at the 

nuclear envelope through direct interaction with the linker of nucleoskeleton and 

cytoskeleton (LINC) complex proteins or indirect interaction with the nucleoporins of the 

nuclear pore complex (NPC) [reviewed in (179)]. Dynein can then pull on microtubules 

emanating from the two centrosomes and can pull them in opposite directions along the 

envelope (178). Eg5 on the other hand exerts pushing forces along antiparallel microtubules 

emanating from the opposing asters after NEBD, moving them apart. 

 

1.3.5.2 Non-centrosomal MTOCs 

Centrosomes are not always the main MTOCs, and non-centrosomal MTOCs exist for example 

in some differentiated cells, where microtubules do not have to be organized radially 

[reviewed in (148)]. Such MTOCs are found at apical sites of polar cells like epithelial cells, or 

at the cortex of epidermal cells. They have also been found to localize at the nuclear 

membrane in muscles, at preexisting microtubules in neurons, or at the Golgi apparatus or 

the mitochondria in multiple cell types. Also, oocytes of many species lack centrioles, 

including those of mammals like mouse and human (180, 181). 

In these oocytes, centrosomes are typically eliminated during oogenesis. In some species like 

Drosophila melanogaster and C. elegans it has for example been shown that the PCM is first 

disassembled followed by centrosome elimination (182, 183). In mouse oocytes, the 

elimination seems to start upon follicular recruitment of incompetent germinal vesicle stage 

oocytes and continue throughout the entire oocyte maturation, including meiosis, but it is 

less clear how the PCM is involved in that process (184). Interestingly, however, mouse 

oocytes use non-centrosomal MTOCs to organize microtubules during meiotic spindle 
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assembly and these non-centrosomal MTOCs seem to functionally resemble centrosomes in 

most of their mitotic properties (185). 

Non-centrosomal MTOCs have not yet been as extensively studied as centrosomes, and the 

exact composition of various non-centrosomal MTOCs at different cellular sites remains to be 

determined. Especially oocyte MTOCs seem to contain and functionally rely on several PCM 

proteins like pericentrin and Cep192 (186–188), but there are other MTOCs of very different 

composition. 

If these MTOCs nucleate microtubules, they have to contain appropriate proteins, 

alternatively, if they only anchor and organize microtubules, they just need to contain 

proteins that interact with and anchor microtubule minus ends. One nucleator commonly 

found at centrosomes, but also acentrosomal MTOCs is the above mentioned g-TURC. 

However, it does not only nucleate, but also cap microtubule minus ends, preventing these 

ends from growing and shrinking (189). The g-TURC is anchored to the centrosome, but also 

to some non-centrosomal MTOCs by different PCM proteins, like Ninein (190), Pericentrin, 

Cep192 (174, 191, 192) and others. But there are non-centrosomal MTOCs, where the g-TURC 

seems to be recruited differently, for example at microtubule anchored MTOCs, TPX2 and the 

Augmin complex have been suggested to mediate the recruitment (193–195). Interestingly, 

g-TURC anchorage at MTOCs, does not necessarily result in microtubule nucleation. As shown 

in mouse keratinocytes, centrosomal localization of the g-TURC by CDK5RAP2 did promote 

nucleation, while NEDD1 anchored the g-TURC at centrosomes without inducing nucleation 

(196). Especially at MTOCs that do not nucleate microtubules, the previously described 

CAMSAP (Patronin) proteins, which bind to microtubule minus ends seem to be important to 

stabilize microtubules at these sites (197). 

It has more recently been suggested that nucleation at MTOCs might depend on other factors 

than the g-TURC. Nucleation might also be driven by locally concentrating tubulin dimers 

within condensates of few centrosomal proteins and by stabilizing nucleates. In vitro, the C. 

elegans homologue of CDK5RAP2 was shown to induce spherical condensates and together 

with XMAP215 and TPX2, it accumulated tubulin and induced microtubule aster formation 

(172). 
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1.3.6 The spindle and how it is assembled from and around the core components 

The mitotic spindle is the machinery that pulls the sister chromatids apart to opposite ends 

within the cellular volume in anaphase. This can be achieved after the spindle has assembled 

into a bipolar array of microtubules and the two sister chromatids of each chromosome face 

the opposite spindle poles and are stably attached to microtubule bundles from only one 

pole, each (biorientation). Microtubule minus ends are usually focused at these poles and the 

plus ends radiate outwards and towards the respective opposite spindle pole. 

 

1.3.6.1 Microtubule types in the spindle 

Three types of microtubules have been categorized, which make up the spindle and are 

differently involved in the force generations [reviewed in (198)]: kinetochore microtubules, 

astral microtubules and non-kinetochore microtubules (see Figure 2 for a schematic 

overview).  

Kinetochore microtubules attach to the sister chromatid kinetochores and link the chromatids 

to opposite poles. Tens of kinetochore microtubules attach to the kinetochore of each sister 

chromatid to form the kinetochore fibers (K-fibers), where the individual microtubules seem 

to form a common system and to be stabilized, since detachment of these fibers from the 

kinetochores leads to rapid depolymerization of the entire bundle (199). K-fibers exert the 

pulling forces on chromosomes at their kinetochores and they silence the spindle assembly 

checkpoint (SAC), which is previously generated at unattached kinetochores. The kinetochore 

fibers are under constant flux: While being attached to the kinetochores, the plus ends can 

still grow through polymerization and the minus ends are still slided to the spindle poles, 

where they depolymerize leading to treadmilling of the microtubules in each spindle half 

(200). In anaphase, the depolymerization at the pole is combined with depolymerization at 

the plus end while maintaining attachment, resulting in pulling forces on the kinetochores. 

Here, forces in the order of tens of pN are generated through hydrolysis of the GTP cap and 

outward curling of filaments within a K-fiber bundle [reviewed in (198)]. In addition, dynein 

can help to slide kinetochore bundles poleward (201). 

Astral microtubules radiate outwards from the poles towards the cellular cortex and thus help 

to position the spindle, usually at the center of the cell (202–205). Plus ends of the astral 

microtubules can exert pushing forces by polymerization, but they especially interact with 

microtubule motors and crosslinkers at the cortex, which can then pull on the asters. 
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Non-kinetochore microtubules that originate from the different poles, typically overlap with 

their antiparallel plus ends at the spindle midzone. These provide the platform for opposing 

microtubule motor activities, e.g. of minus end directed dynein and plus end directed kinesin 

5, which can slide antiparallel microtubules alongside each other, but in opposite directions 

(123, 124, 206). Such opposing sliding activities are important to establish spindle bipolarity 

in prometaphase. In anaphase, these interpolar microtubules are again bound by crosslinkers 

and motor proteins to push the poles apart and to establish a stable midzone for subsequent 

cytokinesis. The antiparallel microtubule crosslinker PRC1 and the microtubule depolymerase 

kinesin 4 have been suggested to establish this midzone (126, 207, 208). The antiparallel 

microtubules first grow and slide along each other by means of microtubule motors like Eg5, 

which push the spindle poles further apart. But when PRC1 has recruited kinesin 4, PRC1 likely 

gets compacted to the very tip of the overlapping plus ends and kinesin 4 at this location 

inhibits microtubule plus end growth, so that midzone length reaches a stable limit creating 

the stable anaphase midzone after chromosome segregation. More recently, antiparallel non-

kinetochore microtubules crosslinked by PRC1 have also been shown to bridge sister 

kinetochore fibers in metaphase, and were suggested to regulate the tension between the 

opposing kinetochore fibers (209). 

 
Figure 2: The mitotic spindle. The major purpose of the mitotic spindle is the segregation of the sister 
chromatids of a chromosome. The major structural components are microtubules. Different spindle microtubule 
types carry out specific functions. Astral microtubules connect the centrosome consisting of the PCM and the 
centrioles to the cell cortex and mediate spindle positioning within the cell. K-fibers connect the sister 
chromatids to the centrosomes, via binding to their kinetochores. Non-kinetochore microtubules are for 
example interpolar microtubules, which connect the two spindle poles. They also include microtubules from the 
opposite poles, which overlap at the spindle center in an anti-parallel fashion to create the spindle midzone. K-
fiber bridges connect K-fibers that are attached to the two kinetochores of one chromosome. 
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1.3.6.2 Microtubule dynamics and organization within the spindle 

To study the organization and dynamic behavior of microtubules within the spindle has been 

very challenging [reviewed in (210)]. For long it was difficult to collect dynamic information 

about individual microtubules and how they organize within the context of the bipolar spindle 

as spindles are huge structures, which consistent of hundreds of thousands of microtubules. 

Light microscopy could not resolve individual microtubules within these dense structures and 

electron microscopy gave only static information of spindle subsections. But it was early on 

described that compared to interphase microtubules, mitotic microtubules are more dynamic 

with increased catastrophe frequency and reduced rescue frequency (211, 212). 

When the first spindle assembly dynamics and mechanisms were described, the centrosomes 

were thought to be the sole source and minus end organizers of dynamic spindle 

microtubules, whose plus ends were suggested to be stabilized upon binding to kinetochores 

finally establishing the bipolar and fusiform spindle with the two centrosomes predefining the 

poles (147, 213). Albeit the centrosomes being the major MTOC in most animal cells in 

interphase and also in mitosis, we have become aware of additional factors influencing 

spindle microtubule organization and dynamics that promote microtubule-kinetochore 

interactions, especially of microtubules that are not organized by centrosomes [reviewed in 

(214)]. 

Fluorescence confocal imaging of microtubule end binding protein 1 (EB1) localizing to 

growing spindle microtubule ends in X. leavis egg extracts has shown that the polymerization 

velocity of microtubules is similar throughout the entire length of the spindle, but that EB1 is 

more abundant at the spindle center (215). This suggested that chromosomes do play an 

important role in regulating spindle microtubule dynamics and/or nucleation. This was well 

in line with the earlier finding that microtubules organize into spindles around chromosome 

beads in the absence of centrosomes in X. laevis egg extracts (216). Also, with the imaging of 

EB1 to track growing ends, a study in Drosophila S2 cells showed that multiple microtubules 

grew from acentrosomal poles within the spindle towards the chromosomal metaphase plate. 

The authors suggested that bipolar spindles self-organize by stimulating microtubule growth 

from within the spindle (217). That acentrosomal MTOCs could localize within the spindle was 

further supported by the finding that microtubule minus ends are distributed throughout the 

meiotic spindle in X. laevis eggs and that these ends are sorted by flux towards the poles 

(218). It was also shown that the high density of microtubules within the spindles is likely a 
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result of enhanced local nucleation as the dynamics of microtubules inside and outside 

spindle microtubule assemblies were the same (219). For example in human cells, the g-TURC 

can also be found at the minus ends of non-centrosomal spindle microtubules (143). 

Subsequently, motor activities of dynein, HSET and Eg5 sort minus ends towards the poles. 

Minus end directed motors like HSET and dynein actively pull minus ends of microtubules 

towards the poles (216, 220, 221). In contrast, Eg5 supports this poleward microtubule 

movement by sliding the anti-parallel microtubules in the central spindle outwards (124, 222, 

223), until this is counteracted by minus end directed activity of dynein, which can also move 

along antiparallel microtubules towards their respective minus ends (123, 206). The overall 

poleward movement is slowed down near the poles and the minus ends are then clustered at 

the poles, probably by dynein-regulated crosslinkers like NuMA (224, 225). Only few 

microtubules seem to directly connect the pole to the metaphase plate. If centrosomes are 

present, they nucleate microtubules and bind and organize their minus ends, and it is 

assumed that NuMA and dynein also establish centrosomal poles (224–226). 

These observations are in line with modellings of bipolar spindle assembly that suggest that 

microtubules nucleate within the spindle and are then rearranged and organized through 

microtubule motors, which drive outward sliding of the minus ends, clustering, and eventually 

depolymerization [Slide and cluster models (227)]. 

The above-mentioned studies gave insights into the structural organization and dynamics of 

microtubules within spindles, but they also provided first insights into how and where 

microtubules start to grow. In the following section I am going to discuss in more detail the 

various sites of microtubule nucleation relevant for spindle assembly that take place at the 

centrosomes, chromosomes and kinetochores.  

 

1.3.6.3 Microtubule nucleation pathways in spindle formation 

Centrosomal nucleation 

Originally the centrosomes were thought to nucleate the spindle microtubules by 

mechanisms described in 1.3.4.4 and 1.3.5 and illustrated in Figure 3. It was suggested that 

the dynamic microtubule plus ends, which emanate from the centrosomes—while they grow, 

shrink and regrow—randomly search the cellular space to attach to the kinetochores of the 

sister chromatids, where the microtubules would be capped and stabilized (213). This model 

for initial spindle assembly driven by centrosomal microtubules is called the ‘search and 
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capture model’. It was suggested that over time, more and more individual microtubules 

would become stabilized at the kinetochores by repetitive capture and thus, the number of 

kinetochore microtubules would increase, while astral microtubules would decrease 

proportionally. This was supposed to eventually lead to the well-known fusiform spindle. And 

indeed, it has been shown that kinetochores can capture astral microtubules (228, 229). 

However, it was later shown that centrosomal microtubules cannot be faithfully captured by 

all sister kinetochores through random search during the usually short pro-metaphase of 

vertebrate somatic cells (230) or during meiosis of large germ cells (231). Even though, it has 

been reported that the chromosomes are positioned like a belt at the early spindle surface to 

favor that microtubules from the opposite poles attach to sister kinetochores (amphitelic 

attachments) (232), additional cues were suggested to be important to assemble a bipolar 

spindle. Especially since bipolar mitotic spindles do form in the absence of one or both 

centrosomes (216, 233). 

 

Nucleation around chromosomes 

Many studies have indicated that the chromosomes are more than passive components of 

the spindle waiting to capture centrosomal microtubules. The above mentioned studies in  

Xenopus egg extracts have shown that chromosomes prime and promote bipolar spindle 

assembly in the absence of centrosomes and kinetochores (216). Even in cells that possess 

centrosomes, it could be shown that microtubules nucleate around condensed chromosomes 

if the centrosomes are localized far away from the chromosomes (234, 235). Nucleation 

around chromosomes thus complements the centrosomal nucleation pathway and facilitates 

microtubule capture by the kinetochores since the distance by which microtubules have to 

grow is decreased and their capture by the small kinetochore is more likely [discussed in 

(214)]. 

A specific local proteome around the chromosomes drives microtubule nucleation in close 

proximity. At the core of this environment is the small GTPase Ras-related nuclear protein 

(Ran). Ran can bind guanosine di- or triphosphate, GDP or GTP (236). In interphase, the GTP 

bound form is mainly found in the nucleus, while the smaller amount of the GDP bound form 

is mainly cytoplasmic. This sharp gradient across the nuclear envelope is used for 

nucleocytoplasmic transport [reviewed in (237)]. The spatial distribution of Ran-GDP and Ran-

GTP is driven by different factors. First, Ran is actively transported into the nucleus by 
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transport factor NTF2 and is thus more abundant in the nucleoplasm (238, 239). Second, 

regulator of chromatin condensation 1 (RCC1), which is the guanine nucleotide exchange 

factor for Ran, is nucleoplasmic. Precisely, RCC1 binds to chromatin, especially to histones 2A 

and B, where it is most active (240) and triggers a guanine nucleotide exchange in Ran (241). 

As GTP is ~10-fold higher concentrated than GDP in cells, the RCC1 based nucleotide exchange 

thermodynamically favors the formation of Ran-GTP in the nucleus (242). In the cytoplasm, 

RCC1  is kept inactive (243). Here, instead the Ran GTPase activating protein (RanGAP1) is 

highly active and stimulates the GTPase activity of Ran (244, 245). Thus, cytoplasmic Ran is 

mostly bound to GDP. At NEBD, when the membrane compartmentalization of the nucleus is 

dissolved, a local gradient of Ran-GTP is established around chromatin (246, 247). And Ran-

GTP, generated through chromatin bound RCC1, was shown to drive spindle microtubule 

nucleation and stabilization, and to be essential for the fast assembly of a bipolar spindle 

(248–250). The activity of RCC1 alone on beads can induce spindle formation around them in 

cell extracts further showing the importance of the Ran-GTP signaling for spindle assembly 

(251). 

Ran-GTP influences microtubule nucleation and dynamics through multiple interactions (a 

selection of Ran-GTP dependent mechanisms is shown in Figure 3). Since it binds to the carrier 

proteins involved in nucleoplasmic transport, like Importins or Transportin, their cargo 

proteins play an important role for microtubule nucleation and initiation of spindle assembly. 

Upon NEBD, Ran-GTP has access to the cytoplasm, where it can activate spindle assembly 

factors (SAFs) by displacing inhibitory importins from them.  The SAFs then act to stabilize 

microtubules and promote spindle formation (252–254). So far this mechanism has been 

described for multiple SAFs but it is likely true for many more [reviewed in (210, 237)]. One 

of the most important and well-characterized SAFs is targeting protein for Xenopus kinesin 

like protein 2 (TPX2). Prior to NEBD, TPX2 is inhibited by binding to Importin a and b, which 

are released upon Ran-GTP binding during M-phase, which leads to spontaneous microtubule 

assembly around chromosomes (252). TPX2 was first reported to promote chromosomal 

nucleation indirectly by recruiting and binding the Aurora kinase A (255, 256). Activated 

Aurora A was shown to phosphorylate NEDD1, a g-TURC anchor protein, at one specific 

residue, which is essential to promote chromosomal nucleation (257). Together with TPX2, 

NEDD1 was suggested to recruit g-TURC to the chromosomal environment, but at the same 
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time TPX2 also seemed to provide a platform for g-TURC activation (258). On the other hand, 

in vitro TPX2 directly promoted microtubule nucleation (259), and recently it has been 

suggested that TPX2 achieves this by stabilizing early nucleation intermediates independently 

of the g-TURC (96). 

Besides these importin mediated mechanisms, Ran-GTP is also involved in stabilizing minus 

ends of chromosomal microtubules. First, MCRS1 has been identified as a MAP that stabilizes 

minus ends of short microtubules around the chromosomes after being released from 

Importin b by Ran-GTP binding (133). Shortly afterwards, it was shown that in the presence 

of Ran-GTP, the KANSL1 and KANSL3 of the chromatin modifying mammalian nonspecific 

lethal complex, also localize to these minus ends and stabilize them, supposedly in a complex 

with MCRS1 (134). 
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Figure 3: Microtubule nucleation pathways involved in the formation of the mitotic spindle. The upper panel 
shows a schematic illustration of cell division. After the G2 interphase stage, in which centrosomes and DNA are 
already duplicated, the cell enters mitosis. After NEBD, the bipolar spindle assembles around the chromosomes. 
Chromosomes are then segregated and distributed into the two new daughter cells, which form upon 
cytokinesis. The magnification in the middle shows a stereotypic metaphase spindle with chromosomes aligned 
on the metaphase plate and the centrosomes localized at the spindle poles. The four magnifications on the 
bottom show the different microtubule nucleation mechanisms, which can generate the spindle microtubules 
(210). At the centrosomes, g-TURC is recruited by direct binding partners like NEDD1. It is also recruited by 
centrosomal proteins like Cep192 and CDK5AP2, which together with the kinases Aurora A and Plk1 promote 
microtubule nucleation and polymerization. Based on chromosomes, several mechanisms directly promote 
microtubule nucleation. One major pathway is based on Ran-GTP (258). The Ran guanin nucleotide exchange 
factor RCC1 is directly bound to chromatin and as RCC1 promotes the conversion of Ran-GDP to Ran-GTP, it 
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effectively creates a Ran-GTP gradient around chromosomes. A major function of Ran-GTP is to release the cargo 
from nuclear transport receptors like transportin and importinb (Impb). Before NEBD important spindle 
assembly factors (SAFs), like TPX2 are bound to Impb, which are released and activated in proximity of 
chromosomes and then promote spindle assembly around chromosomes together with factors like NEDD1, 
which recruits the g-TURC. At kinetochores spindle assembly is regulated by two different means. On the one 
hand, ELYS localizes to kinetochores and binds to the Nup107-160 complex after release from transportin and 
g-TURC gets recruited to promote microtubule nucleation; on the other hand, the chromosomal passenger 
complex (CPC) inhibits microtubule depolymerases like MCAK in proximity of kinetochores. In addition, 
microtubules can also be nucleated from TPX2 positive sites on preexisting microtubules by the action of the 
Augmin complex, which recruits the g-TURC, e.g., through NEDD1. 

 

Microtubule nucleation at kinetochores 

Kinetochores play an important role in the chromosome/Ran-GTP mediated nucleation 

pathway (260), as illustrated in Figure 3. It has been shown that growing microtubules, which 

formed around chromosomes seem to be preferentially captured and stabilized by 

kinetochores to form k-fibers without being linked to a spindle pole (220, 261). Initially, these 

k-fibers were not oriented towards the spindle poles, but while the fibers grew, they were 

transported poleward with the general poleward flux described in 1.3.6.2. It was suggested 

that this transport occurs along centrosomal microtubules in a dynein-dependent fashion 

(261). Such mechanism also exists in some meiotic spindles as was shown in crane-fly 

spermatocytes, where kinetochore fibers can form from outward-growing microtubules, 

which originated near kinetochores (235). How important and generic this ‘inside-out’ 

kinetochore mediated nucleation and assembly pathway of k-fibers from the surface of the 

chromosomes is in comparison to ‘outside-in’ generation of microtubules from the 

centrosomes, has been shown recently. During early prometaphase in human cells, most 

kinetochores develop k-fibers by local capture of microtubules, which were previously 

nucleated in immediate proximity (262). Microtubule plus ends seemed to first interact 

laterally with the kinetochores, but within three minutes, they were captured end-on by the 

kinetochores through a mechansims dependent on the plus end directed kinetochore-

associated kinesin CenpE. 

Several factors, which coordinate microtubule nucleation around kinetochores have been 

identified: At early prometaphase, the NUP107-160 subcomplex of the nuclear pore complex 

was shown to recruit the g-TURC and to promote microtubule nucleation and k-fiber 

formation around kinetochores in a Ran-GTP dependent manner (263). It was later reported 

that the complex was strongly associating with MEL-28/ELYS to drive kinetochore proximal 
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nucleation (264). This explains local nucleation around kinetochores, since ELYS localizes 

there in mitosis and has been suggested to fulfil important functions during cell division, 

especially for cytoskeletal arrangements (265). The TPX2 mediated nucleation mentioned 

above is also particularly strong around kinetochores since TPX2 preferentially localizes to 

kinetochores in early mitosis. Overall, it could therefore be that k-fibers are assembled from 

the kinetochore to the spindle pole rather than the other way around. Rather than 

centrosomes searching the large cytoplasm with long astral microtubules to capture 

kinetochores, it may be the kinetochore that captures short microtubules nucleated locally 

on the surface of the chromosome, which then grow longer and get incorporated into the 

poleward flux of the bipolar spindle to make a mechanical connection to the pole. 

 

Microtubule nucleation through the chromosomal passenger complex 

Plk1 accumulation at the kinetochores in early mitosis is essential for faithful division. An 

additional mechanism for microtubule nucleation near kinetochores independent of Ran-GTP 

has been identified, which seems to rely on Plk1’s localization and function at the centromeric 

region. Plk1, after being phosphorylated by Cdk1 in early M-phase, can promote the 

localization of the so-called chromosomal passenger complex (CPC) to centromeric chromatin 

(266), as schematically depicted in Figure 3. Plk1 can directly bind and activate the kinase 

Haspin, which drives Histone 3 modification at the centromeric region (267). And together 

with Histone 2A phosphyration by the kinase Bub1, the Histone 3 phosphorylation is required 

for CPC binding (268–270). 

The CPC consists of Borealin/Dasra-B, survivin, INCENP and the Aurora B kinase. The CPC is 

generally important to resolve erroneous microtubule-kinetochore attachments, 

attachments of microtubules from both poles at the same kinetochore or of microtubules 

from only one pole at both sister kinetochores (271, 272). 

But it has also been shown in X. laevis egg extracts that a signal from the CPC can mediate 

spindle assembly in the absence of Ran-GTP (273). 

The Aurora B kinase activity at kinetochores seems to determine the local Ran-GTP 

independent microtubule assembly. Localizing the Aurora B activity elsewhere, by induced 

clustering of the active Aurora B-INCENP complex, was shown to promote microtubule 

nucleation at centrosomes, but also lead to multiple spindle-like structures without 

chromosomes and centrosomes (274). Thus, Aurora B localization to kinetochores seems to 
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be important for the spatial organization of early spindle assembly. One very important 

downstream target in this pathway is the microtubule depolymerase and kinesin MCAK (275). 

MCAK was reported to re-localize from the outer to the inner centromeric region after 

phosphorylation by Aurora B, and thus could not destabilize microtubules close to the 

kinetochores anymore (276). Another Aurora B target in this pathway is most likely the 

depolymerase Stathmin (274), which is also inhibited upon hyperphosphorylation by the 

kinases in early mitosis (277, 278). Overall, the picture emerges that Aurora B activity at the 

kinetochore inactivates microtubule depolymerases, thereby favoring microtubule growth in 

addition to the Ran-GTP promoted nucleation around chromosomes and kinetochores. The 

exact molecular mechanism of CPC regulated nucleation is however still unclear. 

 

Microtubule nucleation at microtubules 

In addition to the chromosomal, the kinetochore-based and the centrosomal nucleation 

pathways, the last two decades have shown that the initially generated spindle microtubules 

themselves promote the nucleation of further spindle microtubules (see Figure 3). 

Fluorescently tagged microtubule plus ends have been shown to originate from the 

acentrosomal regions of existing k-fibers (217). These ‘branched’ microtubules were growing 

at a very shallow angle from an existing microtubule and were oriented preferentially towards 

the chromosomes. This study was well in line with multiple previous observations of g-tubulin 

localizing throughout the spindle and not just near the chromosomes or at the centrosomes. 

An RNAi screen in Drosophila S2 cells identified new dim g-tubulin (Dgt) genes encoding 

proteins involved in recruiting the g-TURC to the spindle body (115). These genes were 

confirmed in an additional screen in human and drosophila cells, which identified three 

additional genes, whose knock-down lead to decreased spindle microtubule density (116). 

The encoded proteins were found to form an 8 subunit Augmin/HAUS complex in humans 

(279, 280). These studies also showed that depleting Augmin/HAUS in HeLa cells strongly 

impaired the morphology, organization and function of mitotic spindles. Subsequently, a 

more detailed description of the microtubule dependent microtubule nucleation pathway 

was published (194). By visualizing branching microtubules in X. laevis egg extracts, the 

authors could show that new microtubules could branch from template microtubules at a 

shallow angle as described before and with same polarity as the template independent of 

chromosomes. The authors suggested that this would be an optimal system to generate 
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parallel microtubules as found in the spindle halves. They also showed that branching was 

dependent on Ran-GTP and its effector TPX2, as well as on Augmin, which had previously 

been shown to recruit g-tubulin (281). Since this mechanism was shown to also depend on 

Ran-GTP, it was surprising that no gradual decay of g-tubulin had been reported in spindles. 

A more recent study shed some light on this, showing that first, TPX2 localized near minus 

ends of older microtubules in a Xenopus egg extract system (195). The authors suggested that 

TPX2 was essential to first deposit nucleation sites and showed that subsequently, Augmin 

and the g-TURC were required for microtubule branching, while no branching was observed 

in the initial absence of TPX2. More recently, it has also been shown that TPX2 can undergo 

phase separation together with tubulin in vitro, which appears to be an important property 

for microtubule branching (282). 

Although these studies were conducted using an in vitro system to investigate branching 

events at individual microtubules, it is likely that the same sequence of events occurs in 

mitotic spindles, where TPX2 might localize first at kinetochores, but is then transported 

poleward (283). It could deposit nucleation sites throughout the spindle halves which could 

explain the homogenous distribution of g-tubulin throughout the spindle. 

In summary, several different nucleation pathways have been found to contribute to spindle 

assembly in different systems, but we only start to understand how they integrate. 

 

1.4 Preimplantation development 

Mammalian life starts when a spermatocyte fertilizes an egg and the formed embryo 

subsequently goes through preimplantation development while it travels down the fallopian 

tubes from the ovary to the endometrium, where it finally implants after reaching the 

blastocyst stage. Preimplantation development is a phase during which the embryo 

experiences major changes within few days (284). From two highly differentiated cells, the 

sperm and the oocyte, totipotency is established in the zygote. In mouse embryos, first cues 

for subsequent cell differentiation are established at the 4-cell stage and extended 

basolateral cell-cell contacts with concomitant cell polarization at the 8-cell stage further 

influence cell fate specification (285). At the 16-cell stage—the first lineage specification into 

the outer layer of trophectoderm cells and the inner cell mass cells could be traced in live 

developing embryos (286). The patterning of these first two cell lineages within the early 
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embryo was recently shown to be driven by polarity cues and cell shape (287). The 

trophectoderm will later give rise to the embryonic part of the placenta, while the pluripotent 

cells of the inner cell mass (ICM) will further differentiate at the late blastocyst stage. Part of 

the ICM cells differentiate into the primitive endoderm, which will form the extra embryonic 

yolk sac while the other part of ICM cells gives rise to the epiblast, which will form the fetal 

tissues (288, 289). 

 

1.4.1 The oocyte to embryo transition 

Cell division in gametes is called meiosis and occurs in two steps. The first division—meiosis 

I—is reductive and whole homologous chromosomes are distributed among the forming cells. 

Only during the second division—meiosis II—sister chromatid segregation occurs. The two 

meiotic divisions of the oocyte are highly asymmetric (27). On the one hand, small polar 

bodies form with a minimal cytoplasmic fraction surrounding the homologous chromosomes 

or sister chromatids, respectively, while on the other hand the oocyte forms with a large 

cytoplasmic fraction, which contains accumulated proteins and initially dormant messenger 

RNAs (mRNAs) and proteins. Thus, despite being transcriptionally silent, the large oocyte 

provides almost all cellular material for the early embryo. Within the matured and fertilized 

oocyte, protein expression or function are controlled almost exclusively at the level of mRNA 

translation and stabilization or through posttranslational modifications of stored proteins 

[discussed in (290)]. mRNAs are stored and kept dormant, especially within cytoplasmic 

granules, and timely controlled disassembly of these granules and translational activation of 

the stored mRNAs was shown to be essential for proper cell cycle progression after 

fertilization (291). 

After maturation, the oocyte remains arrested in metaphase of meiosis II until a sperm 

fertilizes and activates the oocyte to trigger resumption of the second meiosis. In rodents, the 

sole essential contribution from the sperm is the second half of the genome. In most other 

mammalian species, it also delivers the centrosome. Interestingly, in rodents the sperm does 

not provide a centrosome (292) and thus this has to be formed de novo in later stages, leading 

to a switch from acentrosomal to centrosomal mitosis during preimplantation development 

(293–296). 

As mentioned above, almost all cytoplasm of the zygote is provided by the oocyte and until 

the blastocyst stage, the embryo does not grow, as the embryonic cells—the blastomeres—
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proceed through the cell cycle without any additional nutrients and without interphase 

growth, while they still duplicate their genomic DNA. Consequently, during the earliest 

symmetric mitotic divisions, the cellular volume—and thus the mRNA and protein material—

is approximately reduced by half in each round while the amount of DNA is kept constant 

(297, 298). Due to this size reduction, the spindle apparatus to segregate the same amount 

of chromosomes has to be made from fewer components and adapt to very different cellular 

scales in each of the cleavages (295, 299).  

 

After fertilization, paternal chromatin needs to be restructured and both parental genomes 

are initially inactive. Relying on the stored mRNA and proteins provided by the oocyte, the 

fertilized egg is thus effectively under maternal control until the embryonic genome becomes 

activated. In most mammalian embryos analyzed to date, the embryonic genome activation 

occurs in waves, but among different species the timing of the waves can differ (300). In the 

mouse, the major embryonic genome activation peaks already at the late 2-cell stage and a 

minor activation follows at the 8-cell stage (300, 301). In bovine and human embryos on the 

other hand, only a minor activation occurs soon after fertilization, especially between the 2- 

and 4-cell stages, but the major embryonic genome activation occurs later, between the 4- to 

8-cell transition (300, 302–305). 

As the embryo progresses through the first cell cycles of preimplantation development, the 

maternal proteins and transcripts are consumed and degraded, whereas the amount of 

embryonic gene products increases gradually (303). This control shift from the maternal to 

embryonic genome is called the oocyte to embryo transition (see Figure 4 for a schematic 

overview). 

 

As mentioned in section 1.1, especially postzygotic aneuploidy is very common in 

preimplantation embryos (4). The field assumes that in addition to potential genetic 

predispositions (306), the inherent variability in the amounts of maternal and embryonic gene 

products might play a major role in driving aneuploidy, especially when affecting the mitotic 

apparatus and its control mechanisms [discussed in detail in (3)]. 
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Figure 4: Transitioning from oocyte to embryo in the mammalian zygote. After meiosis I, the fully differentiated 
oocyte is fertilized by the sperm and resumes meiosis II. The two divisions are very asymmetric to maintain a 
large cytoplasmic volume for storage. During both meiotic divisions, transcription is inactive and protein 
expression is translationally and post-translationally regulated. Since centrosomes are degraded during early 
oogenesis in mammals (180, 181), and in the mouse also in the spermatocytes (292, 307), multiple acentriolar 
MTOCs functionally replace the centrosomes in early spindle assembly (295, 308), which already self-organize 
microtubule during meiotic spindle assembly (185, 309) (mouse/rodent-specific aspects are marked by an 
asterix). The many MTOCs coincide with multipolar spindle intermediates preferentially forming during 
prometaphase (295). In other mammalian embryos, the centrosome is provided by the sperm at fertilization, 
but its structure is adapted to form the flagellar core (310). In general, the duration M-phase is very long at the 
beginning of mammalian development. In the mouse, meiosis I can take up to 11 hours and meiosis II can be 
especially delayed due to a metaphase arrest until fertilization (311–313). Thus, the totipotent zygote undergoes 
the first mitosis under unusual conditions and the described and depicted parameters (among others) only 
gradually change during the early divisions. In every cleavage, the cell size is halved, while the genomic content 
should remain constant (297, 298). Through stored and activated mRNA, the zygote is still entirely under 
maternal translational control (290, 314). Only from the 2-cell stage onwards in the mouse and around the 4-8-
cell stage in humans – when transcription of the embryonic genome becomes activated – maternal control gets 
gradually replaced by embryonic control (300–305). In the mouse, fewer and fewer MTOCs organize the mitotic 
spindle until centrosomes form de novo at the blastocyst stage; however their function at this later stage is still 
questioned (293–296). Until then, spindle assembly also passes through less marked multipolar organization 
(294, 295, 315). The inherited sperm centrosome in other mammalian species has to restructure and its function 
for mitosis might be impaired (310). Also, M-phase duration changes: After very lengthy and even halted meiosis, 
the zygotic mitosis is still prolonged (~ 90-120 minutes) compared to somatic mitosis (316, 317). Thereafter, the 
duration decreases until it reaches the timing of a normal somatic cell mitosis. These gradual changes during 
preimplantation development might contribute to decreased chromosome segregation fidelity during cleavage 
divisions. Figure and legend were modified from (3), but were originally drawn and written by myself. 

 

1.4.1.1 Mitotic errors during the oocyte to embryo transition 

Preimplantation development thus confronts the cell division machinery with particular 

challenges that could render these early mitotic divisions less faithful compared to normal 

somatic divisions.  

For example, the cell cycle of the blastomeres seems less tightly controlled during early 

preimplantation development (318), potentially allowing for progression without 

intermediate DNA repair or ultimate induction of apoptosis [discussed in (319)]. Therefore, 
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errors that occur at these stages might not be properly corrected and can propagate. It is 

noteworthy that while the control stages in interphase might be shortened or even entirely 

skipped, the M-phase in embryos is prolonged, especially in the zygote (317, 320–322). 

Chromosome lagging during anaphase appears to be the most frequent cause of embryonic 

aneuploidy (323). Particularly, in mouse preimplantation embryos it was observed that 

lagging chromosomes occur frequently and that these can get enclosed in separate 

micronuclei (324). Research in our own group has further corroborated that these errors 

predominantly occur at the 4- and 8-cell division (Reichmann and Ellenberg, unpublished 

observations). Chromosomes in micronuclei become severely damaged and are not subjected 

to bilateral segregation in subsequent divisions (324). Also in human embryos micronuclei can 

be observed frequently (325) and they seem to have a similar fate as micronuclei in murine 

embryos (326), which could explain why chromosome deletions outnumber gains in 

blastomeres of mosaic embryos (4).  

Apart from losing individual chromosomes in micronuclei, many human embryos exhibit 

multinucleated blastomeres, particularly at the 2-cell stage (327–331), which indicates that 

the zygotic mitosis might be especially vulnerable and distinct from the subsequent divisions. 

In bovine embryos the loss of a whole haploid parental genome has been observed in 

embryonic blastomeres after the zygotic division (332). 

During the early embryonic divisions, common mechanisms of somatic mitosis, which usually 

ensure faithful genome distribution must behave differently. For example, the machinery, 

which corrects kinetochore attachment errors (the above mentioned chromosomal 

passenger complex), exhibits a distinct composition and less efficient centromeric 

localization, which might lead to higher error rates (333–336). In addition, the SAC—which 

usually halts mitotic progression into anaphase in the presence of an unattached kinetochore 

(337)—despite being present and responsive to many unattached kinetochores in mouse and 

human embryos (338, 339) —might not function canonically in early embryos (340). Research 

in our group has shown that the SAC activity initially decreases during the earliest cleavages 

but ramps up again in later stages (Eguren and Ellenberg, unpublished observations). Thus, 

the oocyte to embryo transition might strongly affect mitotic control and each cleavage stage 

might be differently equipped to safeguard proper chromosome segregation. 
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1.4.2 Challenges for the spindle apparatus during mammalian embryonic mitosis 

Due to the above discussed frequent occurrence of erroneous mitotic divisions in early 

embryonic cells it is highly important to understand the underlying mechanisms. The key 

machine segregating chromosome in every mitotic division is the bipolar spindle. As normal 

somatic mitotic divisions are highly accurate, it is important to investigate the mitotic 

apparatus in the early embryo considering the specific challenges that the spindle has to face 

at the beginning of mammalian life in order to get a mechanistic understanding why errors 

occur so frequently. 

Above I already mentioned some major challenges that the early mouse embryo has to face. 

Initially, the embryo’s genome is silent and thus only maternally provided gene products 

regulate its division. Also, at the beginning, the zygote is huge but rapidly the size of individual 

blastomeres decreases with each division and thus the spindle has to adapt to substantially 

different dimensions. In addition, all oocytes lack centrosomes, and the zygote can at best 

inherit a specialized centrosome from the sperm and as in normal somatic cells the 

centrosome is a major organizer of the mitotic spindle, this might pose a significant alteration 

to its normal function. 

The degradation of centrosomes during vertebrate oogenesis seems to be important to avoid 

parthenogenic multipolar divisions in species, where the sperm introduces a pair of centrioles 

at fertilization (341). In most animal cells, centrosomes are an important source of spindle 

microtubules, and in C. elegans zygotes they are indeed essential for embryonic bipolar 

spindle assembly and development (342). However, in X. laevis, they are primarily important 

to cleave the cells at the end of M-phase (341, 343). These studies have also shown that 

multipolar spindles form if more than the two centrosomes are present. The centrosome 

function in early mammalian embryos is not yet precisely understood. However, when bovine 

parthenogenotes—activated oocytes that have not been fertilized by a sperm cell and thus 

completely lack a parental centrosome—are provided with a paternal genome via nuclear 

fusion, they form a bipolar spindle and divide normally, indicating that the centrosome in the 

cow embryo provided by the sperm is dispensable for spindle assembly (344).     

As mentioned above, many mammalian zygotes inherit the centrosome from the sperm. 

However, the centrioles in the sperm centrosome are highly specialized for flagellar functions 

and thus need to be heavily restructured into a pro-nucleus associated centrosome ready for 

cell division  (158, 310, 345).  
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In contrast, early mouse embryos lack centrosomes entirely and here many acentrosomal 

MTOCs support microtubule nucleation and spindle pole organization (295, 346), similarly to 

the MTOCs in murine meiosis (185). And in fact, zygotic spindle assembly was suggested to 

still partially rely on Ran-GTP mediated microtubule nucleation around chromosomes, which 

is essential in mouse oocyte meiosis II (185, 295, 347). However, it is still unclear how the 

interplay of acentrosomal MTOCs and Ran-GTP mediated microtubule nucleation affects 

spindle formation at the oocyte to embryo transition.  

While the overall number of acentrosomal MTOCs decreases throughout the cleavages (295), 

it is important for bipolar spindle formation that multiple MTOCs can be clustered at the 

poles. Clustering appears to depend on microtubule nucleation inside the spindle, which was 

examined in blastocysts of embryos from Augmin knock-out mice (315). Acentrosomal MTOCs 

contain PCM proteins like Pericentrin (187, 188, 295) and it was also shown that Plk4, a key 

factor of centriole duplication and function, is important for spindle assembly and function in 

acentrosomal early embryos (348). 

Although centrosomes are formed de novo at the blastocyst stage in mouse embryos, their 

activity and function has been questioned during murine preimplantation development in 

general, as even after their de novo formation at the blastocyst stage, centrosomes do still 

not seem to organize microtubules in interphase (296).  

In addition to changes in MTOCs, spindle size and M-phase duration [discussed in (3)], also 

other spindle factors change throughout the preimplantation development (in mice), for 

example different kinesins are used to bipolarize spindle microtubules at the different stages 

(295, 349). 

A challenge unique to the zygote is that the initially separate parental genomes that can be 

found in two distinct pronuclei need to be integrated in one mitotic division to yield two 

diploid and genetically identical daughter cells and we recently showed that this is facilitated 

by a dual spindle in mouse zygotes (308). Intriguingly, although the parental genomes are 

combined in one nucleus in the 2-cell embryo the genomes still occupy distinct compartments 

and thus stay spatially separated (Figure 5). 

Due to the continuously changing circumstances at each embryonic cleavage, is highly 

important to further study how the mitotic spindle is formed in early mammalian embryos in 

general and especially in the zygote, where in addition to accomplish drastic cellular 
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restructuring, the cytoskeleton needs to form a mitotic apparatus around the two parental 

genomes. 

 
Figure 5: Dual spindle formation in mouse zygotes and its pitfalls for the first mitotic division. We recently 
showed in mouse zygotes that two separate spindles assemble around the parental genomes, which are 
presented within separate pronuclei at the beginning of the first mitotic division (308). During prometaphase 
the two spindles usually align in parallel positioning the chromosomes of the two genomes next to each other 
(upper pathway). The two parallel spindles then jointly segregate the chromosomes, which are enclosed in the 
nuclei of the 2-cell blastomeres, where the genomes consequently still occupy separate compartments. If the 
two spindles fail to position themselves in parallel and adjacent to each other before anaphase onset (after 
artificially enhancing the pronuclear distance in mouse zygotes), chromosomes are segregated along the 
different axes of the two spindles and potentially enclosed in more than one nucleus within each forming 
daughter cell, giving rise to binucleated 2-cell blastomeres, which are often observed in fertility clinics for 
humans and animal husbandry. Zygotic dual spindle formation and erroneous spindle alignment thus provide a 
rationale for this frequent phenotype. This figure was modified form (3), and was originally drawn and 
assembled by myself. 

 

1.5 Light sheet microscopy to image early mammalian embryos 

Fluorescence microscopy offers exquisite molecular selectivity, a high signal to noise ratio, a 

high acquisition speed and typically does not require to disrupt the specimen. In combination 

with genetically encoded fluorescent proteins (350) or self-labeling tags (351–353), it is thus 

the most widely used method to obtain dynamic information about living systems.  

However, light can be harmful to living cells, and in particular to developing mammalian 

embryos. These are naturally never exposed to light and thus completely lack any protective 

measures, thus extensive light exposure can retard their division rates (354). Particularly, light 

with short wavelengths was shown to have negative effects. Already standard ambient light 

conditions in laboratory rooms could affect mammalian embryos (355, 356), with far lower 

intensities compared to those used for microscopy applications. The negative effect of light 
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can mostly be attributed to the production of reactive oxygen species (ROS), which leads to 

oxidative stress in the embryo and can thereby negatively influence its development (356). 

Therefore, in order to allow imaging of embryonic development without major perturbations 

the effect of light induced ROS production needs to be minimized and carefully controlled. 

Confocal fluorescence microscopy is often used to obtain sufficient spatial resolution in three 

dimensional biological systems, as it effectively blocks out of focus fluorescence from 

detection. Unfortunately, nevertheless the entire focal depth of the illumination lens is 

illuminated in the specimen for each focal plane and thus if the entire embryo is to be imaged 

in three dimensions, light exposure accumulates rapidly. Nevertheless, this method has 

previously been used to image live preimplantation embryos (357, 358), but it was not 

possible to perform “in toto” imaging of the entire development from the zygote to the 

blastocyst or mild time-lapse imaging at second to minute resolution for shorter terms. 

An alternative method to reduce out-of-focus fluorescence is light sheet microscopy (359), 

which is also called single-plane illumination microscopy (SPIM). As the name implies, here 

only one single optical plane of interested is illuminated and directly recorded. Contrasting to 

confocal microscopy this method ensures that much less of the specimen is irradiated with 

light unnecessarily, which can reduce the required light dose by up to two orders of 

magnitude, especially in thick and isotropic specimen such as mammalian embryos (286, 360). 

Early versions of light sheet microscopy required sample embedding to prevent it from 

moving out of focus (359, 361), however since then approaches have been developed that 

eliminate this requirement, which was essential to use this method for imaging of mammalian 

embryonic development (362–364). Still, these methods did not allow to image the entire 

development of the preimplantation embryo. More recently, our group developed an 

inverted single plane illumination microscope (iSPIM) that allows to image embryonic 

development in toto from the zygote up to the blastocyst (286). This microscope setup allows 

to image embryos with a thin light sheet of just 1.5 µm thus offering a good spatial resolution 

(365). Besides minimizing phototoxicity by reduced light exposure, in this system embryos 

can be incubated at 37 ˚C in a low oxygen-controlled environment further minimizing the 

production of ROS.  

The iSPIM system now reduces phototoxicity far enough, that mouse embryos can be imaged 

without a major impact on their development. It is even possible to implant them back into 

pseudopregnant mice after in toto imaging and the implanted embryos will fully develop into 
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living mice at a similar efficiency as non-imaged embryos (286). Thus, the iSPIM technology 

opens up new possibilities to study developmental processes, but also dynamic cellular 

mechanisms within the pre-implantation embryo. 

 

1.6 Objectives 
The high frequency of chromosome segregation errors in early embryonic divisions is a major 

cause of aneuploidy and early pregnancy loss. It is thus very important to further study how 

mitosis under the special molecular and physiological conditions at the beginning of 

mammalian life proceeds in order to understand the molecular mechanisms that cause this 

calamity. Such findings will advance our basic understanding of the beginning of life but also 

provide the basis to develop better diagnostic and therapeutic approaches to treat infertility. 

Mitosis is highly dynamic and transient process in space in time, and fast fluorescence 

microscopy is needed to analyze the assembly and function of the mitotic apparatus in vivo. 

Our advanced iSPIM technology is a powerful tool to achieve this under mild, near 

physiological conditions allowing me for the first time to study spindle assembly in detail 

throughout mitosis in real time with minimal interference with early embryonic development. 

 

Mitosis of the zygote is distinct from all other cell divisions. It has to segregate the sister 

chromatids from the replicated haploid parental genomes, which are present in two spatially 

separate pronuclei. Thus, a key open question is how zygotes organize the mitotic apparatus 

to ensure the formation of two identical daughter cells where both parental genomes are 

combined in one nucleus. Errors in this division are particularly detrimental as they will 

propagate throughout the embryo. Yet, this division not only has to deal with two nuclei at 

once, but also needs to switch from a meiosis-like to a canonical mitosis state at the beginning 

of the oocyte to embryo transition. Zygotic division can therefore be expected to be 

particularly fragile and this is indeed evident in the frequent occurrence of multinucleated 2-

cell blastomeres in mammalian embryos. 

 

My thesis has therefore focused on studying the mechanism of mitotic spindle assembly in 

mammalian zygotes. I have pursued this question in a two-pronged approach. My first 

objective has been to study how spindle assembly proceeds in the mouse zygote. The mouse 
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model is the most powerful mammalian system for molecular mechanistic experiments as 

many transgenic mouse lines for fluorescent molecular markers are available and 

experimental methods and molecular perturbation tools are in general well established. The 

focus of my work has therefore been to establish specific imaging assays and acute molecular 

perturbation methods that allow to dissect the contributions of the different microtubule 

nucleation pathways for zygotic spindle assembly. My second objective has been to establish 

a non-rodent mammalian model for live imaging of zygotic spindle assembly. The reason for 

this is that rodent zygotes are acentrosomal and not all aspects of my findings in mouse may 

therefore be generalizable to other mammals, including humans, that inherit a centrosome 

from the sperm. To address this, I decided to extend my research on spindle assembly to 

bovine zygotes, a model organism with inherited centrosomes, which is thus very close to 

human embryos. 
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2 RESULTS 

2.1 Investigating dual spindle assembly in the mouse zygote around the two 

parental genomes and in the presence of many acentriolar MTOCs 

The Ellenberg group recently reported that a dual spindle forms around the two parental 

genomes in mouse zygotes. This dual spindle keeps the parental genomes apart throughout 

mitosis so that even in the 2-cell embryo the parental genomes still occupy distinct 

compartments in the forming nuclei in the two blastomeres. How this spindle forms is an 

intriguing question and a major focus of this thesis. In mouse zygotes this is particularly 

interesting, as they lack centrosomes and instead have many acentriolar MTOCs. 

  

2.1.1 Validating tdEos-hCep192 as marker for the acentriolar MTOCs in mouse zygotes 

To obtain detailed insights into the dynamic process of dual spindle assembly, I aimed to 

image growing microtubules relative to chromosomes and MTOCs in live zygotes using the 

above mentioned inverted light sheet microscope (section 1.5). While the Ellenberg group 

had already established fluorescent reporters for microtubules and chromosomes in mouse 

embryos (308), there was no live reporter for MTOCs available in the group when I started 

my project. I therefore set out to validate fluorescently-tagged human centrosomal protein 

192 (tdEos-hCep192) in mouse embryos, which had been reported as MTOC marker in mouse 

oocytes previously (309). To investigate, whether this was a feasible reporter to follow MTOCs 

in mouse zygotes, I assessed, whether it visibly affected the size or number of native MTOCs. 

To this end, I injected pronuclear stage zygotes with mRNA encoding tdEos-hCep192 to 

transiently express the fluorescent protein (366). To subsequently compare MTOCs in these 

reporter expressing and in control zygotes using immunofluorescence (IF), I fixed the zygotes 

at comparable cell cycle stages as MTOCs will likely change in number and size by 

fragmentation and clustering at different mitotic stages as described in the oocytes (309). 

Both, the control and injected zygotes were maternally expressing the chromatin reporter 

mCherry-tagged Histone 2B (H2B-mCherry) from a transgenic mouse strain. Upon live imaging 

with the inverted light sheet microscope, I first used the H2B-mCherry fluorescence to stage 

cell cycle progression by monitoring chromosome condensation to finally collect the zygotes 

for fixation when rod-shaped chromosomes formed in prophase, just prior to NEBD. IF for 

Pericentrin showed that the MTOCs were similar in size and number and similarly distributed 
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throughout the cytoplasm in the control (Figure 6, left panel) and injected zygotes (Figure 6, 

three right panels). The tdEos was still fluorescent after fixation and the signal colocalized 

with signal from the Pericentrin immunostaining (Figure 6, merged image). This indicated that 

expression levels of tdEos-hCep192 sufficient for live imaging led to correct subcellular 

targeting of the reporter to MTOCs containing Pericentrin, whose number and position 

appeared very similar to control zygotes. I therefore concluded that the reporter was suitable 

for live imaging of MTOCs in mouse zygotes. 

 

 
Figure 6: Expression of tdEos tagged hCep192 in mouse zygotes does not visibly impact acentriolar MTOCs. IF 
images of MTOCs in mouse zygotes fixed in prophase. The embryos were collected from transgenic females 
(R26/R26-H2B-mCherry) after natural mating with WT males. Pronuclear stage zygotes were injected with mRNA 
encoding tdEos-hCep192 to validate the impact of the protein expression on acentriolar MTOCs. Mitotic timing 
was assessed by monitoring chromosome condensation upon live imaging of H2B-mCherry using the above 
described inverted light sheet microscope (Introduction section 1.5). When rod-shaped chromosomes had 
formed within the pronuclei, the embryos were collected, fixed and stained with an anti-pericentrin antibody to 
label native MTOCs. The left image shows a control embryo without mRNA injection. On the right, an embryo 
injected with tdEos-hCep192 mRNA is shown. The anti-pericentrin staining is shown in magenta, tdEos-hCep192 
is shown in green. The merged panel shows clear colocalization of native pericentrin and exogenous hCep192. 
All images show a maximum intensity projection of selected confocal planes. Scale bars, 10 μm. 

 

2.1.2 Live imaging of acentriolar MTOCs and growing microtubules shows their dynamics 

in murine zygotic dual spindle assembly 

As tdEos-hCep192 seemed a feasible fluorescent MTOC reporter in mouse zygotes, I set out 

to image MTOCs and growing microtubules in live zygotes using light sheet microscopy to 

understand how the spindle apparatus formed in the presence of two compartmentalized 

parental genomes. In addition to injecting mRNA encoding tdEos-hCep192, I also delivered 

mRNA for EB3-mCherry2 as a reporter for the tips of growing microtubules. Using the inverted 

light sheet microscope, I maintained standard micro drop culture conditions for 

preimplantation mouse embryos at reduced oxygen concentration (5 % CO2 and 5 % O2), 

which allowed me to image the MTOC and microtubule dynamics in 3D every 45 or 60 seconds 

throughout the zygotic mitosis. This data confirmed that dual spindles form around the two 
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parental genomes in the presence of many cytoplasmic MTOCs in mouse zygotes (Figure 7). 

In total, 13 embryos were imaged as described and the pronuclear envelopes either broke 

down simultaneously or with up to 5:15 min delay of the lagging pronucleus (PN2) with 

respect to the leading pronucleus (PN1).  

The approximate pronuclear volumes (Figure 7, blue spheres) could be derived from the 

exclusion of cytoplasmic EB3-mCherry2 fluorescence prior to or at NEBD. As the protein was 

not imported into the pronuclear compartments, their spherical volumes devoid of EB3-

mCherry signal could be distinguished and segmented manually. Initially, at the time of NEBD, 

microtubules grew moderately from MTOCs, and increased around them until 7:30 min post 

NEBD. Interestingly, shortly after NEBD, the EB3-mCherry2 fluorescence increased transiently 

within the original pronuclear volumes suggesting microtubule nucleation dependent on Ran-

GTP around chromosomes (Figure 7A, 4.30 min post NEBD). Subsequently, two bipolar 

microtubule arrays formed, which progressively aligned in parallel during prometaphase 

(Figure 7, 9:45-23:15 min post NEBD; aligning spindles are highlighted with surrounding 

dashed lines). Interestingly, only those MTOCs initially associated with the pronuclei before 

NEBD or localizing in their immediate surrounding later became part of the assembling 

spindles and progressively localized at the spindle poles, while MTOCs further away in the 

cytoplasm did not participate in spindle assembly. This indicated that MTOC self-organization 

could contribute to clustering of MTOCs at the spindle poles, which is in line with the 

mechanism described for meiotic spindle assembly in mouse oocytes (185).  

Intriguingly, the MTOC clusters forming at the adjacent poles of the dual spindles did not 

merge, highlighting that in fact, the dual spindles are two separate microtubule systems 

(Figure 7A, white and red arrows mark the MTOC clusters at the separate, but adjacent poles 

of the dual spindles). This separation of two MTOC clusters at the dual spindle poles was 

mostly maintained until anaphase as it could be observed on at least one side of the aligning 

spindles in 70 % of the imaged embryos (n = 13). 
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Figure 7: Dual spindle assembly in live mouse zygotes in the presence of many acentriolar MTOCs. (A) Upper 
panels show merged time lapse images of mouse zygotes (WT) expressing microtubule marker (green) EB3-
mCherry2 and MTOC tdEos-Cep192 (magenta) after microinjection at pronuclear stage. Images were acquired 
by light sheet microscopy every 45 sec throughout the first mitosis and for up to 3 h in total. 3D rendered images 
of the spindle volumes around the pronuclei are shown. Timings are respective to pronuclear envelope 
breakdown in min:sec of the leading pronucleus (PN1). PN2: Lagging pronucleus. Lower panels show respective 
single channel grey scale images of the microtubule marker. Blue spheres are the segmented pronuclear 
volumes at initial NEBD. White dashed lines mark the rims of the two spindles. White and red arrows indicate 
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the different MTOC clusters, which seem to mark the separate poles of the pararellizing spindles. Automatically 
projected scale bar, 10 μm. (B) Illustrations accentuate the dynamics of dual spindle assembly around the two 
parental genomes observed upon live imaging as shown in (A). A similar figure was originally shown in our 
publication (308). The original figure was assembled by my colleague Dr. Judith Reichmann, but the data was 
acquired and processed by myself. The depicted figure was drawn and assembled by myself and panel A shows 
time lapse images of a different zygote from the same data set. 

 

2.1.3 Microtubules predominantly grow in the former pronuclear volumes 

The sequence of events in dual spindle assembly is enigmatic in mouse zygotes, especially 

how much and when the many MTOCs or a Ran-GTP based chromosome nucleation 

mechanism contribute. Thus, I first aimed to quantitatively assess to what extent the 

microtubules grew inside the former pronuclear volumes compared to the former cytoplasm 

just after NEBD. To analyze this, the mean microtubule intensity in the two respective 

pronuclear volumes, but also in the surrounding cytoplasm was measured over time from 

synchronous NEBD, or NEBD of the leading pronucleus (PN1) until 10:30 min thereafter 

(Figure 8). For this analysis only zygotes that passed quality control (as further described in 

Materials and Methods section 4.1.7) were taken into account (n = 8/13). In all analyzed 

embryos a substantial increase in microtubule intensity could only be observed within the 

former pronuclear volumes, while the microtubule intensity in the remainder of the 

cytoplasm stayed constant. Interestingly, a steep initial increase of microtubule intensity 

inside the pronuclear volumes within the first 2 minutes of the respective nuclear envelope 

breakdown indicated that chromosome signaling-based microtubule nucleation might play 

an important role for assembling the two spindles around the spatially separated parental 

genomes. 
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Figure 8: Microtubule intensity change within the original pronuclear volumes compared to the remaining 
cytoplasm in live mouse zygotes. Microtubule signal (EB3-mCherry2) from live imaging of eight mouse zygotes 
by light sheet microscopy every 45 sec as shown in Figure 7A was analyzed for 15 time points starting at NEBD 
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of the leading pronucleus (PN1) or both synchronous pronuclei (for detailed description, see Materials and 
Methods section 4.1.7). The analysis was performed in collaboration with my colleague Dr. Julius Hossain. Plots 
show the mean signal intensity [AU] within the two original pronuclear vlumes (determined by manual 
segmentation illustrated by the blue spheres in Figure 7A) and within the cytplasm over time [min] respective 
to NEBD. Solid line shows the mean intensity profile for the leading pronucleus, dashed line for the lagging 
pronucleus (PN2) and dotted line for the cytoplasm. The analyzed data was part of the data used to describe 
MTOC behavior in zygotic dual spindle assembly in our publication (308). 

 

2.1.4 Microtubule nucleation in the nucleus upon NEBD 

Considering that only a relatively small fraction of cytoplasmic MTOCs is incorporated into 

the spindles and their poles and observing the rapid increase in microtubule growth in the 

pronuclear volumes immediately after NEBD, I set out to further analyze the microtubule 

growth patterns in the former pronuclear volumes. To this end, I performed IF and high-

resolution confocal microscopy of MTOCs, microtubules and kinetochores in transgenic 

zygotes, which I correlatively fixed when the nuclear envelopes had just become fenestrated 

(Figure 9). As the zygotes were maternally expressing H2B-mCherry and EGFP-alpha-tubulin, 

using live imaging I could stage mitotic progression by monitoring how chromosomes 

condensed into rod-shaped structures during prophase (as already described in section 2.1.1), 

and I could even precisely capture the moment when the nuclear envelopes became 

fenestrated by monitoring the entry of fluorescent soluble tubulin into the pronuclear 

compartments. I hypothesized that if chromosomal nucleation took place, I should be able to 

detect individual microtubules or bundles in the nucleus at this early time of nuclear 

permeabilization before the nuclear envelopes are fully broken down and while they still 

exclude MTOCs and denser cytoplasmic asters. Thus, I collected and fixed the zygotes at this 

very early stage of NEBD and indeed, IF analysis revealed the presence of individual 

microtubule bundles growing in the pronuclear volumes (Figure 9). I could detect two 

categories of nascent microtubules in the nucleus. On the one hand, I observed microtubules 

that were clearly connected to and thus potentially also nucleated at MTOCs, although IF of 

the microtubule lattice did not allow me to score the growth directionality directly. Such 

MTOC connected microtubules penetrated into the pronuclear volume in apparently random 

directions without visibly making contact to kinetochores or chromosomes (Figure 9, Embryo 

1, white arrow). In other cases, such microtubule bundles connected to MTOCs at the 

pronuclear rim ware also connected to kinetochores (Figure 9, Embryo 2, white arrow). 

Surprisingly, the same kinetochore was in fact in contact with microtubule fibers, which were 
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connected to two different MTOCs at opposite sides of one pronucleus. At this very early time 

point (within the first minute/s) after nuclear permeabilization, it seems however unlikely 

that a classical search and capture mechanism would already achieve such a dual attachment 

of one kinetochore in the pronuclear volume. I therefore hypothesized that certain 

kinetochore dependent signals might promote their capture. 

On the other hand, I observed microtubule fibers in the nucleus that were not anchored to 

MTOCs at all, but in contact with kinetochores (Figure 9, Embryo 3 and 4, white arrows).  This 

suggested that chromosome and maybe in fact kinetochore dependent microtubule 

nucleation mechanisms contribute to dual spindle assembly upon NEBD. Finally, multiple 

microtubule bundles of variable length and curvature could be observed in the pronuclear 

volume that were not clearly connected to either MTOCs or kinetochores, which indicates 

that in addition to MTOC and kinetochore-promoted nucleation pathways also chromosome 

signaling through Ran-GTP in general could promote spontaneous microtubule nucleation in 

the nucleus and thus contribute to the formation of the mitotic dual spindle in mouse zygotes 

(Figure 9, Embryo 4).  

Overall, the assay I developed to analyze spindle microtubule nucleation just after NEBD by 

correlative live imaging and high resolution IF after single embryo fixation turned out to be 

very powerful to capture ‘pioneer’ microtubule fibers in the nucleus. The different 

connections made by these early nuclear microtubules implicated multiple microtubule 

nucleation pathways as potentially relevant for spindle assembly in the mouse zygote, namely 

MTOC, kinetochore as well as nucleoplasmic Ran-dependent nucleation. Despite its high 

resolution, the static nature of this data from fixed cells made it difficult to assign each nuclear 

microtubule growth event unambiguously to one or the other pathway. For example, when a 

microtubule fiber connects to both, a kinetochore and an MTOC, it cannot be determined 

from which structure it originated and it is thus not clear which pathway is initially most 

important for zygotic dual spindle assembly. In addition, the correlative fixation assay had 

rather low throughput, as in embryos fixed slightly too late, microtubules were already too 

abundant and dense in the cytoplasm and the pronuclear volumes to resolve single bundles 

and their connections to nucleation centers with certainty even in high resolution IF.  
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Figure 9: Patterns of microtubule nucleation and growth in mouse zygotes at NEBD. IF images of mouse zygotes 
fixed at the time of NEBD. The embryos were collected from transgenic females (R26-H2B-mCherry/R26-EGFP-
Tuba) after natural mating with WT males. Mitotic timing was monitored by live imaging of H2B-mCherry 
(Chromatin) and EGFP-alpha-tubulin (Microtubules) using inverted light sheet microscopy. Prophase progression 
was assessed by the state of chromosome condensation and fenestration of the nuclear envelopes could be 
observed by imaging EGFP-alpha-tubulin dissociating into the previously compartmentalized pronuclear 
volumes. The embryos were collected at this early stage of NEBD and immediately fixed for subsequent IF. 
Individual rows show images different zygotes and all images are maximum intensity projections of selected 
confocal planes. From left to right: First column shows a merged overview image of the central zygotic region 
encompassing parts of one or both pronuclear volumes. DNA (Hoechst, blue); microtubules (alpha-tubulin, 
green; note that this signal can be attributed to both the IF staining and the EGFP-Tuba signal); kinetochores 
(CREST serum proteins, yellow) and MTOCs (Pericentrin, magenta). White squares indicate the respective 
magnified region shown in the second column. 3rd to 5th column show respective single channel data for 
microtubules, kinetochores and MTOCs. Note that some signal from the transgenic H2B-mCherry is sometimes 
still detectable after fixation (see single channel images of MTOCs). Microtubules seem to nucleate from MTOCs 
into the pronuclear space (Embryo 1, lower white arrow; Embryo 2, white arrow), but were also observed at 
kinetochores whithout a connection to MTOCs (Embryo 3 and 4, white arrows). Scale bars, 10 μm. 

 



RESULTS 

 52 

2.1.5 Chromosome- and/or kinetochore-based microtubule nucleation dominates 

microtubule regrowth after depolymerization 

Thus, I next aimed to set up an assay at which I could eliminate the rapid microtubule 

crowding caused by fast microtubule nucleation and growth at NEBD, but also by the 

microtubule network from randomly distributed cytoplasmic MTOCs, which are already active 

in early prophase. To achieve this, I performed a microtubule regrowth series after initially 

depolymerizing microtubules at NEBD in mouse zygotes. Initially, I determined the required 

Nocodazole concentration and incubation time to completely depolymerize microtubules at 

the time of NEBD as rapidly as possible (see Materials and Methods section 4.1.8 and Figure 

27). The aim was to reduce the incubation time compared to previous assays (308), where 

the embryos were incubated in Nocodazole for approximately 5 hours, which might have 

affected the observed microtubule nucleation patterns due to potential side effects of long 

exposure of the drug.  After careful titration, I established that culturing the embryos in the 

presence of 10 µM Nocodazole for 30 min is in fact sufficient to depolymerize all microtubules 

at the onset of spindle assembly just after NEBD in mouse zygotes. I thus set out to determine 

at which sites microtubules would start to regrow after washing out the drug again after this 

treatment. To determine the time of NEBD, I again used live imaging of zygotes maternally 

expressing EGFP-alpha-tubulin and H2B-mCherry and when the chromosomes were highly 

condensed and soluble fluorescent tubulin dimers started to diffuse into the pronuclear 

space, I started to culture the embryos in the presence of Nocodazole. Subsequently, I washed 

out the drug and fixed them in 1-min intervals before processing them for IF (Figure 10). 

Compared to control zygotes, which were directly fixed at NEBD without depolymerizing the 

microtubules (Figure 10, first column, w/o Nocodazole), microtubules were indeed 

completely depolymerized after the 30 min drug incubation (Figure 10, second column, 0 min 

washout). As early as 2 min after washing out Nocodazole, I observed that microtubules re-

grew more strongly in direct proximity of kinetochores compared to MTOCs in close proximity 

to the chromosomes. At 3 and 6 min of microtubule regrowth, it became even more evident 

that strong microtubule fibers grew around the chromosomes, and especially the 

kinetochores, while the filaments at the MTOCs were fewer, shorter and weaker. Already 8 

min after washing out Nocodazole, microtubules were strongly growing all around the 

genomes again, indicating the rapid reversibility of the short-term drug treatment, but 

making single fiber connectivity analysis very difficult due to high microtubule density. At this 
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stage, MTOCs in close proximity to the pronuclei also radiated longer microtubule fibers that 

were mostly directed towards the chromosomes. 

 

 
Figure 10: Microtubule regrowth after Nocodazole induced depolymerization at NEBD in mouse zygotes. IF 
images of mouse zygotes fixed after depolymerizing microtubules at the time of NEBD and subsequently 
regrowing the microtubules for the indicated time periods.  The embryos were collected from transgenic females 
(R26-H2B-mCherry/R26-EGFP-Tuba) after natural mating with WT males. Mitotic timing was monitored by live 
imaging of H2B-mCherry (Chromatin) and EGFP-alpha-tubulin (Microtubules) using inverted light sheet 
microscopy. Prophase progression was assessed by the state of chromosome condensation and NEBD could be 
observed by imaging EGFP-alpha-tubulin dissociating into the previously compartmentalized pronuclear 
volumes. The embryos were collected at NEBD and immediately transferred into culture medium containing 10 
µM Nocodalzole to incubate for 30-35 min at normal culture conditions.  Microtubule regrowth was initiated 
upon transfer into drug-free culture medium, where zygotes were incubated  to be fixed in 1-min time intervals 
up to 10 min. The first column shows a zygote fixed at NEBD without Nocodazole induced depolymerization of 
the microtubules. The subsequent columns show IF images of selected zygotes regrowing microtubules for 
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different time periods ater Nocodazole washout. All images show a maximum intensity projection of selected 
confocal planes. Top row shows the merged full sized overview images of the zygotes with DNA (Hoechst, blue); 
MTOCs (Pericentrin, magenta); kinetochores (CREST-serum proteins, yellow) and microtubules (alpha-tubulin, 
green; note that this signal can be attributed to both the IF staining and the EGFP-Tuba signal). White squares 
indicate the respective magnified region shown in the second row. The following rows show the respective single 
channel data of the magnified region. Note that fluorescence from the transgenic H2B-mCherry is sometimes 
still detectable after fixation (seen in some of the single channel images of MTOCs). Starting 2 min after washing 
out Nocodazlole, microtubule fibers grew more strongly in proximity of kinetochores compared to MTOCs. Scale 
bars, 10 μm. In this multi-step experiment I was supported by my colleague Sandra Correia. 

 

Overall, the data of the regrowth assay indicated that chromosome- and kinetochore- 

mediated microtubule nucleation were the dominant pathways at the onset of spindle 

assembly (just after NEBD) in mouse zygotes. The extensive nucleation and fast microtubule 

growth around the spatially separated parental genomes together with the frequently 

asynchronous pronuclear NEBD between the two pronuclei would be expected to lead to the 

formation of two separate microtubule systems. Microtubule nucleation around the spatially 

separated parental chromosome clusters and subsequent microtubule self-organization 

could indeed explain these two systems can even bipolarize and start to congress their 

chromosomes independently. To test this hypothesis and dissect the requirements of 

chromosomal versus MTOC nucleation pathways for dual spindle assembly, perturbation 

experiments that can inhibit the different pathways selectively and actually prior to the onset 

of spindle assembly are therefore needed. 

 

2.1.6 Investigating the role of MTOC based microtubule nucleation for zygotic spindle 

assembly 

In cells that contain centrosomes, the MTOC based microtubule nucleation pathway in cells 

that contain centrosomes, is typically considered to be very important for the assembly of 

mitotic spindles. Mouse zygotes lack centrosomes but have many acentrosomal MTOCs, 

which have been suggested to collectively replace centrosome function (185, 295). To assess 

if MTOCs are essential for zygotic spindle assembly, especially for the formation of a dual 

spindle—which keeps the parental genomes apart—I thus aimed to acutely remove the 

MTOCs at the onset of mitosis. 
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2.1.6.1 Acute depletion of MTOCs in mouse zygotes—implementing the ‘Trim-away’ 

method 

Recently, the ‘Trim-away’ method has been reported as a powerful tool to acutely deplete 

targeted proteins within tens of minutes in a variety of systems including mammalian cells 

and mouse oocytes and embryos (367, 368). In brief, the Ubiquitin-E3-ligase Trim21 is 

expressed in the organism of interest. Trim21 canonically recognizes the Fc region of 

antibodies in the cytoplasm with broad specificity as part of the native immune system and 

catalyzes its ubiquitination and degradation by the proteasome, which effectively causes 

degradation of the antibody and its bound protein (369, 370). In the ‘Trim-away’ method this 

is exploited, as introducing an antibody specific for the protein of interest in presence of 

Trim21 leads to its rapid degradation. Degradation only happens if both components of the 

system are present and as the antibody can for example be introduced via microinjection, this 

technology provides unprecedented temporal control (367, 368). 

To destruct acentriolar MTOCs in mouse zygotes I chose Pericentrin as a target for the 

antibody. It has been shown that Pericentrin is a component of acentriolar MTOCs in early 

mouse embryos, and it is even essential for MTOC function in oocytes (187, 188, 295, 308).  

To perform the experiment, I thus first injected mouse zygotes with Trim21 and H2B-mCherry 

encoding mRNAs. I then used the H2B-mCherry signal to select successfully injected embryos 

that reached NEBD and then injected them with a Pericentrin-specific antibody. After 

incubating the zygotes for 20 minutes, I fixed them and subjected them to IF (Figure 11). 

When zygotes were injected with the Pericentin-specific antibody, no signal from IF against 

Pericentrin was visible (in the IF I used an antibody against Pericentrin derived from a different 

species than the injected one). This demonstrates that using the ‘Trim-away’ method, 

complete protein degradation below the detection limit of IF is possible within 20 minutes.  
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Figure 11: Degrading Pericentrin in mouse zygotes using the ‘Trim-away’ method. IF to validate acute 
Pericentrin degradation during Prophase of mouse zygotes using the ‘Trim-away’ method. The embryos were 
collected from WT females after natural mating with WT males. Pronuclear stage zygotes were injected with 
mRNAs encoding the Ubiquitin-E3-ligase Trim21 and H2B-mCherry. mCherry fluorescence of the expressed H2B-
mCherry after co-injection was a readout for successful Trim21 injection and was used to monitor chromosome 
condensation in Prophase upon live imaging. At NEBD, the embryos were collected and injected with a rabbit-
raised anti-Pericentrin antibody (top row) and cultured for 20 min prior to fixation. Control embryos were fixed 
directly (bottom row). For subsequent IF, native Pericentrin-containing MTOCs were labelled using a mouse-
raised anti-Pericentrin antibody. To enhance fluorescence at chromatin (decreased H2B-mCherry signal after 
fixation), TMR-Hoechst was applied during the IF treatment. Successful injection of the rabbit-raised anti-
Pericentrin antibody was verified by secondary IF against the rabbit specific antibody region. Using ‘Trim-away’, 
Pericentrin can be degraded beyond the detection limit within 20 minutes. All images show a maximum intensity 
projection of selected confocal planes. Scale bars, 10 μm. 

 

The first experiment established that Pericentrin can be degraded using the ‘Trim-away’ 

method in mouse zygotes. However, this does not conclusively show that MTOCs are 

completely eliminated. In order to prove this, I thus performed the same experiment injecting 

Trim21 and H2B-mCherry expressing embryos with the Pericentrin-specific antibody but 

staining for g-tubulin in subsequent IF (Figure 12), as g-tubulin is a universal microtubule 

nucleating factor and thus a core component of active MTOCs. Here, I observed complete 

absence of MTOC characteristic g-tubulin foci in injected zygotes compared to control zygotes 

that were only injected with the buffer solution (lacking the antibody, ‘Mock control’). This 

demonstrates that indeed, the ‘Trim-away’ method targeting Pericentrin effectively 

eliminates also g-tubulin and thus disrupts the functional architecture of the acentriolar 

MTOC.  
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Figure 12: Pericentrin degradation effectively depletes the many acentriolar MTOCs entirely in mouse zygotes. 
IF to validate if Pericentrin degradation during Prophase of mouse zygotes using the ‘Trim-away’ method is 
sufficient to disrupt acentriolar MTOCs. The embryos were collected from R26/R26-EGFP-Tuba females after 
natural mating with WT males. Pronuclear stage zygotes were injected with mRNAs encoding the Ubiquitin-E3-
Ligase Trim21 and H2B-mCherry. mCherry fluorescence of the expressed H2B-mCherry after co-injection was a 
readout for successful Trim21 injection and was used to monitor chromosome condensation in Prophase upon 
live imaging. In late prophase (when chromosomes were rod-shaped), the embryos were collected and injected 
with a rabbit-raised anti-Pericentrin antibody (top row) and cultured for 20 min prior to fixation. Control 
embryos were injected with the respective buffer solution without the respective antibody (Mock control, 
bottom row). For subsequent IF, MTOCs were labelled using a mouse-raised anti-g-tubulin antibody. To enhance 
fluorescence at chromatin (decreased H2B-mCherry signal after fixation), TMR-Hoechst was applied during the 
IF treatment. Successful injection of the rabbit-raised anti-Pericentrin antibody was verified by secondary IF 
against the rabbit specific antibody region. Using ‘Trim-away’ against Pericentrin, MTOCs seem entirely 
disrupted, as judged by the absence of characteristic g-tubulin foci (see white arrows in Mock control). All images 
show a maximum intensity projection of selected confocal planes. Scale bars, 10 μm. In this multi-step 
experiment I was supported by my colleague Sandra Correia to monitor incubation after antibody injection and 
assure timely fixation. 

 

2.1.6.2 MTOC destruction in zygotes leads to two seemingly distinct spindle assembly 

phenotypes 

Having established that Pericentrin degradation disrupts acentriolar MTOCs I then set out to 

investigate the effect of this perturbation on spindle assembly in zygotes using live imaging. I 

again used H2B-mCherry to visualize chromosomes and EGFP-a-tubulin to mark the spindle. 

In mock injected control embryos, I observed normal dual spindle formation, a robust 

metaphase plate and faithful chromosome segregation (Figure 13A).  

Intriguingly, when MTOCs were degraded I observed two distinct phenotypes (Figure 13B, 

Figure 14). In the seemingly less severe phenotype, a bipolar spindle still formed and 
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segregated the sister chromatids (Figure 13B). Compared to the control, here the microtubule 

density within the spindle was substantially reduced and the spindle was smaller. Moreover, 

the metaphase plate appeared less stable and during anaphase I could clearly observe 

severely lagging chromosomes (Figure 13), even leading to loss or fragmentation of individual 

chromosomes. Despite this I was still able to observe that the parental genomes stayed 

separated throughout mitosis. 

In the more severe cases (Figure 14) the spindle completely failed to separate the sister 

chromatids, leading to enclosure of the sister chromatids in one nucleus and failure of 

cytokinesis. Initially, also for this phenotype the formation of a spindle can be observed. But, 

compared to the control and the less severe phenotype spindle assembly was substantially 

retarded, the microtubule density was even further reduced, and the spindle even smaller. 

On top of this, bipolarity was only maintained for a short period of time. This small spindle 

was not able to promote chromosome congression and up to mitotic slippage in these 

embryos no formation of a proper metaphase plate could be observed. Despite this severe 

perturbation, still it was apparent that the parental genomes stayed clearly separated until 

mitotic slippage. Interestingly, small microtubule arrays were seemingly still directed to the 

separate parental genomes, which is in line with the formation of a dual spindle (Figure 14, 

01:04 hours post NEBD). 
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Figure 13: Investigating spindle assembly in mouse zygotes after depleting MTOCs—minor phenotype. (A-B) 
Time-lapse imaging of mouse zygotes to assess spindle assembly in the presence of MTOCs (A, ‘Mock control’), 
or after acute depletion of MTOCs in Prophase prior to NEBD using ‘Trim away’ against Pericentrin (B). Zygotes 
from both groups were isolated from transgenic females and microinjected with mRNAs encoding Ubiquitin-E3-
ligase Trim21 and H2B-mCherry at pronuclear stage. Fluorescence of the expressed H2B-mCherry (magenta) 
after co-injection was a readout for successful Trim21 injection and was used to monitor chromosome 
condensation upon live imaging. When chromosome condensation indicated that zygotes were progressing 
through Prophase, they were collected in small groups of embyros of similar mitotic progression (n = 2 to 4) and 
microinjected with a solution of anti-Pericentrin antibody in PBS and a minimal amount of detergent to facilitate 
injection (representative example with minor phenotype shown in B). The ‘Mock control’ group was injected 
with the same buffer solution lacking the antibody (representative example shown in A). After injection, the 
embryos were mounted back for subsequent live imaging starting earliest within 15-20 min post injection. Upper 
panels show merged time lapse images of mouse zygotes expressing H2B-mCherry (magenta) after mRNA 
injection and EGFP-a-tubulin (green) through maternal transgenic expression. Images were acquired by light 
sheet microscopy every 2 min throughout the first mitosis and for up to ~4 h in total. Spindle sections of 3D 
rendered images of the zygotes are shown. Timings are respective to synchronous pronuclear envelope 



RESULTS 

 60 

breakdown or NEBD of the leading pronucleus in hours:min. Lower panels show respective single channel grey 
scale images. Despite depleting MTOCs, in mouse zygotes with a ‘minor phenotype’ bipolar spindles could still 
form, and the parental genomes stayed apart. However, microtubule density in the spindle was reduced and 
chromosome congression impaired. Automatically projected scale bar, 10 μm. 

 

 
Figure 14: Spindle assembly in mouse zygotes after depleting MTOCs—major phenotype. Experiments 
performed identical to the treatment described for Figure 13B. Upper panels show merged time lapse images 
of mouse zygotes expressing H2B-mCherry (magenta) after mRNA injection and EGFP-a-tubulin (green) through 
maternal transgenic expression. Images were acquired by light sheet microscopy every 2 min throughout the 
first mitosis and for up to ~4 h in total. Spindle sections of 3D rendered images of the zygotes are shown. Timings 
are respective to NEBD in hours:min. Lower panels show respective single channel grey scale images. Images in 
the black box show 3D rendered images of the entire embryonic volume of selected time points to highlight 
dimensions and the failure of cytokinesis. Even if MTOC degradation leads to a failed chromosome segregation 
the spindles formed around the different parental genomes are still capable of keeping them separated. 
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In both perturbation phenotypes (Figure 13B and Figure 14) microtubule nucleation seemed 

to predominantly take place at the interphase between the two parental genomes and the 

genomes stayed separated throughout mitosis. These two observations could indicate that 

(in the absence of acentrosomal MTOCs) chromosome-/kinetochore-associated microtubule 

nucleation pathways dominate and as this happens around the individual parental genomes 

this could provide the organizational cues for dual spindle assembly. 

Nevertheless, the phenotypes observed are still quite severe and thus MTOCs are clearly 

important. They contribute to the overall microtubule mass in the spindle, and they could 

contribute to spindle stability, bipolarization and elongation for proper force generation. 

Having established the method to acutely disrupt MTOCs will now allow to pursue these 

interesting phenotypes with further experiments to understand the major mechanism by 

which MTOCs contribute to zygotic spindle assembly. 
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2.2 Bovine zygotes as model for the first mitotic spindle assembly in the 

presence of centrosomes 

Rodent zygotes enter the first mitosis with two pronuclei, similar to other mammalian 

species. However, rodents do not inherit the centrosome from the sperm, and thus, the 

question still remained, whether dual spindle assembly does also occur in zygotes with two 

centrosomes that might enforce a single bipolar microtubule array from the start. To 

investigate this, I aimed to use the bovine zygote as a model for multiple reasons. First, it has 

been shown that the zygote actually inherits the centrioles from the sperm (310, 344). In 

addition, developmental timings are more similar between cattle and human (371–374), 

especially the timing of embryonic genome activation, as already mentioned in the 

introduction (300, 302–305). And importantly, also whole and segmental chromosome 

abnormalities seem to occur as frequently in cow embryos after IVF as in human 

preimplantation embryos in fertility clinics (25, 332). In addition, in vitro culturing systems 

were well established and bovine oocytes can be obtained for research from abattoir material 

(25, 375). To set up the in vitro generation and culture of bovine zygotes, I teamed up with 

Dr. Marta de Ruijter-Villani from the University of Utrecht. We collaboratively set up the 

experimental approaches and analyses, which lead to the results described in this chapter.  I 

was also greatly supported by my colleague Dr. Julius Hossain, who implemented several 

automated analysis pipelines to support my quantitative analysis of the data. 

The results described in this chapter have already been reported in the preprint Schneider et 

al. (376), where they were originally already written by myself.  

 

2.2.1 Immunofluorescence imaging of dual spindles in bovine zygotes 

To get a first impression how spindles assembled in bovine zygotes and how centrosomes 

distributed and oriented with respect to the two parental genomes, IF imaging of fixed 

zygotes seemed to be the most feasible and effective approach. NEDD1 or Cep192 were 

chosen as markers of the pericentriolar material around the centrosomes and alpha-tubulin 

was used as reporter for the spindle microtubules while acetyl-alpha-tubulin was used to 

specifically label the sperm flagellum. In addition, Hoechst 33342 labelled the two parental 

genomes. 
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2.2.1.1 Two spindles assemble around the two parental genomes despite the presence of 

only two centrosomes 

Confocal microscopy after IF against the different spindle proteins showed two major spindle 

configurations in the bovine zygote. In most prophase-stage zygotes, the two parental 

pronuclei were in close contact with both centrosomes localizing directly at or close to the 

pronuclear contact site (Figure 15A, Prophase). From pro-metaphase stage zygotes, it was 

evident that two microtubule clouds assembled around the adjacent parental genomes after 

NEBD, which we termed proximate dual spindles (Figure 15A, Pro-Metaphase, dashed lines 

around two clouds). Metaphase-stage zygotes with proximate spindles then showed that the 

two microtubule arrays eventually aligned or even fused along their pole-to-pole axes (Figure 

15A, Metaphase, see dashed rim marking the two separate arrays). It was thus not always 

possible to distinguish fused double spindles from a single spindle. The aligned spindles were 

able to segregate sister chromatids in anaphase (Figure 15A, Anaphase). Interestingly 

however, the intensity of the pericentriolar staining decreased in anaphase indicating that 

the PCM around centrioles dispersed earlier than in usual somatic mitoses. 

In contrast to this series of events, another phenotype of dual spindle assembly was also 

observed (Figure 15B, distant spindles). In ~1/5 of the prophase-stage zygotes the parental 

genomes were >30 µm apart (Figure 15B-C). It became evident that the distant genomes 

persisted throughout mitosis and individual spindles were observed around these separate 

genomes in overall 33 of 178 mitotic zygotes (Figure 15B-C). To make sure that this phenotype 

was not due to of polyspermic in vitro fertilization, the zygotes were either additionally 

stained with an antibody against acetylated alpha-tubulin to visualize the incorporated sperm 

flagellum (Figure 15D, white arrows), or the chromosome signal was segmented and 

quantified to exclude any polyploid zygotes. Among the metaphase-stage zygotes, 17 % 

showed two distant, bipolar microtubule systems (Figure 15C, grey bar, n = 12/72), and 

persisting distant spindles throughout anaphase and telophase showed that the individual 

spindles around each parental genome were still functional to initialize chromosome 

segregation (Figure 15B-C).   

Interestingly, in some zygotes with either proximate or distant dual spindle assembly, mitotic 

progression was asynchronous between the two parental genomes (Figure 15E). It was 

evident that nuclear envelope breakdown could be sequential for the two pronuclei, leading 

to an initial lagging of the second spindle in prophase/pro-metaphase. But, in some zygotes, 
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the asynchrony was more severe, for example with one spindle being in pro-metaphase while 

the second one was already progressing through telophase. This clear asynchrony indicated 

that the two chromosome clusters and surrounding spindles could advance their mitotic 

progression independently albeit sharing the same cytoplasm. 
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Figure 15: Dual spindle types in bovine zygotes identified through IF imaging. (A-B, D-E) IF of bovine zygotes 
fixed at 27.5 h post in vitro fertilization at consecutive stages of mitosis. Maximum intensity projections of 
confocal sections orthogonal to the estimated spindle axis are shown. Microtubules (alpha-tubulin, green); 
pericentrosomes (Cep192 or NEDD1, magenta); chromatin (Hoechst, blue); Sperm flagellum (acetylated a-
tubulin, cyan). Scale bars, 5 µm. Proximate (A) or distant (B) dual spindles were found to assemble around 
adjacent or disconnected pronuclei. Dashed lines mark the proximate, but distinct microtubule arrays. (C) Bar 
graph shows abundance [%] of different (dual) spindle types at consecutive mitotic stages. Pie chart visualizes 
the abundance [%] of the different (dual) spindle types among all mitotic zygotes (ntotal = 178). (D) IF of bovine 
zygotes (as in A), but staining the sperm flagellum (cyan) to distinguish monospermic from polyspermic zygotes 
after the pronuclear stage. I IF of bovine zygotes (as in A) showing asynchronous distant dual spindles with very 
distinct mitotic timings inside same cytoplasm. All panels of this figure were adapted and modified from our 
preprint (376) and the data was originally acquired in collaboration with Dr. Marta de Ruijter-Villani; the figure 
was assembled by myself. 

 

Overall, these initial IF experiments showed that dual spindle assembly also occurs in bovine 

zygotes in the presence of only two centrosomes, indicating that this assembly mechanism is 

conserved among mammalian zygotes, where the the two parental genomes are 

compartmentalized in two separate pronuclei at the time of NEBD. The data also showed that, 

if the parental pronuclei failed to migrate towards each other before NEBD, individual 

spindles form around the distant pronuclei and most likely persist throughout mitosis. 

 

2.2.1.2 Comparing centrosome localization in proximate and distant dual spindles 

Regarding centrosome positioning respective to the spindles, pericentrosomal staining 

indicated that in a majority of 77 % of the distant metaphase spindles, only one pole per 

spindle was connected to a centrosome (Figure 16A-B, monocentrosomal spindles, n = 17/22, 

white arrows indicate centrosome positions). 14 % of distant dual spindles were 

acentrosomal (n = 3/22) and ~10 % could not be scored due to poor pericentrosomal staining 

(n = 2/22). In contrast, ~70 % of the proximate, often fused/proximate metaphase spindles 

showed a centrosome at both poles (Figure 16A-B, bicentrosomal contralateral spindles, n = 

30/43), although monocentrosomal spindles were also found in 16 % of these proximate 

spindles (n = 7/43), and one zygote with a fused metaphase spindle (2 %) had both 

centrosomes at the same pole (bicentrosomal ipsilateral spindle, n = 1/43). 

Overall, this data indicated that polar centrosomes might not be essential to assemble and 

maintain a spindle or to establish bipolarity. 
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Figure 16: Diverse centrosome positioning in zygotic dual spindles. (A) IF of bovine zygotes fixed at 27.5 h post 
in vitro fertilization showing diverse centrosome positioning in proximate (fused) and distant dual spindles. 
Maximum intensity projections of confocal sections orthogonal to the estimated spindle axis are shown. White 
arrows indicate the number and position of centrosomes. Microtubules (a-tubulin, green); chromatin (Hoechst, 
blue), pericentrosome (NEDD1, Cep192, magenta). Scale bars, 5 μm. (B) Abundance [%] of centrosome positions 
in proximate (fused) or distant spindles as illustrated in (A). Images and data for graphs of this figure were 
adapted and modified from our preprint (376) and the data was originally acquired in collaboration with Dr. 
Marta de Ruijter-Villani; the figure was assembled by myself. 

 

2.2.1.3 Centrosome-spindle connections are weak 

In contrast to the textbook morphology of a mitotic spindle with the centrosomes closely 

attached to or even tightly incorporated into the spindle poles as in human HeLa cells (174, 

377), the pericentriolar material and the edge of the spindle body/pole did usually not 
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colocalize in bovine zygotic spindles. Instead, I identified clear micrometer wide intensity gaps 

of the microtubule signal between the actual spindle poles and the position of the 

pericentrosome in 63 % of those bicentrosomal contralateral spindles in metaphase, which 

passed quality control for further quantitative analysis (n = 10/16, i.e. Figure 17A) and in 45 % 

of the quality controlled distant monocentrosomal spindles (n = 5/11). This intensity gap 

prompted me to ask, if the centrosomes were actually stably connected to the spindle 

microtubules, and test if any stable kinetochore fibers were directly linking the centrosome 

to the chromosomes in the bovine zygotic spindles. 

Zygotes were thus fixed at different mitotic stages following a short incubation on ice to 

depolymerize unstable microtubules. IF of these zygotes confirmed that the microtubules 

around centrosomes were unstable throughout mitosis since the microtubule signal at these 

sites decreased below the detection limit (Figure 17B). The astral microtubules linking the 

centrosomes to the spindle poles in metaphase were thus unstable and kinetochore fiber 

ends were not detectable at the centrosomes. In contrast, stable spindle microtubules around 

the chromosomes were conserved, but the signal intensity from microtubule staining now 

showed also a clear gap between the two microtubule arrays around each of the parental 

genomes in pro-metaphase (Figure 17B, Late Pro-Metaphase). This indicated that the 

microtubules, which are initially involved in dual spindle alignment or fusion are probably 

highly dynamic and thus, also unstable. 

With support from my colleague, Dr. Julius Hossain, I analyzed quantitatively how the cold 

treatment affected the centrosome position with respect to the spindle (Figure 17C-F, 

nunperturbed = 16, ncold-shock = 9). Compared to unperturbed bicentrosomal spindles, the distance 

between the spindle body and the centrosome (Figure 17C, d1) increased significantly from 

3.9 to 6.5 µm on average in metaphase after the cold treatment (Figure 17D, p = 0.01). This 

centrosome-to-spindle gap was then actually similar to the length of an entire spindle half 

after cold treatment (Figure 17C, d2). I annotated this more clearly by annotating the ratio 

between the centrosome distance and the spindle half-length, which increased from ~49 % 

in unperturbed zygotes to 87 % after cold treatment (Figure 17C, d1/d2; Figure 17E, p = 0.006). 

I also noticed a small increase in the distance between the metaphase plate and the 

centrosomes in the treated compared to the unperturbed bicentrosomal spindles (Figure 17C, 

d3; Figure 17F, p = 0.15), indicating that the centrosomes might have moved away from the 

spindle upon cold treatment. However, this distance increase was not statistically significant. 
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Overall, this data clearly demonstrated that the sparse microtubules between the 

centrosomes and the spindle body as well as the microtubules between the dual spindles are 

unstable. 

 
Figure 17: Centrosomes are weakly connected to spindle poles in bovine zygotes. (A) Images from IF of bovine 
zygotes fixed at 27.5 h post in vitro fertilization at consecutive stages of mitosis. Single confocal section through 
one bicentrosomal (contralateral) zygotic spindle is shown. Scale bar, 5 μm. Left panel: Merged image with 
microtubules (a-tubulin, green); chromatin (Hoechst, blue), pericentrosome (NEDD1, Cep192, magenta). Middle 
panel: Single channel image showing microtubules (a-tubulin, grey scale). Right panel: Line profile 
corresponding to yellow line in central single channel image. White and red arrows indicate signal gap(s) of 
microtubule staining, corresponding to distance [d] in line profile. (B) Images from IF as described in (A), but the 
zygotes were incubated on ice for 3 min prior to fixation to depolymerize unstable microtubules. Maximum 
intensity projections of confocal sections orthogonal to the estimated spindle axis show that astral and ‘inter-
spindle’ microtubules depolymerized beyond the detection limit upon cold treatment. Scale bars, 5 μm. (C) IF 
image as in (B, Metaphase) with white bidrectional arrows illustrating distance measurements used to compare 
centrosome positions in bicentrosomal contralateral spindles from unperturbed and cold-treated zygotes. Red 
line illustrates projected spindle axis orthogonal to chromosomes. D1: Distance between centrosome and edge 
of spindle body; d2: Spindle half length; d3: Distance between centrosome and metaphase plate (centroid of 
chromosomal mass). (D-F) Dot plots comparing centrosome positioning with respect to the spindle using IF data 
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of unperturbed (n = 16) or cold-treated  zygotes (n = 9). Average measurements for both centrosomes from 
same zygote are depicted. Statistical test: Unpaired t-test. (D) Comparing distance [µm] between centrosomes 
and edge of the spindle body (d1, see respective arrow in C). For assessment of spindle body, see Material and 
Methods. Bars indicate standard error of the mean distance of unperturbed (3.9 µm) vs. cold shock treated (6.5 
µm) zygotes (p = 0.01, significant). I Comparing relative distance [%] between centrosome and spindle egde 
respective to spindle half length (d1/d2, see respective arrows in C). Bars indicate standard error of the mean 
distance in unperturbed (49.1 %) vs. cold shock treated (87.3 %) zygotes (p = 0.006, significant). (F) Comparing 
distance [µm] between centrosomes and the chromosome centroid (d3, see arrow in C). Bars indicate standard 
error of the mean distance in unperturbed (11.7 µm) vs. cold shock treated (13.7 µm) zygotes (p = 0.15). Images 
of panels B-C and graphs D-F of this figure were originally shown in our preprint (376). The data was originally 
acquired in collaboration with Dr. Marta de Ruijter-Villani, and the data analysis was performed by Dr. Julius 
Hossain and by myself. Graph plots and figure assembly was done by myself. 

 

2.2.1.4 Comparing centrosomal and acentrosomal spindle halves to investigate the role of 

the centrosome 

The weakly connected centrosomes in bovine zygotic spindles prompted me to investigate 

further to what extent they influence shape and structure of the microtubule array at this 

early stage of development. The frequently observed distant and monocentrosomal spindles 

in metaphase allowed me to analyze how centrosomal and acentrosomal spindle halves 

actually differ within the same spindle. To distinguish clear structural asymmetries between 

these spindle halves in monocentrosomal spindles (Figure 18A, monocentrosomal, n = 11) 

from general variability, I also aimed to compare the two centrosomal halves in the proximate 

bicentrosomal spindles (Figure 18A, bicentrosomal, n = 16). Although the distant spindles 

were smaller than proximate spindles, because they contained only one parental genome, I 

could still compare the relative differences of the two halves between both spindle types. In 

collaboration with my colleague Dr. Julius Hossain, the tubulin signal in both spindle types 

was segmented and the signal intensity distribution along the spindle axis orthogonal to the 

metaphase chromosomes was quantified (Figure 18B-D). 

First, I wanted to compare the microtubule mass of both spindle halves. To this end, the total 

intensity of tubulin was calculated as the area under the curve (AUC) of the intensity 

distribution of each half and subsequently plotted ratiometrically (Figure 18B, E).  In the case 

of monocentrosomal spindles, the centrosomal half had on average an approximately 1.2-

fold higher microtubule mass than the acentrosomal one (Figure 18E). However, also in 

bicentrosomal spindles a similar asymmetry could be observed. Here, the brighter half also 

has a 1.2-fold higher total microtubule intensity than the dimmer one. No significant 

difference between the two spindle types could be observed (p-value = 0.99). Thus, it seems 
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that the polar centrosome does not substantially increase the microtubule mass in its 

proximal spindle half. 

An alternative potential influence of the centrosome might be a broadening of the spatial 

distribution of the tubulin mass along the spindle axis, away from the metaphase plate 

towards the pole. To interrogate this, the full width half maximum (FWHM) of the intensity 

distribution of each spindle half was calculated and compared ratiometrically (Figure 18B, F). 

In monocentrosomal spindles, a slightly wider distribution was observed for the centrosomal 

half (ratio of 1.1 compared to the acentrosomal half). However, also for bicentrosomal spindle 

halves, again a similar distribution was observed, with the brighter half being on average 

1.1-fold broader. Thus, also for this parameter no significant difference between the mono-

and bicentrosomal spindles could be detected (p-value = 0.12), indicating that polar 

centrosomes neither broaden the microtubule distribution away from the metaphase plate.  

Another relevant parameter of mitotic spindles is their length and I wanted to probe whether 

centrosomes might elongate their associated spindle half. Therefore, the length of each half 

in mono- and bicentrosomal spindles was calculated (Figure 18B, G). In monocentrosomal 

spindles, the centrosomal half was about 1.2-fold longer than the acentrosomal half, in 

bicentrosomal spindles, one half was ~1.1-fold longer than the other. Again, between both 

spindle types no significant difference in the spindle length could be observed (p-value = 0.07) 

Overall, the quantitative analysis of the different structural spindle parameters of mono- or 

bicentrosomal spindles in zygotes illustrates that a centrosome at one pole has no significant 

impact on total microtubule mass, microtubule distribution or spindle length. It is thus likely 

that centrosomes do not significantly contribute to the structure and function of the 

metaphase spindle in bovine zygotes. 

This strikingly contrasts mammalian somatic cells; for example, in centrinone-treated RPE1 

cells (note that these are human cells), centriolar halves were shown to be 1.5- to 1.7-fold 

longer than acentrosomal halves (378). The unexpected symmetry of acentrosomal and 

centrosomal spindle halves in bovine zygotes strongly suggests that the centrosome-

independent microtubule nucleation pathways—like chromosome-dependent microtubule 

nucleation or intra-spindle microtubule nucleation—are the major drivers of spindle assembly 

and maintenance. It should be noted that centrosomes may still have other functions in the 

zygote such as pronuclear migration and chromosome clustering at the pronuclear interface 

(379). 
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Figure 18: Quantitative comparison of centrosomal and acentrosomal spindle halves. (A) Examples of IF data 
subjected for quantitative comparison of the two halves in proximate bi-, and distant monocentrosomal spindles 
in metaphase, see also Fig 1A-B. Zygotes were fixed at 27.5 h post in vitro fertilization. Maximum intensity 
projections over the imaging plane orthogonal to the estimated spindle axis are shown. Merged images with 
microtubules (a-tubulin, green) and chromatin (Hoechst, blue). Scale bars: 5 µm. (B) Schematic representation 
of zygotic metaphase spindle and total intensity distribution along determined spindle axis orthogonal to the 
chromosomal metaphase plate in bicentrosomal contralateral and monocentrosomal spindles. Note dashed 
green circle to illustrate second centrosome in bicentrosomal spindles and missing centrosome in 
monocentrosomal spindles. Full width half maxium (FWHM) and area under the curve (AUC) were calculated to 
compare intensity distribution and sum of total intensities between the two spindle halves. The spindle half-
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lengths were calculated as distances between the intensity distribution’s valley (0 position) and the most distant 
positions along the axis, where the total intensity was 10 % of the respective maximum. (C-D) Intensity 
distributions of alpha-tubulin immunofluorescence in 2D sections along the calculated spindle axis orthogonal 
to the metaphase chromosomes in both, distant monocentrosomal (C), and proximate bicentrosomal 
contralateral (D) spindles, as illustrated in (B). Magenta arrows indicate positions of centrosomes. (E-G) 
Ratiometric comparison of intensity sum I, FWHM (F), and of the length (G) between the halves of the spindle 
types. For distant monocentrosomal spindles (n = 11 from 6 embryos), absolute measurements were normalized 
to acentrosomal half. For proximate bicentrosomal contralateral spindles (n = 16), absolute measurements were 
normalized to the spindle half with lower sum intensity, or shorter FWHM and length. Error bars indicate 
standard error of the mean. Statistical test: unpaired t-test. I Equal mean intensity ratio for the halves of mono- 
(1.21) and bicentrosomal (1.21) spindles (p = 0.99). (F) Comparable mean ratio of FWHM for the halves of mono- 
(1.14), and bicentrosomal (1.06) spindles (p = 0.12). (G) Overall similar mean ratio of spindle half lengths in 
mono- (1.24) and bicentrosomal (1.11) spindles (p = 0.07). All panels of this figure were originally shown in our 
preprint (376). The data was originally acquired in collaboration with Dr. Marta de Ruijter-Villani, and the data 
analysis was performed by Dr. Julius Hossain and by myself. Graph plots and figure assembly was done by myself. 

 

2.2.2 Real time imaging of dual spindle assembly in the bovine zygote  

Using IF, 1421 zygotes were imaged, however of these only 178 (13 %) were in mitosis at the 

time of fixation. In addition, the high variability of pronuclear position further complicated 

the interpretation of the observed configurations in terms of the dynamic process of spindle 

assembly. To clearly understand the sequence of events of dual spindle assembly in the 

presence of paternal centrosomes, live microscopy was therefore indispensable. Hence, I 

decided to visualize spindle assembly in real time in live bovine zygotes using light sheet 

microscopy, which was developed in the Ellenberg Group for in toto imaging of mouse pre-

implantation embryos (286, 308). I adapted the iSPIM imaging pipeline for the larger and 

substantially stronger scattering bovine embryos (see Material and Methods section 4.2.5). 

 

2.2.2.1 Diverse modes of dual spindle assembly 

To visualize spindle assembly in live bovine zygotes, I injected the pronuclear stage zygotes 

with mRNA to transiently express fluorescent spindle reporter proteins (366). I chose human 

Histone 2B (H2B) and microtubule-associated protein 4 (MAP4) or end-binding protein 3 (EB3) 

as reporter proteins for chromatin and spindle microtubules, respectively, since these 

proteins are highly conserved among mammals. 

Similar as for mouse embryos, I could maintain the standard IVF culture conditions for bovine 

embryos using the inverted light sheet microscope setup. In addition, the low light-dose 

allowed me to visualize the spindle dynamics in 3D every 2.5 minutes throughout the first 

mitosis. 
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This unprecedented real time data of bovine zygotic mitosis clearly showed that pronuclei did 

not fuse, and that the presence of two spatially separated parental genomes at the beginning 

of mitosis determined the formation of two microtubule arrays around them despite the 

presence of only two centrosomes. Imaging in total 21 mitoses in live zygotes with two 

centrosomes, I noticed that spindle assembly dynamics and modes varied in many aspects, 

especially in how the two initial spindles incorporated the two centrosomes. This allowed me 

to reconstruct the pathways leading to the diverse centrosome localization phenotypes 

observed in fixed zygotes.  

Overall, in 19 of the 21 zygotes, NEBD was asynchronous, which confirmed the mitotic 

asynchrony observed in fixed zygotes with proximate or distant dual spindle. In the live 

zygotes, the second NEBD (lagging PN or PN2) usually followed the initial NEBD (leading PN 

or PN1) after ~2.5-7.5 min. 

In all but one of the imaged zygotes, the pronuclei had migrated to appose each other prior 

to NEBD (n = 20/21) and both centrosomes usually localized to the pronuclear surfaces (n = 

17/21, for examples, see Figure 19A-B and Figure 20A-C). The respective centrosome position 

relative to the pronuclei then seemed to determine how the two forming spindles 

incorporated them. 

In approximately 60 % of the zygotes, both centrosomes localized at the opposite edges of 

the pronuclear contact area in prophase (Figure 20A, -2.5 min to NEBD). After NEBD, the 

centrosomes usually first associated with each spindle pole of the spindle, which initially 

formed around the parental genome whose nuclear envelope had broken down first (leading 

pronucleus – PN1, Figure 19A, 7.5 min post NEBD). With nuclear envelope breakdown of the 

second, lagging pronucleus (PN2, Figure 19A, 15 min post NEBD), microtubules started to 

grow around and towards the second genome assembling a second, initially often half-spindle 

between one of the centrosomes and the second genome. A few zygotes with this spindle 

assembly mode were ideally oriented respective to the light sheet with minimal cytoplasmic 

scattering. This allowed me to acquire highly resolved images, which showed that the second 

spindle around the lagging pronucleus eventually pulled the associated centrosome away 

from the first spindle (Figure 19A, 15 and 20 min post NEBD). Soon afterwards, the two 

spindles bipolarized while aligning their axes in parallel. In contrast, I also observed that both 

spindles could initially be monopolar (n = 3/21), eventually merging into a bipolar array. 
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Figure 19: Assembly and dynamics of proximate dual spindles in live bovine zygotes. (A and B) Upper panels 
show merged time lapse images of bovine zygotes expressing microtubule markers (green) EGFP-MAP4 (A) or 
EB3-mEGFP2 (B) and chromatin marker H2B-mCherry (magenta). Images were acquired by light sheet 
microscopy every 2.5 min throughout mitosis and for up to 6 h in total. 3D rendered images of pronuclear 
volumes are shown. Timings are respective to synchronous pronuclear envelope breakdown (B) or to NEBD of 
leading pronucleus (PN1) in case of asynchrony (A). PN2: Lagging pronucleus. White arrows indicate positions of 
centrosomes. Projected scale bars, 10 μm. Lower panels show respective single channel grey scale images of the 
microtubule marker. Figure shows most frequent (A), and most pronounced (B) example of proximate dual 
spindle assembly. Subjacent illustrations accentuate the different assembly dynamics observed upon imaging. 
Panels of this figure were originally shown in our preprint (376). The samples were prepared in collaboration 
with Dr. Marta de Ruijter-Villani and the data acquired and processed by myself. The figure was assembled by 
myself. 

 

 



RESULTS 

 76 

But overall, the eventually fused spindles had the same round shape with very broad poles as 

most metaphase spindles in the fixed zygotes (Figure 19A, 57.5 min compared to Figure 15A, 

metaphase). And also confirming the findings from the IF experiments, the centrosomes were 

usually not closely attached to the spindle body in live zygotes at the metaphase stage (Figure 

19A, 20 and 57.5 min post NEBD; white arrows indicate centrosome positions). Interestingly, 

I also observed that the centrosomes already split and separate comparatively early, starting 

in late metaphase or early anaphase (Figure 19A, 85 min post NEBD; white arrows indicate 

split centrosomes). 

In one of these 21 zygotes with proximate pronuclei and pronuclear associated centrosomes, 

I could observe the initially separated spindles around the two genomes clearly until ~20 min 

post NEBD (Figure 19B). Both centrosomes were initially associated with opposite sides of the 

same pronucleus in this zygote (Figure 19B, -2.5 min to NEBD), but interestingly, NEBD 

occurred simultaneously. The two centrosomes then associated with the spindle poles of the 

spindle, which formed around the pronucleus the centrosomes were originally associated 

with (Figure 19B, 15 min post NEBD). However, approximately 5 min post NEBD, the second 

genome already started to promote microtubule nucleation independently of centrosomes 

assembling a small spherical microtubule array. It increased its microtubule mass within few 

minutes and bipolarized before it merged pole by pole with the initial centrosomal spindle 

around the other parental genome (Figure 19B, 15-50 min post NEBD). 

Dual spindle assembly was also evident for the remaining (n = 4/21) zygotes with proximate 

and centrosome-associated pronuclei. However, since the centrosome positions with respect 

to each other and to the pronuclei differed for these embryos in prophase—instead of 

immediately assembling an initial dominant bipolar array with polar centrosomes around one 

parental genome—the configurations for spindle assembly and alignment varied (Figure 20A-

C). I observed that initially either two monopolar spindles formed with the same or different 

polar centrosomes (Figure 20A, C), or two spherical arrays assembled around the two 

genomes initially rather independent of the centrosomes (Figure 20B). Thus, centrosome 

positions in these early spindles ranged from ipsilateral (Figure 20A, >10 min post NEBD) to 

entirely apolar (Figure 20B, 10-22.5 min post NEBD). At later timepoints, centrosomes could 

be pulled into the spindle at seemingly random positions (e.g., Figure 20B and 6C, 27.5 min 

and 20 post NEBD, respectively). Proper bipolar positioning could eventually be established 

after the centrosomes were initially pulled into the spindle close to the poles. However, even 
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severe aberrant centrosome positioning, like ipsilateral at the same pole (Figure 20A, 37.5 

min post NEBD) or at the spindle midzone (Figure 20B, 55 min post NEBD) persisted 

throughout mitosis. Overall, in the embryos showing dual spindle assembly around adjacent 

pronuclei with closely associated centrosomes, the first mitosis usually resulted in a 

symmetrical two cell embryo (>85 %). 

 
Figure 20: Miscellaneous spindle assembly modes around proximate parental genomes with associated 
centrosomes in live bovine zygotes. (A-C) Upper panels show merged 3D rendered time lapse images of bovine 
zygotes expressing microtubule marker EGFP-MAP4 (green) and chromatin marker H2B-mCherry (magenta). 
Pronuclear volumes after background correction (median based denoising) are shown. 3D images were acquired 
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by light sheet microscopy every 2.5 min throughout mitosis and for up to 6 h in total. Indicated timings respective 
to nuclear envelope breakdown of leading pronucleus (PN1). PN2: Lagging pronucleus. White arrows indicate 
positions of centrosomes. Projected scale bars, 10 μm. Lower panels show respective single channel grey scale 
images of the microtubule marker alone. Figure shows spindle assembly modes around adjacent pronuclei, 
where centrosomes localized at pronuclear surfaces, but not (only) at the pronuclear junctions (n = 4). 
Centrosomes localized either in proximity to each other (A and B), or at opposite sides of same PN, with only 
one centrosome at pronuclear interphase (C). Panels of this figure were originally shown in our preprint (376). 
The samples were prepared in collaboration with Dr. Marta de Ruijter-Villani and the data acquired and 
processed by myself. The figure was assembled by myself. 

 

 
Figure 21: Spindle assembly around adjacent pronuclei with a dissociated centrosome in live bovine zygotes. 
(A and B) Upper panels show merged 3D rendered time lapse images of bovine zygotes expressing microtubule 
markers (green) EGFP-MAP4 (A) or EB3-mEGFP2 (B) and chromatin marker H2B-mCherry (magenta). Pronuclear 
volumes after background correction (median based denoising) are shown. 3D images were acquired by light 
sheet microscopy every 2.5 min throughout mitosis and for up to 6 h in total. Indicated timings respective to 
nuclear envelope breakdown of first pronucleus (PN1). PN2: Lagging pronucleus. White arrows indicate positions 
of centrosomes. Projected scale bars, 10 μm. Lower panels show respective single channel grey scale images of 
the microtubule marker alone. Figure shows spindle assembly modes around adjacent pronuclei, where one 
centrosome localized at PN surfaces, while the second was initially randomly positioned in the cytoplasm (n = 3). 
Polar centrosome position could be established later in mitosis (A), but the centrosome could also be lost within 
the cytoplasm (B). Panels of this figure were originally shown in our preprint (376). The samples were prepared 
in collaboration with Dr. Marta de Ruijter-Villani and the data acquired and processed by myself. The figure was 
assembled by myself. 
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I also imaged zygotes, in which one centrosome seemed detached from the pronuclei and 

was instead randomly positioned in the cytoplasm (Figure 21A-B, n = 3/21). In these cases, 

the dissociated centrosome was clearly not contributing any microtubules to the initially 

forming spindles, but when positioned close enough to the originally acentrosomal spindle 

pole, it was eventually pulled towards that spindle half and even properly localized at the 

second pole (Figure 21A, >25 min post NEBD). However, in zygotes, where the centrosome 

localized too far from the assembled spindle, it remained isolated in the cytoplasm (Figure 

21B). Overall, the dynamic live data shows the flexibility of dual spindle assembly and 

centrosome positioning in the bovine zygote indicating lax regulation. The data also suggests 

that the centrosome might be dispensable for the zygotic spindle assembly. Consistent with 

the observation of distant dual spindles in the zygotes after IF, I imaged one zygote (n = 1/21), 

which entered mitosis when its two pronuclei were approximately 60 µm apart (Figure 22A). 

The forming distant spindles persisted throughout mitosis, eventually attempting to 

segregate the single parental genomes. In this case, I observed several mitotic errors including 

chromosome mis-segregation, ingression of multiple cleavage furrows and cytokinesis failure 

(Figure 22B, red arrows).  In agreement with the IF data, each pronucleus within this zygote 

was initially associated with one centrosome (Figure 22C-D, -2.5 min prior to initial NEBD, 

white arrows indicate centrosome positions), which marked one pole within each of the 

forming spindles around the distant genomes (Figure 22C-D, 17.5 min post initial NEBD). 

These spindles were first monopolar, but eventually bipolarized without a second polar 

centrosome. 
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Figure 22: Assembly and dynamics of distant dual spindles in live bovine zygotes. (A, B; and C and D, upper 
panels) Merged time lapse images of same bovine zygote expressing microtubule marker EB3-mEGFP2 (green) 
and chromatin marker H2B-mCherry (magenta). Images were acquired by light sheet microscopy every 2.5 min 
throughout mitosis and for up to 6 h in total. Timings are respective to synchronous pronuclear envelope 
breakdown of leading pronucleus (PN1). PN2: Lagging pronucleus. Projected scale bars, 10 μm. (A) Overview 
image to illustrate pronuclear distance. Background corrected (median based denoising) overlay of maximum 
intensity projections over z of both pronuclear volumes within the zygote. Zygotic rim indicated by dashed lines. 
Minimal part of the zygote outside the field of view (130 µm x 130 µm). (B) 3D rendered image of entire zygotic 
volume within field of view after background correction (median based denoising). Red arrows indicate multiple 
ingression furrows at 140 min post NEBD as consequence of distant dual spindles. (C and D) 3D rendered images 
of pronuclear volumes, of PN1 (C) and PN2 (D), respectively. White arrows in upper panels indicate positions of 
centrosomes. Lower panels show respective single channel grey scale images of the microtubule marker alone. 
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Subjacent illustrations in (B) accentuate the assembly dynamics of distant monocentrosomal spindles. Panels of 
this figure were originally shown in our preprint (376). The samples were prepared in collaboration with Dr. 
Marta de Ruijter-Villani and the data acquired and processed by myself. The figure was assembled by myself. 

 

Overall, real time imaging of zygotes confirmed the observations from fixed mitotic zygotes. 

In addition, the data provided a temporal sequence, allowing to order the individual 

snapshots of mitotic intermediates obtained from the IF experiments in time. This further 

helped to interpret causes and consequences of the different configurations observed in fixed 

embryos, which were too poorly synchronized to establish a clear time-course. The live data 

for example allowed me to understand how the different metaphase spindle types with very 

diverse centrosome positions (compare Figure 16A) could emerge. 

In addition, the live data also confirmed that two—sometimes completely independent—

microtubule arrays formed around the two parental genomes despite the presence of only 

two clear astral microtubule organizing centers, the centrosomes. Moreover, the data 

showed that polar centrosomes are not essential for initial spindle assembly and 

bipolarization in bovine zygotes, as centrosomes could initially only be associated with one of 

the two spindles or a centrosome could be completely dissociated. The data also showed that 

such a dissociated centrosome was completely lost into the cytoplasm if the distance to the 

pronuclei or the spindle exceeded ~5 µm. Further confirming our observations from the IF 

data, the centrosome-to-spindle connection was flexible and not limited to the pole as 

centrosomes could also be pulled into the spindle midzone. One clear indicator of the weak 

connection between centrosomes and the spindle was that the centrosome could be pulled 

from one pole of the first assembling spindle to the adjacent pole of the spindle that formed 

later in time.  

 

2.2.2.2 Insights into spindle assembly pathways – most spindle microtubules originate in 

the vicinity of chromosomes 

Exploring the live imaging data of the 21 embryos, I noticed a pattern in the microtubule 

distribution over time: In all live imaged zygotes (n = 21/21), the centrosomes nucleated 

microtubules shortly before and/or at NEBD. But from the time of NEBD onwards, 

microtubules grew primarily towards the two genomes. And within approximately 10 min 

post NEBD, microtubules were nucleated around the chromosomes; this was particularly 
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clear in the zygote with one pronucleus without any initially associated centrosome (Figure 

19B, left PN). Interestingly, the strong microtubule signal around centrosomes before and at 

NEBD started to decrease few minutes after NEBD, when it strongly increased at the spindle 

center (Figure 23A). 

 

 
Figure 23: Analysis of dynamic distribution of spindle microtubules in live bovine zygotes. Microtubule signal 
(EGFP-MAP4 or EB3-mEGFP2) from live imaging of bovine zygotes by light sheet microscopy every 2.5 min with 
a spindle assembly type as described in Figure 19A was analyzed for 10 time points starting 2.5 min prior to 
NEBD of the leading pronucleus (PN1) or both PNs. (A) Pseudocolor representation of EGFP-MAP4 signal within 
single planes through the centers of intensities at centrosomes. Corresponding lookup table is depicted in last 
frame of the time series. 6 of 10 analyzed time frames were selected to visualize critical time points for 
microtubule redistribution in early spindle assembly. Indicated time respective to NEBD. Scale bar, 10 µm. (B-D) 
Measuring intensity distribution of microtubule signal along the centrosomal axis over time. (B) Scheme 
illustrating the measurements: After background subtraction, total microtubule intensities were calculated for 
15 equidistantly distributed 2D slices within the black cuboids along the centrosomal axis for the different time 
points. Black cuboid with solid line encompasses 351x351 pixel sized slices to measure entire microtubule 
intensity or mass along the spindle axis. Small black cuboid with dashed line encompasses 15x15 pixel sized slices 
to indicate relative microtubule concentrations. Maximum normalized total intensities along the normalized 
centrosome distance were annotated. (C-D) Average distribution of maximum normalized microtubule 
intensities along centrosomal axis indicating (C) relative microtubule mass within spindles over time (black 



RESULTS 

 83 

cuboid with solid line, as described in B), and (D) relative microtubule concentrations (black cuboid with dashed 
line, as described in B); n = 6 zygotes. Dashed lines mark the position of the 2D slice through the centrosomes 
(dashed lines in dark grey) and the centrosome axis mid-point (dashed line in light grey). Color gradient from red 
to blue indicates time [min] respective to NEBD. Time of NEBD indicated by asterix. (E-F) Average change of 
normalized total microtubule intensity over time from NEBD until 20 min post NEBD, at centrosomes and the 
centrosome axis center, indicated by dark and light dashed lines in C and D, respectively. For  intensity change 
at centrosome, mean intensity of both centrosomes was calculated. Figure and legend were originally shown in 
our preprint (376). The samples were originally prepared in collaboration with Dr. Marta de Ruijter-Villani and 
the data was originally acquired and processed by myself. Data analysis was performed by Dr. Julius Hossain and 
by myself and the figure assembled by myself. 

 

I aimed to analyze the microtubule signal distribution quantitatively and over time to get an 

initial idea, where microtubules originated from, and thus understand, which pathways could 

be more or less relevant in zygotes with centrosomes. To this end, changes in spatial 

distribution of total microtubule intensity over time along the centrosome-centrosome axis 

were analyzed during early mitosis from 2.5 min prior to NEBD until 20 min post NEBD 

(Schematic, see Figure 23B; Figure 23C-D for averaged data (n = 6); Figure 24A and Figure 25A 

for individual zygotes). The idea was to determine the total spindle microtubule mass along 

the axis at each timepoint (Figure 23B, large cuboid with solid line) to understand the overall 

growth dynamics. At the same time, choosing a very small cuboid volume along the 

centrosomal axis, I also aimed to compare the microtubule concentration at different sites of 

the axis (Figure 23B, small cuboid with dashed line).  With the latter approach I intended to 

draw first conclusions about microtubule nucleation at different sites along the spindle axis 

regardless of the volume of the potential nucleation sites—like chromosomes/kinetochores, 

centrosomes, or existing spindle microtubule bundles. The analysis showed that on average, 

the total microtubule mass at the center of the centrosomal axis increased almost 3-fold 

within 5 min between ~2.5-7.5 min post NEBD (Figure 23C, axis center marked by light dashed 

line; NEBD marked by asterix in timeline). The total microtubule signal continued to increase 

further until 20 min post NEBD to more than 5-fold of its intensity at NEBD. In contrast, the 

microtubule mass around the centrosomes only increased 2-fold between NEBD and 5-7.5 

min after NEBD (Figure 23C for averaged data, n = 6; centrosome positions marked by dark 

dashed lines), reaching its peak intensity. Afterwards the microtubule mass at centrosomes 

stagnated or even declined. And, even upon comparison of the microtubule signal in smaller 

volumes—in essence, of the microtubule concentration—the overall picture was the same 

(Figure 23D for averaged data, n = 6; compare signal changes at dark and light dashed lines). 

To visualize especially the change of microtubule abundance at the two sites of interest—the 
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centrosomes and the spindle center close to the chromosomes—the change in total mass 

(Figure 23E for averaged data, n = 6; Figure 24B for individual zygotes) and in concentration 

(Figure 23F for averaged data, n = 6; Figure 25B for individual zygotes) was plotted over time. 

In summary, analyzing the dynamics of microtubule abundance along the centrosomal axis, 

indicated that centrosomes nucleate microtubules shortly before and immediately after 

NEBD, but that centrosomal nucleation does not account for the striking increase in spindle 

microtubule mass starting ~5 min post NEBD. More likely, chromosome signaling (Ran-GTP 

dependent nucleation) and subsequent microtubule nucleation from microtubule within the 

initial spindle seem to be more relevant for the assembly of the bovine zygotic spindle/s. In 

combination with the observation that centrosomes localize distant from metaphase 

spindles, and that the centrosome-to-spindle link is very weak, this indicates that 

centrosomes contribute comparatively few microtubules to the mitotic spindle in bovine 

zygotes. 
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Figure 24: Total microtubule mass along the centrosomal axis within proximate dual spindles troughout early 
mitosis in live bovine zygotes. Microtubule signal (EGFP-MAP4 or EB3-mEGFP2) from live imaging of six bovine 
zygotes by light sheet microscopy every 2.5 min with a spindle assembly type as described in Figure 19A was 
analyzed for 10 time points starting 2.5 min prior to NEBD of the leading pronucleus (PN1) or both synchronous 
PNs. The microtubule signal in 351x351 pixel sized slices along the centrosomal axis were analyzed to measure 
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entire microtubule intensity or mass along the spindle axis (see Schematic, Figure 23B). Figure shows plots of 
individual zygotes underlying the averaged data depicted in Figure 23C and E. (A) Distribution of maximum 
normalized microtubule intensities along the normalized centrosomal axis over time with respect to initial NEBD. 
Color gradient from red to blue indicates time [min] respective to NEBD. Time of NEBD indicated by asterix. 
Dashed lines mark the position of the 2D slice through the centrosomes (dark grey) and the axis center (light 
grey). (B) Change of normalized total microtubule intensity over time until 20 min post initial NEBD at 
centrosomes (dark grey) and the centrosome axis center (light grey), indicated by dashed lines in (A) for the 
different live zygotes in same order as in (A). For the calculation of the intensity change at the centrosome, the 
intensity means of both centrosomes were used. 
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Figure 25: Microtubule concentration along the centrosomal axis within proximate dual spindles troughout 
early mitosis in live bovine zygotes. Microtubule signal (EGFP-MAP4 or EB3-mEGFP2) from live imaging of six 
bovine zygotes by light sheet microscopy every 2.5 min with a spindle assembly type as described in Figure 19A 
was analyzed for 10 time points starting 2.5 min prior to NEBD of the leading pronucleus (PN1) or both 
synchronous PNs. The microtubule signal in 15x15 pixel sized slices along the centrosomal axis were analyzed to 



RESULTS 

 88 

measure microtubule intensity within a minimum volume along the spindle axis (see Schematic, Figure 23B). 
Figure shows plots of individual zygotes underlying the averaged data depicted in Figure 23D and F. (A) 
Distribution of maximum normalized microtubule intensities along the normalized centrosomal axis over time 
with respect to initial NEBD. Color gradient from red to blue indicates time [min] respective to NEBD. Time of 
NEBD indicated by asterix. Dashed lines mark the position of the 2D slice through the centrosomes (dark grey) 
and the axis center (light grey). (B) Change of normalized microtubule intensity over time until 20 min post initial 
NEBD at centrosomes (dark grey) and the centrosome axis center (light grey), indicated by dashed lines in (A) 
for the different live zygotes in same order as in (A). For the calculation of the intensity change at the 
centrosome, the intensity means of both centrosomes were used. 
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3 DISCUSSION 

In this thesis I could show that dual spindle assembly does not only take place in mammalian 

zygotes devoid of centrosomes but instead with many acentriolar MTOCs, but also in 

mammalian zygotes, where two centrioles are provided by the sperm upon fertilization, such 

as cow. Dual spindle assembly is thus most likely conserved across mammals including human, 

which has important biomedical implications. In addition, I could establish several new 

perturbation and quantitative imaging assays to investigate the mechanistic details of spindle 

assembly in the mouse embryo. Using these new approaches, I could provide novel 

mechanistic insights into how the zygotic dual spindle assembly is potentially initiated. 

 

3.1 Dual spindle assembly in mouse zygotes 

When I started my project, we demonstrated that a dual spindle forms in mouse zygotes, 

which aligns the two parental genomes next to each other in metaphase, but keeps the 

genomes essentially separated during the first division of the embryo (308). This explained, 

why within the nuclei of the 2-cell mouse embryo the parental genomes still occupy distinct 

hemispheres. This is not only interesting from a biological and mechanistical point of view, 

but has also broad ethical implications, as in the German embryonic protection act the 

beginning of a human life is defined by the mixing of the parental genomes (380), which at 

the time the law was written, was assumed to happen immediately after fertilization.   

In our initial work we however did not demonstrate if dual spindle assembly was a conserved 

mechanism across mammals, nor did we provide mechanistic details on how the assembly of 

two spindles is initiated in the zygote. 

To address this, I first established temporally tightly controlled imaging experiments to study 

microtubule nucleation at NEBD in both a qualitative and quantitative manner. Second, I 

conducted microtubule regrowth assays in early zygotic mitosis to investigate, where 

microtubules originate at the beginning of zygotic spindle assembly. Third, I established a 

‘Trim away’-based molecular perturbation experiment to acutely remove acentriolar MTOCs. 

Collectively, these three technological advances will be highly relevant for future mechanistic 

studies of spindle assembly throughout the preimplantation development of mammalian 

embryos, and I already applied them to study the zygotic division. 
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3.1.1 MTOC subclusters at spindle poles of dual spindles 

The dual spindle in mouse zygotes most commonly initially assumes a ‘V-shape’, in which two 

of the poles (one of each spindle) come already close together, while the other two poles 

remain further apart (Figure 7). Strikingly, the many acentriolar MTOCs—that were assumed 

to functionally replace centrosomes in the early mouse embryo (295), based on their function 

in the oocyte (185)—form distinct subclusters at each of the four individual spindle poles.  

Intriguingly, unlike in the oocyte, in the zygote not all cytoplasmic MTOCs are incorporated 

into the spindle. Only those MTOCs positioned closely to the pronuclear surface at NEBD 

associate with the forming spindles and become localized to their poles (Figure 7). The MTOCs 

further away in the cytoplasm do not get in contact with the spindle at all.  

The MTOC clusters at the two spindle poles that are closely associated early on, sometimes 

appear to merge or align so closely next two each other that they cannot be resolved by light 

sheet imaging anymore. However, at the more distant spindle poles the MTOC clusters 

typically stay separated (Figure 7).  

These independently organized poles indicate that the two spindles remain independent 

while they bipolarize into stable metaphase spindles and align their axes. The clustering of 

MTOCs could directly increase nucleation capacity at each spindle pole, which itself could 

support spindle assembly. Alternatively, it could help stabilize and focus the respective 

spindle poles without influencing spindle microtubule mass per se, which might be relevant 

for force generation in order to segregate chromosomes. 

As mentioned above, the MTOCs that eventually constitute the polar clusters, are initially 

localized just outside the pronuclei, often directly associated with the pronuclear membrane, 

likely due to a dynein-based mechanism as has been described for centrosomes (381–383).  

Cytoplasmic MTOCs can in principal promote nucleation into all directions, which is apparent 

in the common formation of microtubule asters (384, 385). This radial growth from MTOCs is 

for example highly relevant in the spindle formation in C. elegans zygotes, which is almost 

entirely dominated by large centrosome-based microtubule asters (342, 386). In mouse 

zygotes I also observed characteristic aster formation around many cytoplasmic MTOCs until 

NEBD (see Figure 10 and Figure 27, negative control) consistent with previous reports (295). 

Initially, I therefore assumed that the many acentriolar MTOCs must play a major role in 

nucleating the microtubules for the initial dual spindle assembly. If radial nucleation from all 

MTOCs was the dominant source of microtubules, one would expect that initially the 
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microtubule mass grew in both, the former pronuclear volume as well as in the former 

cytoplasm of the zygote. However, I observed that the microtubule mass predominantly grew 

inside the pronuclear volumes (Figure 8). This indicates that after NEBD radial MTOC-based 

nucleation is not dominant. This could be explained by three mechanism: i) after NEBD, 

MTOC-based nucleation hardly takes place, ii) upon NEBD, growth of MTOC-nucleated 

microtubules become directed towards the chromosome mass, iii) chromosome-

/kinetochore-based microtubule nucleation pathways take over after NEBD, effectively 

outcompeting MTOC based nucleation. 

  

3.1.2 Several microtubule nucleation pathways are active in the zygote 

The key question arising from the just described observation is, which microtubule nucleation 

pathways are active upon NEBD and how they could facilitate dual spindle assembly. 

I addressed this by imaging zygotes (with very high spatial resolution) when NEBD started, to 

map, where microtubule growth starts. Using live imaging to monitor chromosome 

condensation during early prophase, I achieved unprecedented temporal targeting of zygote 

fixation, which allowed me to visualize the very first spindle microtubules in IF experiments 

(Figure 9). For this experiment it was essential to perform the correlative fixation of single 

embryos staged by light sheet imaging to capture the brief period, when the nuclear envelope 

starts to become permeabilized, but is not yet completely broken down and thus still excluded 

MTOCs. In embryos fixed too late, nuclear envelope fragments and associated MTOCs in fact 

collapse onto the chromosomes making it impossible to distinguish chromosomal and MTOC-

based nucleation upon imaging. During nuclear envelope permeabilization however, soluble 

cytoplasmic components, such as soluble tubulin dimers and additional spindle assembly 

factors like TPX2 gain access to the nucleus and are released from their importin-based 

inhibition upon exposure to nuclear Ran-GTP, and thus boost the initiation of mitotic 

microtubule nucleation (210, 377). 

Strikingly, my targeted imaging-based dissection in late prophase shows that several 

microtubule nucleation pathways are active at this early stage of spindle assemlby. As 

expected, I observed microtubules radiating from the acentriolar MTOCs into the pronuclear 

volume. Interestingly, these occasionally already connected to kinetochores. It is very unlikely 

that a pure search and capture mechanism was the basis of this, considering that the 

envelope had just become fenestrated with 1-2 minutes prior to fixation. It therefore seems 
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more likely that the growth from MTOCs is either directed towards kinetochores, or that 

fibers growing from kinetochores would meet MTOC fibers, supporting a spindle assembly 

model with staggered microtubule bundles as described in section 1.3.6.2. It has been shown 

that a pure search and capture mechanism is insufficient even in centrosome dominated 

systems that have an inherent bipolarization of the spindle from the start. In the mouse 

zygote with many MTOCs, it is therefore quite likely that additional, chromosome-based 

mechanisms complement the nucleation activity of the MTOCs. In somatic cells with 

centrosomes and acentrosomal mouse ooctyes, it was shown that the chromosomes are 

arranged in a belt-like fashion early on in mitosis to make kinetochore attachment to 

microtubules more efficient (232, 387). However, in the mouse zygote, I did not observe clear 

prometaphase belt-like arrangements of the chromosomes, making it likely that 

chromosome-/kinetochore-based microtubule nucleation might substantially contribute to 

spindle assembly.  

Well in line with this model are my observations of several microtubules within the pronuclear 

volumes after fenestration that did not connect to MTOCs at all, but often emanated in the 

close proximity of kinetochores or appeared isolated in the nucleoplasm. Both could be 

explained by either kinetochore-based or Ran-GTP dependent spontaneous microtubule 

nucleation in the nucleoplasm (also referred to as chromosome signaling).    

To further clarify, where exactly nuclear microtubules come from, I performed a temporally 

targeted microtubule regrowth assay. After rapid microtubule depolymerization in late 

prophase using Nocodazole, I allowed microtubules to regrow for different time periods after 

washing out the drug. Microtubules actually started to grow at both MTOCs and kinetochores 

(Figure 10), but nucleation and growth was much stronger and faster at the kinetochores. This 

observation is in stark contrast to human somatic cells, where regrowth was reported to start 

at the centrosomes and to occur later in the vicinity of chromosomes (133). 

Furthermore, microtubules around chromosomes were less sensitive to Nocodazole 

treatment and persisted longer than MTOC fibers. In Nocodazole titration experiments I 

observed that they only fully depolymerized after incubation with 10 µM Nocodazole for 

more than 20 minutes (Figure 27, see also Figure 10 for 0-minute control), while MTOC fibers 

were disassembled already after 5-10 minutes (Figure 27). 

Overall, these observations show that chromosome- and kinetochore-mediated nucleation is 

present at the beginning of dual spindle assembly in the mouse zygote. 
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3.1.3 Acentriolar MTOCs are required for spindle function 

With the above-described experiments, I was able to identify that kinetochore-/chromosome-

mediated nucleation occurs in early dual spindle assembly and given that MTOCs seemed the 

weaker nucleators and only some of them were incorporated into the spindle, I initially 

hypothesized that they might be dispensable to make stable bipolar microtubule arrays. To 

probe this, I adapted the ‘Trim-away’ method (367, 368) to acutely deplete MTOCs during 

mitosis in mouse zygotes. 

When MTOCs were removed in prophase, initial spindle microtubule nucleation was 

predominantly observed between the two parental genomes (Figure 13). In absence of 

MTOCs this can only be caused by the chromosome-/kinetochore-based pathways (described 

in detail in 1.3.6.3). The observation that this specifically happens in between the two 

genomes makes Ran-GTP-dependent mechanisms particularly likely. Assuming that Ran-GTP 

diffuses in all directions away from the chromosomes, the local concentration would be 

highest in between the genomes, which should thus lead to the strongest nucleation. It would 

however still be interesting to probe if this is due to general chromosomal nucleation, or 

potentially CPC-based microtubule nucleation from kinetochores. In order to test this, it will 

be interesting in the future to deploy the temporally targeted ‘Trim-away’ approach I 

established here for MTOCs together with imaging a kinetochore label, or to deplete 

components of the Ran or CPC pathways using ‘Trim-away’.  

After MTOC depletion, indeed initial dual spindle assembly still seemed possible, but the 

resulting spindles showed both structural as well as functional defects. In milder cases, the 

spindle shape was generally altered, and microtubule density was severely reduced, 

concomitant with increased chromosome lagging during segregation. In more severe cases, 

mitosis failed completely, and mitotic slippage was observed (Figure 13 and Figure 14).  

What causes these two distinct phenotypes after MTOC depletion? One potential explanation 

would be technical differences in depletion efficiency, for example due to slight variations in 

antibody injection volumes, which could lead to residual MTOC activity. I tried to address this 

concern by IF stainings against the injected antibody and the target protein after the live-

imaging experiment. However, since fixation was only possible after completing live imaging 

of the first mitosis in all embryos from the same experiment, the embryos were fixed at the 

2-cell stage, when MTOCs are already highly dispersed, making it difficult to exclude the 
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presence of residual MTOCs. Additionally, Trim21 also leads to degradation of the injected 

antibody (367, 368), which makes quantification of the amount of delivered antibody 

unreliable. To overcome this in the future one could envision to spike the antibody solution 

with a labeled dextran to infer the injected volumes.  

Overall, my results showed that even though MTOCs do not seem to be required for the 

initiation of dual spindle assembly they are indispensable for the formation of a structurally 

stable and fully functional bipolar spindle. 

 

3.1.4 Multimodal assembly of the zygotic spindle apparatus in the mouse 

Meiotic divisions are comparatively long (312, 313) and in mouse oocytes, particularly in 

meiosis I, the MTOCs dominate spindle assembly (185). An MTOC centric spindle assembly 

pathway likely predominantly follows a search and capture model (213). However, already in 

meiosis II a Ran-GTP gradient dependent pathway appears to guide the search of 

microtubules emanating from MTOCs (347). This augmentation of search and capture by Ran-

guidance is likely required due to the short phase of spindle assembly compared to meiosis I 

[discussed in (230, 347)]. 

Similar to meiosis II, zygotic spindle assembly also proceeds faster than in meiosis I. For 

example, microtubules connecting MTOCs and kinetochores can already be detected a few 

minutes after NEBD (Figure 9). Therefore, it is unlikely that a pure search and capture model 

operates here. This is in line with previous findings that showed that Ran-GTP dependent 

pathways are necessary for normal zygotic spindle assembly and that mitotic timing is delayed 

upon Ran inhibition (295). When I depleted MTOCs, the overall mitotic timing did not seem 

to be substantially altered and dual spindle assembly could still be initiated, but the 

assembled spindle was much smaller, contained less microtubules and could not faithfully 

segregate chromosomes (Figure 13 and Figure 14).  

Collectively, the previous findings in the literature and my new data support a model of dual 

spindle assembly in the zygote driven by multiple synergistic mechanisms. While initially 

chromosome-/kinetochore-mediated microtubule nucleation dominates, MTOCs are 

important later on. Thus, the initial assembly and kinetochore attachment is clearly not purely 

based on search and capture of MTOC-based microtubules. Instead, chromosome signaling 

likely initiates microtubule nucleation around each genome and especially their kinetochores, 

from where microtubules subsequently self-organize into antiparallel arrays. Guided search 
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and capture of MTOC-based microtubules might complement these initial arrays to provide 

additional microtubule mass, focus their poles and stabilize the two bipolar structures. 

 

3.2 Spindle assembly in zygotes with centrosomes 

The experiments discussed so far were performed in mouse preimplantation embryos. This 

model is in particular powerful as it is well established in basic research and many transgenic 

mice with fluorescent markers for live imaging are available, which help to look at processes 

in living embryos without heavily disturbing them. However, transferring observations from 

this organism to humans has some inherent species-specific limitations; for example, in 

human embryos the genome activation has a different timing (300–305) and human embryos 

contain centrosomes inherited from the sperm (388), while early mouse embryos do not (180, 

294–296). When studying the mitotic spindle in early embryos, this might be of particular 

relevance, as the centrosomes could provide two strong cytoplasmic nucleation centers that 

could potentially override the chromosome-/kinetochore-mediated nucleation that initiates 

dual spindle formation in mouse zygotes as discussed above (see section 3.1).  

In order to address this limitation of the mouse model, I aimed to investigate zygotic spindle 

assembly also in a model system that is overall more similar to humans, and in particular also 

contains centrosomes. Thus, I teamed up with Marta de Ruijter-Villani from the University of 

Utrecht to investigate how the first spindle assembles in bovine zygotes.  

In this thesis I thus present the first real-time imaging of bovine embryos with high spatial and 

unprecedented temporal resolution and thereby established the bovine embryo as a system 

to study cellular mechanisms during early embryonic development, in a model system much 

closer to humans than the commonly used mouse model system. 

 

3.2.1 Dual spindle assembly in bovine zygotes 

Despite the presence of centrosomes, I found that also in bovine zygotes a dual spindle 

assembles and carries out the sister chromatid separation of the two parental genomes next 

to each other (see Figure 15). Pronuclear envelope breakdown was often asynchronous (with 

a more pronounced asynchrony than in mice), which might further favor dual spindle 

assembly.  
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The dual spindles around the parental genomes were particularly evident when dynamic 

microtubules were depleted by brief cold treatment (Figure 17). As in mouse embryos, the 

two spindles eventually aligned (Figure 15 and Figure 19). However, after the cold treatment 

no connecting microtubules between the two spindle systems were detectable (Figure 17), 

indicating that only dynamic microtubules were involved in spindle alignment but that there 

was no intercrossing of kinetochore fibers.  

Imaging data from a recent publication show that also in bovine 2-cell embryos the parental 

genomes occupy distinct sub-compartments (379), which is in good agreement with a dual 

spindle mechanism (308).  

Where do the microtubules for dual spindle assembly come from in the bovine system? 

Microtubule mass and concentration around the centrosomes peaked 5-7.5 min after NEBD 

and subsequently stagnated or even declined (Figure 23, Figure 24 and Figure 25). At this 

point often one entire parental genome was not interacting with any spindle microtubules, 

yet. Thus, a pure search and capture mechanism by centrosomal microtubules cannot explain 

spindle assembly. 

In fact, the major source of spindle microtubules appeared to be chromosomal (Figure 23, 

Figure 24 and Figure 25), which could indicate that chromosome- or kinetochore-mediated 

microtubule nucleation is key to facilitate dual spindle assembly, even if centrosomes are 

present. As in the mouse, I also observed strongest microtubule growth between the two 

parental genomes after NEBD, which could point towards a Ran-GTP dependent mechanism 

as discussed above. 

In addition, microtubule lattice nucleation likely also contributes, and this microtubule self-

amplification could for example be relevant for maintaining the metaphase spindle. In the 

future, it will be important to dissect the contributions of the individual pathways. Adapting 

the acute perturbation experiments I have established for mouse embryos to the bovine 

system would thus be of particular interest. 

 

3.2.2 Centrosomes in early mammalian embryos 

3.2.2.1 Centrosome functionality 

The functional relevance of the centrosomes for spindle assembly is in general questionable 

in bovine zygotes, as they are only loosely connected to the zygotic spindles and are not 

connected to chromosomes by stable kinetochore fibers (see Figure 17). Typically, 
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dynein/dynactin motor activity as well as NuMA-mediated cross-linking of microtubule minus 

ends are important to tether centrosomes to spindle poles, which was shown in Drosophila 

S2 cells and Xenopus egg extract (225, 226, 389, 390). It is thus possible, that in bovine 

zygotes, these dynein-dynactin and/or NuMA interactions are weak, which could be tested 

by injecting mRNA encoding functional dynein-dynactin or NuMA to probe, if this tightens the 

connections between centrosomes and spindle poles. 

Furthermore, in the case of monocentrosomal spindles no structural bias towards the 

centrosomal half was detected, which supports the notion that centrosomes hardly influence 

the zygotic metaphase spindle (Figure 18).  

Furthermore, the two centrosomes often do not perfectly align with the spindle axis and 

hence do not determine the axis of chromosome segregation, further supporting a weak 

centrosome functionality (Figure 20 and Figure 21). 

It has been shown that centrosomes are essential for embryogenesis in several species, but 

in some, they seem to be less relevant for the spindle assembly, but rather important for cell 

cleavage [Xenopus oocytes (341, 343)] or for cell cycle regulation [Drosophila embryos (391)]. 

Maybe the situation is similar in bovine zygotes and early embryos, where they most likely 

have spindle-independent functions and are potentially just partitioned into the daughter 

cells by loosely interacting with the spindle poles. That centrosomes just use the spindle poles 

to be faithfully distributed to the daughter cells to fulfill essential interphase functions, has 

already been suggested earlier (392).  

A study mentioned earlier, also indicates that the centrosomes in bovine zygotes are 

important for pronuclear positioning and for clustering the chromosomes within the 

pronuclear volumes during prophase (379). This clustering might facilitate chromosome 

biorientation of the otherwise rather spread out chromosomes from the two pronuclei (379).  

However, this might not be essential, and in this thesis, I showed that chromosomes can also 

be properly segregated even if the centrosomes do not perfectly localize at the pronuclear 

interphase and thus do not cluster the genomes next to each other (Figure 19B). Two proximal 

spindles can still form and eventually come together. However, the sample size of bovine 

zygotes I followed through live imaging at sufficient resolution is small, and thus it needs to 

be further investigated if centrosomes and genome clustering are strictly required for faithful 

chromosome segregation.  
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3.2.2.2 Centriole splitting in bovine zygotes 

In other vertebrate systems, mother and daughter centrioles seem to spatially separate 

during or shortly after telophase (393). In the bovine zygote, the mother and daughter 

centrioles of each centrosome seem to already dissociate in meta- or anaphase (Figure 19A). 

Interestingly, centrioles appear to move apart by several micrometers indicating that the 

linker must either be extremely long and flexible or might actually break. Normally, the two 

centrioles of each polar centrosome are tightly associated at least in the context of the 

surrounding PCM during mitosis [discussed in (159)]. Centriole disengagement was suggested 

to be linked to the activation of Separase (266). And Separase was shown to cleave the PCM 

protein pericentrin/kendrin (394, 395), which seems to be relevant for maintaining centriole 

association (396). Separase is only activate after Securin degradation has been initiated 

through the APC/C and the APC/C should not be active until all chromosomes are properly 

bioriented and the SAC is satisfied. The APC/C should thus just become active at anaphase 

onset and the PCM should remain intact until the end of mitosis. As in bovine zygotes 

centrioles seem to disengage prematurely, it is possible that these mechanisms are not as 

tightly controlled as for example in somatic cells.  

In addition it was recently shown that depleting specific PCM components can promote 

precocious centriole disengagement in somatic cells (397). Since centrosomes are degraded 

in the oocyte (180, 181) and the sperm provides centrioles with originally very specialized 

architecture and composition (310), pericentriolar components might not be as abundant and 

concentrated in the zygote as in somatic cells. 

 

3.2.3 Distant dual spindles as a mechanism for haploid blastomere occurrence 

For bovine embryos it was also shown that haploid blastomeres—with a single parental 

genome—can occur after the zygotic division (332, 398). We already suggested that a failure 

in dual spindle alignment would be a mechanistic explanation for such a phenotype after 

observing the dual spindle in the mouse zygote (308). Interestingly, in the larger bovine 

zygotes we also observed that two very distant spindles assembled if pronuclear migration 

failed and the pronuclei were thus far apart at the onset of mitosis (Figure 15, Figure 22). As 

these distant spindles segregated the chromosomes independently, they could very well 

induce haploidy after cytokinesis into more than two blastomeres. Thus, our observations in 

bovine zygotes suggest that haploid blastomeres could not only emerge if proximate dual 
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spindles failed to align, but also if pronuclei failed to migrate in the first place and 

chromosomes were then segregated into more than two cells by persisting distant spindles.  

In bovine zygotes, the pronuclei were usually associated with one centrosome (approximately 

75 %, Figure 16). This indicates that the centrosomal linker easily splits early on, likely already 

in late interphase instead of in prophase. If pronuclear migration proceeds similarly as in C. 

elegans or zebrafish embryos (381–383, 399), which was recently suggested and partially 

probed (379), a premature split of the centrosomal linker could explain how distant pronuclei 

can each associate with one centrosome: Both initially tethered centrosomes would first 

associate with the male pronuclear envelope and nucleate two microtubule asters. Dynein at 

the female pronuclear envelope would eventually bind to microtubule plus ends from one of 

the asters and exert a pulling force via these microtubules on the associated centrosome on 

the male pronucleus. If the centrosomal linker is weak, this pulling could cause it to split. So 

instead of pulling the pronuclei together resulting in pronuclear migration, the centrosomes 

would be pulled apart. Similarly premature centrosome separation has been shown to have 

detrimental effects on spindle positioning in human cells (177), where the authors perturbed 

kinesin 14, which supports microtubule-based centrosome linkage. Such centrosome splitting 

caused strong nuclear motions influencing cortex cues that usually precisely orient the 

spindle.  

Such uncoordinated movement of the two pronuclei over long distances could also explain 

why after centrosome splitting, they would not be able to connect and move towards each 

other despite the presence of dynein on both pronuclear surfaces, which could pull on the 

respective other aster, if positioned sufficiently close to come within reach.  

To test the hypothesis of premature centrosome splitting as a mechanism behind the 

frequently observed distant dual spindle phenotype in the bovine system (19 % of fixed 

zygotes in mitosis, Figure 15), it would be very interesting to follow pronuclear migration in a 

sufficient number of live zygotes. Alternatively, one could also perform IF for the centrosomes 

at early times during the pronuclear stage to get an overview of how and when the two 

centrosomes associate with the two pronuclear envelopes. In addition, it would definitely be 

interesting to get more detailed insights into centrosome structure and composition in the 

context of bovine zygotes, especially on the linker. A previous study has studied the 

specialized centrosome in the sperm (310), but if and how it is modified in the zygote needs 

further research. 
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My new observations of bovine zygotic spindles also revealed that the centrosomes can 

localize very differently with respect to the two distant pronuclei and forming spindles, such 

that in some instances both centrosomes are associated with one spindle, while the other 

spindle is acentrosomal (less than 15 %, Figure 16).  This indicates that the entire machinery 

for pronuclear migration can be impaired, not only can the centrosomes split, but also the 

dynein-dynactin complex at one of the pronuclei may fail to pull on the centrosomal 

microtubules emanating from the surface of the other parental pronucleus, which was shown 

to be absolutely required for zygotic divisions in Drosophila and C. elegans (342, 399, 400). 

 

3.3 Two model systems—one conserved mechanism 

This study provides important advances in our understanding of the mechanism driving 

zygotic dual spindle assembly.  

In the powerful and experimentally more accessible system of the early mouse embryo, I 

could show that a major source of initial microtubules is chromosome signaling, interestingly 

including kinetochore-mediated microtubule nucleation. The many acentriolar MTOCs seem 

to be more important to stabilize the spindle than for the initial microtubule nucleation. This 

is in line with the previous proposal that chromosome dependent nucleation and stabilization 

of microtubules might be especially important in large embryonic cells, and in general in 

somatic cells without centrosomes (233, 237), where a pure search and capture mechanism 

is predicted to be inefficient. 

However, how these chromosomal and MTOC nucleation pathways are actually linked, if they 

are active simultaneously or sequentially and how strong their individual contributions are at 

the different stages of spindle assembly needs further investigation. It should be possible to 

answer these questions in the future the assays I developed.  

In the less experimentally accessible bovine system, which is however physiologically more 

similar to humans, I could show that dual spindle assembly is conserved in mammals that 

inherit two centrosomes paternally. Surprisingly, I found that these centrosomes interact only 

weakly with the spindles throughout mitosis. It is therefore very likely that the mechanisms 

of chromosomal nucleation and microtubule self-organization that I found in mouse zygote 

are conserved in bovine and human.  
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The dual approach of molecular dissection in mouse and physiological validation in bovine is 

a powerful combination for future studies on fundamental processes in early mammalian 

embryology. Conceptually, the assays I developed for mouse embryos can be transferred to 

the bovine embryo to study the molecular mechanisms of spindle assembly in this model 

system further. In the long term, research that allows validation of biomedically relevant 

discoveries—made in the mouse and bovine systems—in human embryos would be highly 

desirable. 

Overall, my work shows that dual spindle assembly driven at least in part by chromosomal 

nucleation and self-organization of microtubules is a mechanism found in both acentrosomal 

and centrosomal mammalian zygotes. It is thus very likely that this mechanism is conserved 

across mammalian species, where the parental genomes are initially present in separate 

pronuclei as is also the case in humans. 
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4 MATERIALS AND METHODS 

4.1 Materials and methods used for mouse zygotes 

4.1.1 Laboratory mouse handling 

The animal work was performed in the Laboratory Animal Resources (LAR) Facility at the 

European Molecular Biology Laboratory (EMBL). The LAR facility is operating according to 

international animal welfare guidelines (Federation for Laboratory Animal Science 

Associations guidelines and recommendations) and internally controlled by the Institutional 

Animal Care and Use Committee (IACUC). The mice were maintained in specific pathogen free 

conditions on a 12-12-hour light-dark cycle and used between the age of 8-24 weeks. 

 

4.1.2 Mouse strains 

In this study, the F1 generation from a cross of C57BL/6J and C3H/HeJ mice was used as WT 

and all females were generally mated with WT males, as reporter proteins could be expressed 

in the zygotes entirely by maternal contribution. The following strains were all derived from 

R26/R26-EGFP-Tuba and R26/R26-H2B-mCherry C57BL/6J mice (401): To validate the 

expression of tdEos-hCep192 after mRNA injection with IF, embryos were isolated from 

heterozygous R26/R26-H2B-mCherry females (F1 generation from crossing homozygous R26-

H2B-mCherry C3H/HeJ and wildtype C57BL/6J animals). To validate the Pericentrin ‘Trim 

away’ with IF against Pericentrin, embryos were collected from WT females. To monitor the 

effect of Pericentrin ‘Trim away’ by live imaging, embryos were initially collected from 

homozygous R26-EGFP-Tuba females (F1 generation from crossing homozygous R26-EGFP-

Tuba C57BL/6J and homozygous R26-EGFP-Tuba C3H/HeJ animals) and later from 

heterozygous R26/R26-EGFP-Tuba females (F1 generation from crossing homozygous R26-

EGFP-Tuba C57BL/6J and wildtype C3H/HeJ animals), when I noticed that signal intensities 

were similar, independent of transgene copy number. Embryos collected from females of the 

latter strain were also used to validate the effect of Pericentrin ‘Trim away’ on MTOCs in 

general by IF against g-tubulin. To assess microtubule regrowth after Nocodazole treatment, 

embryos were taken from R26-H2B-mCherry/R26-EGFP-Tuba females (F1 generation from 

crossing homozygous R26-H2B-mCherry C57BL/6J with homozygous R26-EGFP-Tuba C3H/HeJ 

animals). 
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4.1.3 Mouse embryo recovery and culture 

Female mice between 8-20 weeks old were superovulated by intraperitoneal injection of 7.5 

international units (Ius) of pregnant mare’s serum gonadotropin (PMSG, Intergonan®, 

Intervet) and subsequent injection of 7.5 IUs of human chorionic gonadotropin (hCG, Ovogest 

1500, Intervet) 46-49 hours later. The females were mated with wildtype males immediately 

after hCG injection. 18-22 hours post hCG injection, females were sacrificed and the oviducts 

dissected as described previously (402) and placed in 37 °C warm MOPS buffer (10130, G-

MOPS™Plus, Vitrolife). The ampulla was opened in drops of 25-50 µl of 1 x Hyaluronidase 

(10017, HYASE-10X™, Vitrolife) in warm MOPS buffer on a petri dish lid under the 

stereoscope. After complete dissociation of the cumulus cells within 60-90 seconds, the 

embryos were first transferred (by mouth-pipetting) into drops of warm MOPS buffer (30-50 

µl) to dilute the hyaluronidase, subsequently washed 2-3 times, and finally cultured in drops 

(25 µl) of pre-equilibrated (37 °C and 6 % CO2) culture medium (10128, G-1™Plus, Vitrolife) 

covered with light paraffin oil (10029, Ovoil™- culture oil, Vitrolife) in a 35 mm petri dish 

incubated >30 min at 37 °C and 6 % CO2. 

 

4.1.4 Expression constructs and mRNA synthesis 

pGEMHE-H2B-mCherry (387), pGEMHE-tdEos-hCep192 (309) and pGEMHE-Trim21 (367, 368) 

were described previously (the latter two were kind gifts from Melina Schuh). 

To generate pGEMHE-EB3-mCherry2, full length homo sapiens EB3 cDNA (NM_001303050.1, 

a generous gift from Niels Galjart) was tagged C-terminally with tandem mCherry and cloned 

into a pGEMHE vector under the control of a T7 promotor by Nathalie Daigle. mRNA was 

synthesized from linearized template DNA (1 µg), capped and poly-adenylated mRNA in vitro 

using the mMESSAGE mMACHINE™ T7 ULTRA Transcription kit according to manufacturer’s 

instructions (AM1345, ThermoFisher Scientific). mRNA was purified (74104, RNeasy Mini Kit, 

QUIAGEN) and dissolved in 14 µl nuclease free water. 

 

4.1.5 Micromanipulation of mouse zygotes 

The mouse zygotes were injected with mRNA or protein in solution as described previously 

(185, 366), with minor modifications. In brief, the ‘injection slit’ between two glass cover slips 

(~100 µm) was assembled using double-sided adhesive tape (05338, tesa) as a spacer (see 

Figure 26 for a schematic overview). The coverslip with the injection slit was attached to the 
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plastic support slide with silicone grease and the whole chamber filled with 37 °C warm MOPS 

buffer before mouth-pipetting the embryos into the slit. A glass microinjection needle with 

very thin tip was filled with ~1 µl of mercury and was connected to the paraffin-oil filled 

injection system. The mercury drop was pushed to the very tip of the capillary using the 

hydraulic pump. mRNA solution was then aspirated into the very tip, but framed by silicone 

oil, to minimize the risk of mercury injection and to seal the tip from leakage of the mRNA 

solution into the MOPS buffer surrounding the embryos. For proteinaceous solutions, an 

injection needle with slightly wider opening was used and the solution was directly loaded in 

front of the mercury, without additional silicone oil as a spacer as the detergent within the 

protein solutions made the spacing less efficient. The injection volumes were adjusted 

dependent on the application. For live imaging of reporter proteins, 1-2 pl of mRNA solution 

were injected (~0.4-0.8 % of embryonic volume). The mRNA concentrations were 0.3 µg/µl 

for EB3-mCherry2 and tdEos-hCep192. For ‘Trim away’, the injection volumes were adjusted 

according to Clift et al. (368): A volume of ~3.5 pl (~ 1.5 % of embryonic volume) was injected 

with mRNA for Trim21 and H2B-mCherry at concentrations of 0.4 µg/µl and 0.1 µg/µl, 

respectively. For the rabbit anti-Pericentrin antibody (ab237034, abcam), ~3.5-4 pl were 

injected at a concentration of ~0.9 mg/ml antibody in PBS and 0.05 % NP-40 (492015, 

Calbiochem). 
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Figure 26. Microinjection of mammalian embryos. An injection chamber was assembled to mount the embryos 
as previously described by Jaffe et al. (366) with minor modifications. Using silicone grease, an intact 22 x 22 
mm cover slide was attached to the bottom part of the support slide to cover the half-circled area. One or two 
(for mouse or bovine embryo injection, respectively) layers of double-sided tape was glued onto a second 
22 x 22 mm cover slide approximately 3 mm from one edge. A third 22 x 22 mm cover slide was cut into a piece 
of ~8 x 18 mm and this glass piece was glued onto the intact cover slide with the provided tape leaving a small 
~250 µm wide slit, wherein the embryos were later mounted to be trapped during injection. Again, using silicone 
grease, the assembled glassware was attached onto the top of the support slide; the injection slit was facing 
towards the second unmodified cover slide at the bottom and towards the opening of the entire assembled 
chamber. The chamber was then filled with warm MOPS buffer (37 °C, ~650 µl) and the embryos mounted into 
the injection slit by mouth-pipetting and using a stereoscope. Using a micromanipulator (Narishige), the zygotes 
were then injected with mRNA in ultrapure water (or antibody with added detergent and stabilizing salts). The 
injection solution was always first aspirated into the tip of the injection needle, framed by silicone oil at the back 
and at the tip (for antibody solutions, additional oil was only aspirated into the tip). This approach made sure 
that no mixing with the MOPS buffer at the very tip would occur and it helped to avoid accidental injection of 
mercury, which was used as a plunger between the mRNA solution for injection and the mineral oil at the back 
used as hydraulic pump. For an experienced user, the silicone oil in front of the mercury plunger is not necessary 
and it was left out to facilitate injection of the antibody solution for the ‘Trim-away’ method to avoid mixing due 
to the detergent. 

 

4.1.6 Live imaging 

For live, time-lapse imaging of mouse zygotes, the previously described custom built inverted 

light sheet microscope was used (286) with previously described modifications  (365), and 
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using a 25 µm thick FEP foil with reduced rigidity (Lohmann, RD-FEP100A-610) as a 

transparent base for sample mounting. In this microscope setup, the xy-pixel size is set to 130 

nm. The thickness of the light sheet can be adjusted to ~1.5 or ~3 µM. 

To monitor cell cycle progression in zygotes expressing H2B-mCherry (and EGFP-alpha-

tubulin), chromosome condensation was assessed every 10-15 min in early Prophase and 

every 2-5 min closer to NEBD. A small central volume (stacks of ~20-40 µm height and ~1 µm 

z-sampling) around the pronuclei was imaged for that purpose using the 3 µm thick light sheet 

with an exposure time of 50-100 msec per plane.  To image the MTOCs and microtubule tips, 

fluorescence from H2B-mCherry and tdEos-Cep192 was acquired simultaneously every 45 or 

60 seconds with an exposure time of 100 msec per plane. Here, the light sheet of ~1.5 µm 

thickness was used. Stacks of 52 µm were acquired with a z-step size of 520 nm. 

To image chromosomes and microtubules after degrading Pericentrin with the ‘Trim away’ 

method (367, 368), fluorescence from EGFP-alpha-tubulin and H2B-mCherry was acquired 

simultaneously every 2 minutes with an exposure time of 100 msec per plane. Here, either 

stacks of 100 µm or 50 µm were imaged with a z-step of 1 µm or 0.5 µm, respectively. Single 

color data from the raw camera data was extracted from the time-lapse images as described 

previously (286). Alternatively, we used Fiji (403) with a new in-house built plugin for 

processing large imaging data (404). For 3D visualization and data representation arivis 

Vision4D Release 3.3 was used, where projected scale bars were automatically annotated. 

 

4.1.7 Quantification of microtubule increase within pronuclear volumes and the 

cytoplasm using EB3-mCherry2 signal from live imaging 

Segmentation of individual pronuclei was performed manually using an interactive tool, 

developed in MATLAB, that allows the user to draw the boundary of the object(s) of interest 

and subsequently saves the binary mask of the object(s) automatically. Segmentation was 

performed only on the single timepoint 45 s prior to detectable synchronous NEBD or NEBD 

of the leading pronucleus. The segmented volume was applied on subsequent time frames 

and quantified for 15 frames from NEBD to 10.5 min post NEBD. Only embryos with no 

movement over this imaging period were analyzed. In addition, embryos were excluded, in 

which the silicone oil delivered with the mRNA injection caused too many aberrations or in 

which the pronuclear volume was not entirely included in the acquired stacks.  Segmented 

masks were used to calculate the mean EB3-mCherry2 intensity within the original pronuclear 
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volumes in the 15 frames. The cytoplasmic EB3-mCherry2 intensity in each frame was 

calculated with respect to each pronuclear volume in the respective z-slice having the largest 

pronuclear area. For this, a rim of 6 pixels wide, 24 pixels apart from the segmented 

pronuclear region was generated first. Part of the rim spanned in the other pronuclear region, 

if any, was excluded from the analysis. Intensities inside the rim were used to construct a 

histogram and 20 % of the total pixels were truncated from both the top and bottom parts of 

the histogram in order to exclude noise. Mean cytoplasmic intensity of a pronucleus was 

calculated from the remaining 60 % of the pixels in the histogram.  This process was 

performed for both pronuclei to obtain two cytoplasmic intensity values and the annotated 

mean cytoplasmic intensity is the average of these two values. 

 

4.1.8 Microtubule regrowth assay 

For the microtubule regrowth assay, the necessary concentration of Nocodazole and the 

necessary incubation time to depolymerize all microtubules were first determined. Zygotes 

from R26-H2B-mCherry/R26-EGFP-Tuba females (F1 from C57BL/6J and C3H/HeJ) mated with 

WT males were monitored for chromosome condensation and NEBD using the inverted light 

sheet microscope (as described in 4.1.6). Rod-shaped chromosomes in prophase close to 

NEBD could be observed by imaging H2B-mCherry and the time of NEBD could additionally 

be derived by imaging EGFP-alpha-tubulin dissociating into the previously compartmentalized 

pronuclear volumes. Upon NEBD, the zygotes were collected and cultured in 3 or 10 µM 

Nocodazole (487928, Sigma, dissolved at 10 mM in DMSO) in the above-mentioned culture 

medium (37 °C, 6 % CO2) for 5, 10, 20 and 60 min and were then fixed for IF, as described 

below in section 4.1.9..  Figure 27 shows that incubation at 10 µM Nocodazole for 20-60 min 

was necessary to depolymerize filamentous microtubules around chromosomes and MTOCs 

in mouse zygotes. However, the groups were heterogenous. For the final microtubule 

regrowth assay, the zygotes were incubated in 10 µM Nocodazole in culture medium (see 

4.1.3) at 37 °C and 6 % CO2 for 30-35 min directly following NEBD. Nocodazole was then 

washed out and the embryos transferred into drug free culture medium, and they were finally 

fixed in 1-min intervals for subsequent IF (see section 4.1.9). 
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Figure 27: Determining the required incubation time of mouse zygotes within culture medium containing 10 
µM Nocodazole to depolymerize microtubules at NEBD. IF images of mouse zygotes fixed after depolymerizing 
microtubules at the time of NEBD by culturing the zygotes at 10 µM Nocodazole for different time periods from 
5-60 min. The embryos were collected from transgenic females (R26-H2B-mCherry/R26-EGFP-Tuba) after 
natural mating with WT males. Mitotic timing was monitored by live imaging of H2B-mCherry (Chromatin) and 
EGFP-alpha-tubulin (Microtubules) using inverted light sheet microscopy. Prophase progression was assessed 
by the state of chromosome condensation and NEBD could be observed by imaging EGFP-alpha-tubulin 
dissociating into the previously compartmentalized pronuclear volumes. The embryos were collected at NEBD 
and immediately transferred into culture medium containing 10 µM Nocodalzole to incubate for the indicated 
time periods prior to fixation (2nd to 5th column). The negative control (first column) was fixed at NEBD without 
any incubation in Nocodazole. All images show a maximum intensity projection of selected confocal planes. Top 
row shows the merged images with DNA (Hoechst, blue); MTOCs (Pericentrin, magenta) and microtubules 
(alpha-tubulin, green; note that this signal can be attributed to both the IF staining and the EGFP-Tuba signal). 
2nd to 4th row show the respective single channel data. Note that some signal from the transgenic H2B-mCherry 
is sometimes still detectable after fixation (seen in some of the single channel images of MTOCs). Stable 
microtubules are clearly still present after 5 min of  Nocodazole treatment; the red and yellow arrows indicate 
fibrous micorutubules in the proximity of chromosomes and nucleating microtubules at more distant MTOCs. 
Filamentous microtubules were not visible after 20 min of Nocodazole treatment and micrtobules seemed fully 
depolymerized after 60 min in the presence of Nocodazole. N(timing condition) = 3. Scale bars, 10 μm. In this 
experiment I was supported by my colleague Sandra Correia helping me adhere to the indicated timings for the 
consecutive steps. 
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4.1.9 Immunofluorescence (IF) and confocal microscopy 

Zygotes were fixed by two different approaches. To validate the effect of tdEos-hCep192 on 

MTOCs after injection of the encoding mRNA, zygotes were fixed using a HEPES based fixation 

buffer as previously described (185), but with minor modifications. To assess microtubule 

regrowth after Nocodazole treatment and to validate ‘Trim away’ of Pericentrin, embryos 

were fixed using a PIPES based fixation buffer similarly as previously described to optimally 

conserve microtubules (308, 387). For both approaches, the zygotes were transferred from 

the culture medium into 37 °C warm MOPS buffer for a brief wash. All the following 

treatments were done within wells of ibidi µ-Slides (81501, µ-Slide Angiogenesis, ibidi) filled 

with 40 µl of solution per well. The embryos were pipetted into the respective fixation-buffer. 

HEPES based: 100 mM HEPES, 50 mM EGTP, 10 mM MgSO4, 0.2 % Triton X-100 and 2 % PFA. 

PIPES based: 94 mM PIPES pH 7.0, 0.94 mM MgCl2, 94 µM CaCl2, 0.1 % Triton X-100 and 1 % 

PFA. They were briefly washed through one well and then incubated in a second for 30 min 

at room temperature. The embryos were then washed 4 x 5 min in PBS with 0.1 % Triton (PBS-

T) at room temperature and extracted in a well with fresh PBS-T overnight at 4 °C. Embryos 

were blocked in 5 % normal goat serum, 3 % BSA in PBS-T and then incubated with the primary 

antibodies in fresh blocking solution overnight at 4 °C. Embryos were then washed 3 x 5 min 

with 3 % BSA in PBS-T. They were incubated with the secondary antibodies in fresh blocking 

solution for 1 hour at room temperature. The embryos were then washed 3 x 5-10 minutes 

with 3 % BSA in PBS-T and finally transferred into wells with 3 % BSA in PBS (for multi-day 

imaging, embryos were stored at this step at 4 °C in a dark and humidified environment). For 

imaging, the embryos were also mounted using the same solution. Whenever TMR-Hoechst 

was used to label chromatin, TMR-Hoechst in DMSO (405) was diluted in in the final wash and 

imaging buffers (1:40000). When Hoechst 33342 (B2261, Sigma) was used to label chromatin, 

10 mg/ml Hoechst dissolved in DMSO was diluted 1:2000 in the blocking solution together 

with the secondary antibodies. 

To validate tdEos-hCep192 expression for live imaging in mouse zygotes by IF, the subsequent 

primary antibody was used: mouse anti-Pericentrin (611815, BD Bioscience, 1:500, 0.5 

µg/ml). As secondary antibody, goat anti-mouse IgG with AF 647 (A-21236, Invitrogen, 2 

µg/ml) was used. 

For the microtubule regrowth assay, the following primary antibodies were used at the 

indicated dilutions. To visualize centromeres/kinetochores: anti-CREST (CS1058, Europe 
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Bioproducts, 1:100) or anti-centromeric proteins (15-235, Antibodies Incorporated, 1:50, ~40 

µg/ml); for staining of microtubules: mouse anti-alpha-tubulin (T6199, Sigma, 2 µg/ml); to 

visualize MTOCs: rabbit anti-Pericentrin (ab4448, abcam, 2 µg/ml). The following secondary 

antibodies were used subsequently: goat anti-mouse IgG with Alexa Fluor (AF) 488 (A-11029, 

Molecular Probes, 2 µg/ml), goat anti-rabbit IgG with AF 561 (A-11035, ThermoFisher, 2 

µg/ml) and goat anti-human IgG with AF 647 (A-21445, Invitrogen, 2 µg/ml). To label 

chromosomes in addition to the H2B-mCherry, Hoechst 33342 (B2261, Sigma, 5 µg/ml) was 

added to the secondary antibodies in blocking solution. 

To assess ‘Trim away’ of Pericentrin, the embryos were incubated with the following primary 

antibodies. For microtubules: chicken anti-alpha-tubulin (ab89984, abcam, 1:150, 2 µg/ml); 

for MTOCs: either mouse anti-Pericentrin (611815, BD Bioscience, 1:500, 0.5 µg/ml) or mouse 

anti-gamma tubulin (Sigma,T5326, 1:500, 2 µg/ml). The following secondary antibodies were 

used subsequently: goat anti-mouse IgG with AF 405 (A-31553, ThermoFisher, 2 µg/ml) and 

to label (successfully) injected rabbit polyclonal anti-hPericentrin (ab237034, abcam); goat 

anti-rabbit IgG with AF 647 (A-21245, Invitrogen, 2 µg/ml). To label chromosomes in addition 

to the H2B-mCherry, TMR-Hoechst [(405), 1:40000] was used. 

3D volumes of fixed zygotes were imaged on a Leica SP8 using a 63x C-Apochromat 1.2 NA 

water immersion objective. 

 

4.1.10 ‘Trim away’ of Perticentrin 

Pericentrin was targeted for degradation in mouse zygotes as previously described for protein 

degradation in mouse oocytes (367, 368), with some modifications: mRNA and antibody 

solutions were injected sequentially. mRNA encoding Trim21 (and H2B-mCherry) was injected 

3-5 h before mitotic entry. For acute protein degradation at a specific time during the cell 

cycle, either the H2B-mCherry signal was monitored to assess the progression of chromosome 

compaction in prophase or rarely (if this was not possible for technical reasons), the time of 

HCG administration to the mother was used as a reference and the antibody solution injected 

>26h post HCG injection, when the zygotes should be close to or already in mitotic prophase. 

The zygote was then injected with the antibody solution containing rabbit polyclonal anti-

hPericentrin in PBS (ab237034, abcam; original concentration 0.974 mg/ml) diluted to 0.88 

mg/ml with 0.5 % NP-40 in PBS to achieve a final detergent concentration of 0.05 %, which 

was used to avoid clogging of the injection capillary. Injection was done without loading oil in 
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front of the mercury to avoid mixing of the oil and detergent-containing protein solution. 

Control zygotes (‘mock-injected’) were injected with 0.05 % NP-40 in PBS without any 

antibody. For subsequent live imaging, the zygotes were mounted onto the microscope within 

10-20 min. For IF, the embryos were first incubated in culture medium for 20 min and then 

chemically fixed as described above in section 4.1.9. 

 

4.2 Materials and methods used for bovine zygotes 

4.2.1 Collection of bovine oocytes, in vitro maturation, fertilization and zygote culture 

Bovine ovaries were collected from slaughterhouses and cumulus-oocyte complexes (COCs) 

were subsequently collected as described by Ferraz and colleagues (375). COCs with at least 

three cumulus cell layers were selected and washed in HEPES-buffered M199 (22340-020, 

Gibco BRL, Paisley, U.K.). These were either directly matured for 23 hours in vitro in cohorts 

of 35-70 COCs in 500 µl of maturation medium (31100-027, NaHCO3-buffered M199 

[11150059, Gibco BRL] supplemented with 1 % (v/v) penicillin-streptomycin [15140122, Gibco 

BRL], 0.02 IU/ml FSH [Sioux Biochemical Inc., Sioux Centre, IA, USA], 0.02 LH IU/ml [Sioux 

Biochemical Inc.], 7.7 µg/ml cysteamine [30070, Sigma-Aldrich, St. Louis, Missouri, USA] and 

10 ng/ml epidermal growth factor [E4127, Sigma-Aldrich]) at 38 °C in a humidified 

atmosphere at 5 % CO2. Alternatively, they were kept at ambient temperature (~23 °C) for 19 

hours in synthetic oviduct fluid (H-SOF, Avantea, Italy) prior to in vitro maturation. Following 

oocyte maturation, they were fertilized using sperm cells from a bull of a proven fertility 

(frozen and thawed). Thawed spermatozoa were purified via discontinuous Percoll gradient 

centrifugation (90/45 %; P1644, Sigma-Aldrich) and the spermatocyte fraction spiked with 

concentrated fertilization medium (406). COCs were washed and finally prepped in the same 

groups of 35-70 in fertilization medium supplemented with 1.8 IU/ml heparin (H3393, Sigma-

Aldrich), 20 µM d-penicillamine (P4875, Sigma-Aldrich), 10 µM hypotaurine (H1384, Sigma-

Aldrich), and 1 µM epinephrine (E4250, Sigma-Aldrich). The purified sperm cells were added 

at a final concentration of 1×106 cells/ml to the prepped COCs. In vitro fertilization was done 

at 38 °C for 6-9 hours under humidified atmosphere at 5 % CO2. Then, to remove cumulus 

cells from presumptive zygotes, they were vortexed for 3 min and transferred to synthetic 

oviductal fluid (SOF) (407), in which they were cultured at 38 °C under humidified 
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atmosphere, at 5 % CO2 and 5 % O2. Zygotes used for live imaging were cultured under the 

same conditions but without Phenol Red in the SOF medium. 

 

4.2.2 Immunofluorescence (IF) and confocal microscopy 

27.5 hours after addition of the spermatocytes to the COCs, the presumptive bovine zygotes 

were rinsed in PBS at 38 °C and fixed in 500 µl of the above-described fixation buffer (94 mM 

PIPES pH 7.0, 0.94 mM MgCl2, 94 µM CaCl2, 0.1 % Triton X-100, 1 % PFA). Alternatively, they 

were incubated in ice cold PBS for 3 minutes (cold shock treatment) as previously described 

for mouse oocytes and embryos (308, 387) and fixed subsequently. Similar as for IF of the 

mouse zygotes, the cow embryos were then washed 4 x 5 min in 3 % BSA in PBS with 0.1 % 

Triton (PBS-T) at room temperature and extracted in PBS-T overnight at 4 °C. All subsequent 

steps were performed in wells of ibidi µ-Slides (81501, µ-Slide Angiogenesis, ibidi) filled with 

40 µl of each solution per well. First, embryos were blocked in 5 % normal goat serum and 

3 % BSA in PBS-T and then incubated with the primary antibodies diluted in blocking solution 

overnight at 4 °C. Primary antibodies used to stain spindle components: chicken anti-alpha-

tubulin (10 µg/ml; abcam, ab89984); rabbit anti-CEP192 (3.5 µg/ml; Ab frontier AR07-PA001); 

mouse anti-acetylated alpha-tubulin (5 µg/ml; T7451 Sigma-Aldrich) or mouse anti-NEDD1 

(2.5 µg/ml; H00121441-M05, clone 7D10, Abnova). Afterwards, embryos were washed 3 x 

5 min with 3 % BSA in PBS-T and incubated with Hoechst 33342 to stain DNA (0.2 mM, Sigma-

Aldrich) and secondary antibodies diluted in blocking solution for 3 hours at room 

temperature. Used secondary antibodies: goat anti-chicken Alexa Fluor® 647 (4 µg/ml, A-

21449, Molecular Probes), goat anti-mouse Alexa Fluor® 488 antibody (8 µg/ml, A-11029 

Invitrogen), goat anti-rabbit Alexa Fluor® 568 antibody (8 µg/ml, A-11036 Invitrogen). 

Subsequently, embryos were washed 3 x 10 minutes with 3 % BSA in PBS-T and 2 x 10 minutes 

with PBS alone and mounted on glass slides (Superfrost Plus, Menzel, Braunschweig, 

Germany) with anti-fade mounting medium (Vectashield, Vector Laboratories, Burlingame, 

California, USA). 

Fixed and stained bovine zygotes were imaged on a Leica SPE-II with a 63x oil immersion 

objective. Z-stacks of approximately 80 µm were acquired with 42.7 nm pixel size in xy and a 

z-step size of 420 nm. Cep192 staining lead to a comparatively high background. The 

specificity of the staining was thus validated by co-localization with the alpha-tubulin signal 

or (especially in case of cold shock treatment), it was replaced with NEDD1 staining, with 
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substantially lower background signal. To exclude polyspermy in the zygotes (which might 

also cause dual spindle formation), they were additionally stained for acetylated alpha-

tubulin. Acetylated tubulin is a core component of cilia and can thus be observed in the 

residual sperm flagellum (Figure 15D). Thus, if an oocyte was fertilized multiple times, the 

zygote would exhibit multiple flagella signals and these zygotes were thus excluded. 

Alternatively, cells were scored for diploidy based on the apparent DNA volumes. IF data was 

processed using Fiji (403) or Imaris Cell Imaging Software. DNA volume determination was 

also done by manual segmentation using Imaris and centrosome coordinates were manually 

determined using Fiji. 

 

4.2.3 Expression constructs and mRNA synthesis 

pGEMHE-H2B-mCherry (387), pGEMHE-EGFP-MAP4 (185) were reported previously.  

To generate pGEMHE-EB3-EGFP2, full length homo sapiens EB3 cDNA (NM_001303050.1, a 

generous gift from Niels Galjart) was tagged C-terminally with tandem mEGFP and cloned into 

a pGEMHE vector under the control of a T7 promotor by Nathalie Daigle. mRNA was 

synthesized from linearized template DNA (1 µg), capped and poly-adenylated mRNA in vitro 

using the mMESSAGE mMACHINE™ T7 ULTRA Transcription kit according to manufacturer’s 

instructions (AM1345, ThermoFisher Scientific). mRNA was purified (74104, RNeasy Mini Kit, 

QUIAGEN) and dissolved in 14 µl nuclease free water. 

 

4.2.4 Micromanipulation 

The mRNA microinjection protocol for cow zygotes was adapted from previous protocols 

(185, 366), as already described in section 4.1.5 for mouse zygotes (for schematic overview, 

see Figure 26). But to accommodate the larger cow zygotes (diameter ~120 µm) the ‘injection 

slit’, created between two glass cover slips, was widened by using a spacer of two layers of 

double-sided adhesive tape (05338, tesa) tightly pressed together (~170-190 µm). Silicone 

grease was used to attach the coverslip (with the injection slit) to the plastic support slide and 

the whole chamber was filled with 37-38 °C warm MOPS buffer before mouth-pipetting the 

embryos into the slit. The injection volume was adjusted to ~0.5 % of the bovine zygotic 

volume (approximately 4-5 pl used) and microinjection needles with wider opening were used 

for injection (usually used to inject proteinaceous solutions into mouse embyros). The mRNA 
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concentrations ranged between 0.1-0.2 µg/µl for H2B-mCherry, 0.5 or 0.9 µg/µl for EB3-

mEGFP2 and 0.3-0.4 µg/µl for MAP4-EGFP. 

 

4.2.5 Live imaging 

For live, time-lapse imaging of bovine zygotes, the same inverted light sheet microscope 

previously reported for mouse embryo imaging was used (286), with the above described 

modifications (section 4.1.6). To image chromatin and either the microtubule tips or the 

microtubule lattice, H2B-mCherry and either EB3-mEGFP2 or EGFP-MAP4 fluorescence was 

acquired simultaneously using a 488 nm laser (~25-30 µW) and a 561 nm laser (~5-10 µW) 

with an exposure time of 100 ms (time resolution 2.5 minutes). Stacks of 100 or 104 µm were 

acquired with a z-step size of 1 and 1.04 µm, respectively. 

As for processing of imaging data from live mouse zygotes, also for the bovine zygotes, single 

color data from the raw camera data was extracted from the time-lapse images as described 

previously (286). Alternatively, we also used Fiji (403) with a new in-house built plugin for 

processing large imaging data (404). For 3D visualization and data representation 

arivis Vision4D Releases 3.1 to 3.2 were used and scale bars were calculated and manually 

inserted. 

 

4.2.6 Comparing spindle halves within mono- and bicentrosomal spindles from IF data 

To quantify IF intensity of the alpha-tubulin staining and to robustly compare the intensity 

distributions of one spindle half with respect to the other, a customized MATLAB (The 

MathWorks, Inc.) script was used. In summary, first the metaphase chromosome signal from 

the separate Hoechst channel was segmented and used to predict the orthogonal spindle axis 

(in relation to the shape of metaphase chromosomes). Then a set of parallel, equidistant cross 

sections of the tubulin channel orthogonal to the predicted axis was created for further 

analysis. 

In more detail, to segment chromosomes, the signal from the Hoechst channel was first 

interpolated along the z-axis to generate an isotropic 3D stack from the anisotropic raw data. 

For noise reduction a 3D Gaussian filter was applied on the interpolated stack (sigma = 2, 

kernel = 3). The Hoechst channel was converted to a binary signal by combining parameters 

from adaptive thresholding (408) applied on individual xy-planes of a z-stack, as well as on all 

xy-planes of the entire stack (409). Connected component analysis of the detected binary 
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objects followed by smoothing operations was used to identify the chromosome mass. The 

spindle region was detected analogously. Centrosome coordinates however, were picked 

manually. A Hessian matrix was constructed based on the 3D coordinates of all the voxels 

belonging to the identified chromosome mass. In this matrix, the Eigenvector with the lowest 

Eigenvalue is approximately orthogonal to the metaphase plate and was therefore taken as 

the predicted spindle axis.  

The predicted spindle axis served as a reference to slice the microtubule channel with a 

spacing of 500 nm, to generate a set of parallel cross sections orthogonal to the spindle axis. 

The slicing procedure was already described in detail previously (59). The spindle axis was 

sliced for 12 µm in both directions from the centroid of the chromosome mass resulting in a 

total length of 24 µm. Each slice had a size 621x621 pixels, and the cross-section of the 

predicted spindle axis was used as a center of the slice. The average background intensity of 

the tubulin signal was determined and subtracted from the data before slicing to quantify the 

microtubule intensity. To determine the average background, the average intensity in a rim 

of 2 pixels-width, 8 pixels away from the boundary of the segmented spindle region was 

calculated. The total background subtracted tubulin intensity inside each slice was then 

plotted against the respective distance from the centroid of the chromosome mass (see 

Figure 18B-D). This intensity profile was further analyzed to extract parameters to describe 

the shape and total signal intensity and respective distribution of the two spindle halves.  

First, the minimum (valley) between the two intensity maxima from the profile was calculated 

to define which parts of the profile belong to each individual spindle half. The total intensity 

of each spindle half was calculated by summing up the area under the intensity profile curve 

(AUC, Figure 18B). To estimate the width of intensity distribution of each spindle half, the 

intensity at the minimum was first subtracted from the full profile (indicated by the opaque 

area under distribution valley, Figure 18B). The full-width at half maximum (FWHM, Figure 

18B) of the valley subtracted intensity distribution from each spindle half was subsequently 

calculated. Both parameters (total intensities and FWHMs of spindle halves) were normalized 

to the acentrosomal half for monocentrosomal spindles or to the half with the smaller value 

for bicentrosomal spindles (Figure 18E-F). 

The length of each spindle half was determined from the respective part of the original 

intensity profile without subtracting the valley intensity (half length, Figure 18B). To this end, 

the distance between the valley and the other edge of the intensity distribution, represented 



MATERIALS AND METHODS 

 116 

by the slice at the periphery of a spindle half, was calculated. The spindle edge/pole of each 

spindle half was detected by taking the peripheral position closest to the peak of the profile, 

where intensity value was below 10 % of the peak intensity. If all values were higher than 

10 % of the maximum (n = 1), the furthest slice from the peak was taken as the periphery of 

the half. The spindle half lengths were also normalized either to the acentrosomal half (for 

monocentrosomal spindles) or to the shorter half (for bicentrosomal spindles) (Figure 18G). 

 

4.2.7 Calculating distances from centrosomes to the spindle body and to chromosomes 

from IF data 

To calculate the distance between centrosome and spindle body (d1; Figure 17C), the axis 

between the centrosome and chromosome centroid was used as a reference for slicing the 

microtubule channel as described in section 4.2.6. In this case slicing along this axis was 

performed with a spacing of 200 nm, starting from the centrosome towards the chromosome 

centroid. An intensity profile along the axis was genereated by calculating the total intensity 

of each slice. First, the maximum and minimum intensity values were determined and then 

the minimum intensity was subtracted from the entire profile. The minimum subtracted 

profile of each spindle half was then analyzed starting from the centrosomal end. The 

periphery of the spindle half was defined as the last location in the profile, where the total 

intensity was less than 10 % of the maximum intensity. In addition to the distance between 

the manually annotated centrosome coordinates and the determined spindle body (d1; Figure 

17C-D), the distances between the centrosome and the chromosome centroid (d3; Figure 

17C, F) and between the chromosome centroid and the spindle body (d2; Figure 17C) were 

calculated. The centrosome-spindle distance (d1) was additionally normalized to the length of 

the respective spindle half (d2) to quantify distance relations (d1/d2; Figure 17C, E). 

 

4.2.8 Data transformation into 2D sections parallel to the centrosomal axis using EGFP-

MAP4 and EB3-mEGFP2 fluorescence from live imaging 

To display the kinetics of microtubule intensity (Figure 23A), 3D data was transformed and re-

sliced orthogonally to the centrosomal axis so that both centrosomes were visible in the same 

2D slice. Original anisotropic stacks were first interpolated along the z-direction to create 

isotropic 3D stacks. The interpolated data was then translated in xy so that the central point 

between two centrosomes moved to the center of the image. The angle between the 
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centrosomal axis (defined by the two centrosomes), and xy-plane was calculated and the 

translated stack was rotated such that the centrosomal axis aligned to the xy-plane. The angle 

between the centrosomal axis and the x-axis was calculated, and the data was further rotated 

to align the centrosomal axis to the original x-axis. During the rotation bicubic interpolation 

was used. All the data was transformed in the same way so that the kinetics of microtubule 

intensity at centrosomes as well as the center of the centrosome axis could be observed in 

the same 2D slice in consecutively acquired stacks. 

 

4.2.9 Quantification of dynamic microtubule distribution of EGFP-MAP4 and EB3-mEGFP2 

signal from live imaging 

Microtubule signal intensity (EGFP-MAP4 or EB3-mEGFP2) was quantified along the 

centrosomal axis as defined by the two centrosomes. The central coordinates of the 

centrosomes were determined from manually segmented microtubule signal at centrosomes 

using arivis Vision4D by calculating the center of the signal intensities. Original anisotropic 

stacks were first interpolated along the z-direction to create isotropic 3D stacks and the 

microtubule intensity profile between the two centrosomes was generated. For each time 

point 15 equidistant parallel slices were generated between the two centrosomes. The slices 

were orthogonal to the centrosomal axis and the intersection point between the axis and the 

slice determined the center of each slice. Two different slice sizes were chosen for different 

purposes:  Either slices of 351x351 pixels were used (black cuboid with solid line, Figure 23B) 

to determine the total microtubule mass along the centrosomal axis and within the entire 

spindle at a given time (Figure 23C and Figure 24A). Alternatively, the slice size was set to 

15x15 pixels (black cuboid with dashed line, Figure 23B) to estimate the microtubule 

concentration along the centrosomal axis over time (Figure 23D and Figure 25A). 

The distance between two centrosomes within one zygote as well as between different 

zygotes was not constant. To account for this, a fixed number of slices between two 

centrosomes was generated, thus normalizing the distances between two consecutive slices 

in different stacks relative to the intercentrosome distance. The total intensity of each slice 

was calculated and normalized to the maximum intensity considering all slices and all time 

points within a zygote. Due to the normalization of intensity and inter-slice distance the 

extracted intensity profiles can be compared within a zygote as well as between different 

zygotes. Hence, an average intensity profile (Figure 23C-D) over time and intensity change 
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over time at different landmarks, such as centrosomes and the center of the spindle (see 

Figure 23E-F and for individual plots Figure 24B and Figure 25B) could be computed using the 

data from all analyzed zygotes (n = 6). 
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