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II. Summary

Chromatin accessibility at cis-regulatory elements (CREs) is influenced by both cis-
encoded and trams-acting mechanisms. This includes short DNA motifs recognized by
transcription factors (TFs), as well as chromatin post-translational modifications on histones
(PTMs). A challenge in identifying determinants of chromatin accessibility is that TF binding
and deposition of activating chromatin marks are often concomitant at endogenous CREs,
making it difficult to disentangle their individual contribution to chromatin accessibility and
transcription activation. To overcome this limitation, I established a chromatin-integrated
reporter assay to test whether regulatory sequences (~250bp) can recruit TFs, open
chromatin, and activate transcription at an ectopic site. I created libraries containing hundreds
of regulatory sequences and inserted them at the same landing pad located at a chromatin
locus devoid of activating or repressing chromatin marks. I profiled whether these short
genetic elements could recapitulate their endogenous chromatin accessibility using a
parallelized chromatin accessibility assay based on targeted Single Molecule Footprinting. I
analyzed ~400 fragments containing promoters and enhancers active in mouse embryonic
stem cells (mESCs), and compared the chromatin accessibility at ectopic sites with their
endogenous levels. As expected, CTCF-containing sequences (used as positive control)
autonomously re-establish chromatin accessibility at identical levels when inserted at the
ectopic locus. In contrast, sequences bound by other TFs, including NRF1, NFY and
pluripotency factors such as KLF4, OCT4 show only partial recapitulation of their
endogenous accessibility when isolated at the ectopic site; and this reduction was not
explained by CpG content alone. To investigate whether sequence context beyond the core
~250 bp CRE could explain reduced accessibility, I performed a fragment-length experiment
on a single CRE. Although preliminary, the results suggest that accessibility at the ectopic
site reached endogenous levels at >1 kb. This suggests that, although the regulatory
sequences are genetically the same of their endogenous counterparts, the ~250 bp fragments
inserted at the ectopic locus may lack additional sequence features required for full activity
— such as histone PTMs, whose deposition depends on cooperative interactions between
multiple TFs. To further explore this possibility, I next investigated the role of H3K27Ac and
found that the extent to which CREs establish chromatin accessibility is anti-correlated with
the presence of H3K27Ac at the endogenous locus, suggesting that H3K27Ac¢ may enhance
accessibility in its native context. To test this hypothesis, I globally perturbed acetylation by

chemically inhibiting the histone acetyltransferase p300, that deposits acetylation at a subset



of enhancers in mESCs. As predicted, chromatin accessibility was reduced at endogenous
loci, and the amplitude of the loss scaled with the degree of H3K27Ac reduction, but almost
unaffected at the ectopic locus, which is located within a chromatin neutral environment.
Finally, I implemented a proof-of-concept reporter assay to simultaneously quantify
chromatin accessibility and transcriptional output for multiple ectopically inserted CREs,

demonstrating the feasibility of parallel measurements at scale.



II1. Zusammenfassung

Die Zuginglichkeit von Chromatin an cis-regulatorischen Elementen (CREs) wird sowohl
durch cis-kodierte als auch trans-wirkende Mechanismen beeinflusst. Dazu gehoren kurze
DNA-Motive, die von Transkriptionsfaktoren (TFs) erkannt werden, sowie
posttranslationale Modifikationen (PTMs) des Chromatins. Eine Herausforderung bei der
Identifizierung der Bestimmungsfaktoren fiir Chromatinzugénglichkeit besteht darin, dass
TF-Bindung und die Anlagerung aktivierender Chromatinmarkierungen an endogenen CREs
hiufig gleichzeitig auftreten, was es schwierig macht, ihren jeweiligen Beitrag zur
Chromatinzugénglichkeit und Transkriptionsaktivierung auseinanderzuhalten. Um diese
Einschrinkung zu iiberwinden, habe ich einen chromatinintegrierten Reporter-Assay
entwickelt, um zu testen, ob regulatorische Sequenzen (~250) Transkriptionsfaktoren
rekrutieren, Chromatin 6ffnen und Transkription an einem ektopischen Ort aktivieren
konnen. Ich habe Bibliotheken mit hunderten von regulatorischen Sequenzen erstellt und sie
an derselben Zielstelle eingefiigt — einem Chromatin-Locus ohne aktivierende oder
reprimierende Chromatinmarkierungen. Mit einem parallelisierten
Chromatinzugénglichkeits-Assay basierend auf gezieltem Single Molecule Footprinting
habe ich analysiert, ob diese kurzen genetischen FElemente ihre endogene
Chromatinzugénglichkeit nachbilden konnen. Ich habe etwa 400 Fragmente untersucht, die
Promotoren und Enhancer enthalten, die in embryonalen Stammzellen der Maus (murine ES-
Zellen) aktiv sind, und die Chromatinzuginglichkeit an ektopischen Stellen mit ihren
endogenen Niveaus verglichen. Wie erwartet, stellten CTCF-haltige Sequenzen (verwendet
als positive Kontrolle) die Chromatinzugédnglichkeit autonom auf identischem Niveau wieder
her, wenn sie an die ektopische Stelle eingefiigt wurden. Im Gegensatz dazu zeigten
Sequenzen, die von anderen TFs wie NRF1, NFY und Pluripotenzfaktoren wie KLF4, OCT4
gebunden werden, nur eine teilweise Reaktivierung ihrer endogenen Funktion, wenn sie
isoliert an der ektopischen Stelle getestet wurden — dieser Riickgang konnte nicht allein durch
den CpG-Gehalt erkldrt werden. Um zu untersuchen, ob die reduzierte Zuganglichkeit von
CREs iiber den ~300 bp hinausreichenden Sequenzkontext erkldrt werden konnte, habe ich
ein Fragmentldngen-Experiment mit einem einzelnen CRE durchgefiihrt. Trotz vorlaufiger
Ergebnisse, deuten diese darauf hin, dass die Zugénglichkeit an der ektopischen Stelle bei
einer Fragmentldnge von >1 kb das endogene Niveau erreichte. Dies legt nahe, dass die ~250
bp langen Fragmente, obwohl genetisch identisch mit ihren endogenen Gegenstiicken,

moglicherweise zusétzliche Sequenzmerkmale fiir die volle Aktivitdt fehlen — etwa Histon-



PTMs, deren Anlagerung von kooperativen Interaktionen mehrerer TFs abhéngt. Um diese
Moglichkeit weiter zu untersuchen, habe ich die Rolle von H3K27Ac analysiert und
festgestellt, dass das Ausmal, in dem CREs Chromatinzuginglichkeit herstellen, negativ mit
der Prisenz von H3K27Ac am endogenen Locus korreliert. Dies deutet darauf hin, dass
H3K27Ac in seinem natiirlichen Kontext die Zuginglichkeit fordern kann. Um diese
Hypothese zu testen, habe ich die Acetylierung global gestort, indem ich die
Histonacetyltransferase p300 — die an einem Teil der Enhancer in murine ES-Zellen
Acetylierung anbringt — chemisch gehemmt habe. Wie vorhergesagt, nahm die
Chromatinzugénglichkeit an endogenen Loci ab, und das Ausmal3 des Verlusts korrelierte
mit der Stirke der H3K27Ac-Reduktion — war jedoch an der ektopischen Stelle, die sich in

einer chromatinneutralen Umgebung befindet, kaum betroffen.

AbschlieBend habe ich einen Proof-of-Concept-Reporter-Assay entwickelt, um
gleichzeitig die Chromatinzugénglichkeit und die Transkriptionsaktivitit fiir mehrere
ektopisch eingefiigte CREs zu quantifizieren, und damit die Machbarkeit paralleler

Messungen im grof3en Maf3stab demonstriert.
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1. INTRODUCTION

Deoxyribonucleic acid (DNA) is the fundamental genetic material that encodes the
information required for the development, function, and maintenance of all living
organisms. In eukaryotic cells, the DNA is stored in the nucleus, where the information
contained within genes — DNA sequences that encode for a function — can be read and

turned into functional molecules with specific roles.

Gene expression begins with transcription, the process whereby the genetic
information encoded in the DNA is decoded and transformed into RNA. Gene
transcription initiates at the transcription start site (TSS) — the first transcribed nucleotide
of a gene — which is located in specific DNA sequences called promoters, located at the
beginning of the gene (Lenhard et al., 2012). The binding of transcription factors (TFs)
to the promoter mediates the recruitment of the general transcription factors (GTFs) and
eventually of RNA polymerase II (Pol II), forming a transcription-competent machinery
(Figure 1). Once transcribed, the RNA can either carry out its function in its original form
— hence referred to as non-coding RNA — or be translated into a protein (Cramer, 2019).
Both non-coding RNAs and proteins then perform specific functions related to cellular
activity or contribute to the regulation of gene expression itself, ultimately influencing

which RNAs and proteins will be produced.

Within the nucleus, DNA is packaged into chromatin through its association with
histone proteins. The nucleosome, composed of ~147 base pairs of DNA wrapped around
an octamer of histones (H2A, H2B, H3, H4), forms the basic unit of chromatin (Kornberg
and Lorch, 1999). The degree of chromatin compaction, and consequently its accessibility
to regulators, is a critical determinant of gene expression. Chromatin can exist in different
states: euchromatin, which is relatively decondensed and transcriptionally active, and
heterochromatin, which is highly compacted and generally associated with transcriptional

repression.

The advent of next-generation sequencing (NGS) — which allows to determine the
nucleotide sequence of full genomes — revealed that only 1-2% of the mammalian
genome encodes proteins, while the remaining 98% is composed of non-protein-coding
DNA (“The ENCODE (ENCyclopedia Of DNA Elements) Project,” 2004; The ENCODE
Project Consortium, 2012). Much of this non-coding material contains regulatory
information, like cis-regulatory elements (CREs), which play critical roles in regulating

gene expression. In addition to promoters, CREs include elements such as enhancers,



silencers, and insulators, all of which function by interacting with specific DNA-binding
proteins that, in turn, may associate with other regulatory proteins with distinct functions,
commonly referred to as co-factors (Cramer, 2019; Kim and Wysocka, 2023; “The
ENCODE (ENCyclopedia Of DNA Elements) Project,” 2004; The ENCODE Project
Consortium, 2012).

Among regulatory proteins are those responsible for local, reversible, and dynamic
modifications of DNA and histone proteins that do not alter the underlying DNA sequence
but can be stably inherited through cell divisions (Figure 1). This layer of regulation is
known as epigenetics. Although the causal relationship between epigenetic modifications
and gene expression is still a matter of debate, these modifications contribute to, and
indeed represent, an additional layer of gene expression regulation (Cavalli and Heard,
2019).

Jgell Mot

Enhancer Promoter

Figure 1. Schematic of gene regulation. Transcription begins at the transcription start site (TSS), located
within a promoter region at the 5' end of the gene. Transcription factors (TFs) bind to promoter sequences
and recruit general transcription factors (GTFs), which in turn enable the assembly of RNA polymerase
II (Pol IT) into a transcription-competent complex. Enhancers, bound by other TFs, further modulate the
activity of the promoter. Histone post-translational modifications (dark and light green dots) add another
layer of regulation. Together, these elements shape complex patterns of gene expression.

Therefore, if we ask the question, “How do cells interpret the DNA sequence to
determine when, where, and how much genes should be expressed?” the answer is
inherently complex. In eukaryotic cells, a highly interconnected and coordinated
regulatory network exists — comprising both cis-regulatory elements and frans-acting
factors — that collectively govern gene expression. This regulatory network ensures that
genes are expressed at the correct time, in the appropriate cell types, and at precise
quantitative levels. Importantly, this regulation is not restricted to the cellular level: it also
orchestrates gene expression across tissues and developmental stages, enabling the

coordination of complex physiological functions at the organismal scale (Kim and

Wysocka, 2023; Millan-Zambrano et al., 2022).

Because of the scope of this PhD dissertation, I will explore the role of TFs in



regulating gene expression and their interaction with DNA, with a particular focus on cis-
regulatory elements. I will then examine promoters and enhancers, exploring how they
establish specific patterns of gene expression and interact within the three-dimensional
nuclear architecture. Finally, I will introduce the concept of epigenetics, with an emphasis

on histone post-translational modifications and their importance in gene regulation.

1.1 Interplay between transcription factors and DNA sequence
Transcription factors (TFs) are regulatory proteins that modulate gene expression by
binding to defined DNA sequences referred to as transcription factor binding sites
(TFBSs) or motifs. These sequences, typically between 6-12 base pairs in length, are
recognized through evolutionarily conserved DNA-binding domains (DBDs) within the
TF (De Boer and Taipale, 2024). DBDs confer sequence specificity and ensure that TFs
bind to the appropriate genomic locations in response to various cues (Lambert et al.,
2018). In addition to their DBDs, TFs typically harbor distinct functional domains that
modulate the transcriptional output through the recruitment of cofactors. Among these
functional domains are activation domains (ADs) and repression domains (RDs), which
regulate transcription not by directly interacting with DNA, but by recruiting co-
activators (CoAs) and co-repressors (CoRs), respectively (Kim and Wysocka, 2023).
Collectively, these functional regions are also referred to as effector domains, as they are

responsible for executing the regulatory activity of the TF.

1.1.1 DNA-binding domains

DBDs confer sequence specificity by facilitating the formation of hydrogen bonds
between specific amino acid residues in the TF and nucleotide bases in the DNA, resulting
in differential binding affinities across potential sites. Common DBD architectures
include zinc finger domains, which bind DNA modularly via coordinated zinc ions; helix-
turn-helix (HTH) motifs, in which one a-helix inserts into the DNA major groove; leucine
zippers, which promote dimerization and transcriptional activation; and helix-loop-helix
(HLH) domains, which enable formation of homo- or heterodimers critical for regulatory

specificity (Hughes, 2011).

Each TF has an optimal binding sequence associated with the lowest (most favorable)



free energy of binding, alongside a large number of lower-affinity sites that still contribute
functionally to regulatory specificity (Crocker et al., 2016). For this reason, TF motifs are
not defined by a precise and rigid nucleotide sequence, but rather as position weight
matrices (PWMs), where each position in the sequence is associated with the probability
of each nucleotide to be present. Although high-throughput in vitro assays and
comparative genomics have enabled the characterization of motifs for a large fraction of
the ~1,600 human TFs, the presence of the motif is alone insufficient to predict binding
in vivo (Cusanovich et al., 2014; Jolma et al., 2015, 2013; Lambert et al., 2018). Most
TFs occupy only a small subset of the motifs present in the genome at a given time, a
phenomenon attributable to the chromatin context in which binding occurs. Experimental
data confirm that high-affinity sites are relatively rare, whereas many more lower-affinity
sites exist across the genome (Badis et al., 2009; Slattery et al., 2011). Importantly, the
low-affinity sites have an important physiological relevance. For example, during
development it has been shown that they are crucial to encode spatiotemporal gene
expression. For instance, in a Pax6-dependent enhancer of the mouse Neurogenin2 gene,
a conserved low-affinity Pax6-binding site is critical for restricting gene expression to
regions of high Pax6 concentration. Substitution of this site with a high-affinity variant
results in ectopic expression (Scardigli et al., 2003). Similarly, single-nucleotide variants
(SNVs) that increase TF binding affinity can disrupt tissue specificity and lead to
abnormal phenotypes (i.e., polydactyly) in both mouse and human limbs (Lim et al.,
2024). Also, in the marine invertebrate Ciona, affinity-enhancing SNVs in a heart
enhancer cause ectopic expression of FoxF in non-cardiac cells, resulting in severe heart
defects, including the formation of two beating hearts (Jindal et al., 2023). Therefore,
TFBSs seem to have evolved to have the appropriate affinity, and what is referred to as
‘low-affinity’ sites are likely the result of the optimization of their affinity to ensure the

proper spatiotemporal pattern of gene expression.

1.1.2 Transcriptional Activation and Repression Domains

In addition to binding their target DNA motifs — which on its own can contribute to
gene regulation by increasing DNA accessibility or altering its secondary structure — TFs
can also perform additional regulatory functions (Kim and Wysocka, 2023). These
functions are mediated through the action of TFs’ effector domains and can either activate

or repress transcription, by recruiting co-activators (CoAs) or co-repressors (CoRs). Our



knowledge of TF effector domains has been recently extended by a series of high-
throughput functional screens that systematically mapped them across thousands of
human proteins, resulting in the annotation of over 1,000 domains, of which hundreds

were novel (Alerasool et al., 2022; DelRosso et al., 2023; Tycko et al., 2020).

Mechanistically, many of these effector domains contain intrinsically disordered
regions (IDRs) — sequences that lack stable secondary or tertiary structure under
physiological conditions (Trivedi and Nagarajaram, 2022). Despite their structural
flexibility, IDRs can adopt defined conformations upon interaction with binding partners,
enabling TFs to engage multiple cofactors. Through these interactions, TFs can recruit
both CoAs and CoRs, with the specific combination of recruited factors regulating the

transcriptional outcome.

Activation domains promote transcription by recruiting CoAs, such as histone
acetyltransferases (e.g., p300/CBP), chromatin remodelers, and the Mediator complex,
which collectively enhance chromatin accessibility and facilitate Pol II recruitment and
activation at promoters and enhancers (Gillespie et al., 2020; Iurlaro et al., 2021; Narita
et al., 2023; Schick et al., 2021). In contrast, repression domains function by engaging
CoRs, including histone deacetylases (HDACs), that in turn remove activating marks or
add repressive ones, thereby reinforcing a repressive chromatin state and limiting access
to the transcriptional machinery (Gillespie et al., 2020; Perissi et al., 2010). Importantly,
the regulatory potential of transcriptional cofactors is highly context-dependent. Whereas
some cofactors contribute broadly to CRE activation, others are either non-essential or
exert their function only in specific regulatory settings (Haberle et al., 2019; Neumayr et
al., 2022). Interestingly, some enhancers have been shown to function independently of
the Mediator complex, which has traditionally been regarded as a core component of
enhancer activity (Neumayr et al., 2022). Overall, the balance between activating and
repressive cofactors is central to transcriptional regulation, allowing TFs to fine-tune gene

expression in response to various stimuli.

Adding yet another layer of complexity, the biophysical properties of effector domains
— particularly IDRs — have been linked to the ability of TFs and cofactors to organize into
nuclear condensates or hubs. Many transcriptional regulators — including Pol II, Mediator,
p300, and pluripotency factors in mouse embryonic stem cells (mESCs) such as OCT4 —
form transient high-concentration foci in the nucleus (Basu et al., 2020; Boehning et al.,

2018; Boija et al., 2018; Contreras-Martos et al., 2017; Sabari et al., 2018). These hubs,



enriched at clusters of enhancers (also called super-enhancers) are thought to concentrate
TFs, GTFs, and cofactors to promote robust transcription of lineage-defining genes (Cho
et al., 2018; Chong et al., 2018; Hnisz et al., 2017). IDRs within TFs and cofactors are
essential for this phenomenon, mediating weak, multivalent interactions that facilitate the
formation of condensates. These dynamic compartments may enhance transcriptional
efficiency by increasing the local concentration of transcriptional machinery at regulatory
elements, enabling rapid and sustained gene activation in response to developmental or
environmental cues. However, their physiological relevance in vivo remains debated and

is still under investigation.

1.1.3 Pioneer and cumulative hypothesis

To engage their target binding motifs within chromatin, TFs must deal with the
nucleosomal barrier, which imposes steric and energetic constraints that limit access to
DNA. Chromatin exists in a continuum of dynamic states — condensed, permissive, and
open — each corresponding to varying levels of DNA accessibility to regulatory proteins
(Morgunova and Taipale, 2017). Open chromatin represents a configuration in which
DNA is exposed and thus permissive to transcriptional activation. In contrast, in the
condensed state, nucleosomes restrict access by sterically hindering TF binding and
creating physical and energetic barriers to the transcriptional machinery. Permissive
chromatin represents an intermediate state in which nucleosome occupancy is sufficiently
dynamic to allow initial TF engagement and localized nucleosome remodeling, but full
accessibility has not yet been established. In this way, permissive and open chromatin
differ in the extent to which DNA is exposed and functionally engaged by the
transcriptional machinery. Transitions between these chromatin states are mediated by
the coordinated action of sequence-specific TFs and chromatin-associated remodeling

complexes (Klemm et al., 2019).

Recent studies have emphasized that chromatin accessibility is not a static feature but
a transient state that requires continuous regulatory input to be maintained. Maintenance
of open chromatin, particularly at CREs, depends on persistent TF binding, and in many
cases, on the activity of ATP-dependent chromatin remodelers. The mammalian
SWI/SNF complex has emerged as a key regulator in this context, playing an essential
role in restoring local accessibility and counteracting the intrinsic tendency of

nucleosomes to reassemble over regulatory DNA. This remodeling activity is critical for



ensuring stable TF occupancy and enabling transcriptional competence (Iurlaro et al.,

2021).

In this context, pioneer transcription factors (pioneer TFs) constitute a unique subclass
of TFs capable of binding to their recognition motifs within nucleosomal DNA, even in
regions of condensed chromatin (Figure 2). These factors can trigger chromatin
remodeling and are often required for the initial activation of previously silent regulatory
elements. Pioneer activity was first identified in vivo through footprinting studies of the
Albl enhancer in the developing mouse endoderm, where TFs such as FOXA1 and
GATAA4 were shown to be able to access their motifs prior to chromatin opening and gene
activation (Cirillo et al., 2002; Gualdi et al., 1996). Unlike non-pioneer TFs, which can
generally only bind to accessible DNA, pioneer TFs are able to engage with compacted
chromatin and facilitate the recruitment of cofactors and additional TFs. Large-scale
structural and functional studies have since revealed mechanistic diversity in how these
factors interact with nucleosomes, identifying at least five distinct pioneer binding modes
(Bulyk et al., 2023). Although high-throughput experiments have shown that a large
majority of TFs (209 out of 220 tested) can bind nucleosomal DNA in a cell-free assay,
whether this property translates into pioneer activity or leads to chromatin opening in vivo
remains to be determined (Zhu et al., 2018). Indeed, pioneering activity has so far been
confirmed for only a limited number of TFs through orthogonal approaches such as
structural or in vivo studies and examples include GATA, FOXA1, SOX2, SOX11,
S0OX19, OCT4 and NANOG (Cirillo et al., 2002; Dodonova et al., 2020; Gualdi et al.,
1996; Michael et al., 2023; Palfy et al., 2020; Veil et al., 2019). Therefore, withing living
cells most TFs have only limited chromatin-opening potential when acting alone. Yet, not
all CREs are bound by known pioneers factors. In this context, another model proposes
that chromatin remodeling at CREs arises from the cooperative and cumulative binding
of multiple TFs at closely spaced sites. Such combinatorial binding can produce sufficient
chromatin remodeling activity to displace nucleosomes and establish transcriptionally
competent chromatin (Barral and Zaret, 2024; Reiter et al., 2017). This model provides
an explanation for how enhancer activation can occur in the absence of classical known
pioneer factors, pointing to a more flexible and context-dependent logic of chromatin

regulation (Figure 2).

Overall, two main models have been proposed to explain how TFs contribute to

chromatin opening: the pioneer factor model and the “cumulative” model. These
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frameworks offer alternative, yet not mutually exclusive, mechanisms by which TFs can

establish chromatin accessibility.
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Figure 2. Chromatin opening is mediated by transcription factors (TFs). Nucleosomes act as physical
and energetic barriers that limit access to DNA for TFs and other regulatory proteins. Two models explain
how this barrier can be overcome by TFs: (left) pioneer TFs are specialized factors capable of directly
binding nucleosomal DNA, promoting nucleosome eviction and enabling access to other TFs; (right) most
TFs cannot displace nucleosomes alone, but their combined action can collectively overcome the barrier.
Red rectangle: TF binding motifs, red circles: TFs.

1.1.4 TF cooperativity and motif syntax

Although important to define which TFs might bind to specific CREs, the mere presence
or absence of TF binding motifs it is not sufficient to predict TF binding in the genome
or predict the pattern of gene expression (Zeitlinger, 2020). CREs typically contain
multiple TF binding sites (TFBSs), and current models postulate that the combinatorial
action of many TFs, along with the global arrangement of DNA motifs within a given
CRE (also referred to as motif syntax) that recruit TFs to CREs, defines their unique
properties and governs how TFs bind and cooperate. Key features of the syntax include
motif composition (which motifs are present), orientation (the directionality of each
motif), affinity (how strongly each TF binds), order (the sequence in which the motifs
appear), and spacing (the distance between motifs) (Jindal and Farley, 2021). These

parameters influence how TFs interact with DNA and with each other, ultimately



affecting the regulatory output of an enhancer (Figure 3).
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Figure 3. Motif arrangement at CREs. CREs typically contain 4-6 TF binding sites. TF binding and
cooperativity can be influenced by the global motif arrangement at the cis-regulatory elements (i.e., motif
composition, orientation, affinity, order and distance). Red rectangle: TF binding motifs, red circles: TFs.

To explain how TFs cooperate at enhancers, three main models have been proposed
(Spitz and Furlong, 2012). The enhanceosome model suggests a rigid organization where
TFBSs must follow precise rules of spacing, orientation, and order to function properly,
as seen in the Interferon-f enhancer (Maniatis, 1995). In contrast, the billboard model
proposes a more flexible system, where the presence of the correct TFBSs is sufficient
for enhancer function, regardless of their arrangement. The TF-collective model instead
presents an intermediate view, where enhancers are activated by a combination of DNA
binding and TF-TF interactions, allowing for functional output even without strict motif
organization (Spitz and Furlong, 2012). While each of them has been observed, there is
still not enough evidence to define a single, generalizable model of CRE grammar, and it
is likely that these models are not mutually exclusive. Growing evidence points toward
the importance of motif syntax in shaping enhancer function across different contexts. In
Drosophila, for example, altering the spacing and order of interacting TF motifs in
synthetic enhancers can change tissue-specific activity, demonstrating the influence of
motif arrangement and distance (Erceg et al., 2014). Also, developmental enhancers often
rely on suboptimal motif configurations, suggesting that binding affinity and motif
context are more critical than perfect matches to consensus sequences (Crocker et al.,

2015; Farley et al., 2015).

More recently, machine learning and deep neural network approaches have been
applied to investigate the role of motif syntax in enhancer function. For example, machine
learning approaches applied to ChIP-nexus data in mESCs have revealed that TF motif
pairs often function optimally with a ~10 bp periodic spacing and directional
cooperativity — a principle referred to as "soft syntax" — as observed for NANOG and its
binding partners (Avsec et al., 2021). In human cells, massively parallel reporter assays

combined with machine learning models revealed that at most enhancers TFs generally
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work additively, with limited evidence for strict motif grammar or specific TF—TF
interactions, but rather weak TF spacing and orientation preferences (Sahu et al., 2022).
Finally, models like DeepSTARR have been developed to learn cis-regulatory rules
directly from DNA sequence (De Almeida et al., 2022). These models identify both
known TF motifs and syntax features such as motif spacing and flanking sequences,
which influence enhancer activity. They can accurately predict enhancer strength and
guide the design of synthetic enhancers. A recent study extended this approach by
combining deep learning with transfer learning to design tissue-specific enhancers in the
Drosophila embryo. Models trained on single-cell ATAC-seq data and refined with in
vivo assays predicted 40 synthetic enhancers, 78% of which were active, with 68%
showing tissue-specific function, including 100% accuracy for central nervous system
and muscle enhancers. These results confirm that motif syntax and TF cooperativity can
be used to design functional enhancers with defined regulatory outputs (De Almeida et
al., 2024). Similarly, CREsted, an integrated software and deep learning framework for
modeling, analyzing, and designing enhancers, was recently developed, starting from
single-cell ATAC-seq data. This framework also provides tools to interpret enhancer
function by identifying TFBSs, predicting whether TFs act as activators or repressors, and
uncovering enhancer grammar. The authors validated CREsted using diverse biological
systems, including the mouse cortex, human immune cells, and zebrafish development,
and showed that the platform can accurately predict enhancer activity and design cell

type-specific synthetic enhancers validated in vivo (Kempynck et al., 2025).

Overall, although a universal grammar has yet to be defined, both experimental and
computational evidences support the growing importance of motif syntax in shaping how

TF bind, interact, and regulate CRE specificity and function across biological systems.

1.2 Gene regulation by promoters and enhancers

Transcription involves the generation of RNA from a DNA template. For protein-
coding genes and numerous non-coding transcripts, this is carried out by RNA
polymerase II (Pol II). Transcription proceeds through a defined sequence of steps:
initiation, promoter-proximal pausing and pause release, productive elongation, and
transcriptional termination (Archuleta et al., 2024). Transcription typically initiates at a

precise genomic location known as the transcription start site (TSS), located at the 5" end



of a gene. The TSS resides within the region known as the core promoter, a DNA
sequence with a crucial regulatory role typically extending approximately 50 base pairs
upstream and downstream of the TSS (Roeder, 1996). This region is responsible for
recruiting the transcriptional machinery and orchestrating the early steps of the
transcription cycle. Core promoters are, in principle, sufficient to direct basal
transcription initiation; however, they typically exhibit low intrinsic activity. In this
regard, promoter strength refers to the ability of a promoter to initiate transcription and
drive gene expression, which can vary widely depending on its sequence and regulatory
context (Haberle and Stark, 2018). In general, stronger promoters lead to higher levels of
gene expression, while weaker promoters result in lower expression. The transcriptional
output of core promoters can be modulated by proximal or distal regulatory elements,

such as enhancer that can increase transcription levels.

1.2.1. Promoter architecture

The architecture of core promoters is highly diverse and context-dependent, defined
by the presence or absence of specific sequence motifs such as the TATA box, initiator
(Inr), motif ten element (MTE), and downstream promoter element (DPE). These
elements are recognized by specific components of the general transcription factors
(GTFs), particularly within the TFIID complex and serve as docking platforms for the
assembly of the pre-initiation complex (PIC), thereby directing Pol II to the correct
transcriptional start site (Vo Ngoc et al., 2017).

In vertebrates, a substantial number of promoters coincide with CpG islands (CGls)—
genomic regions characterized by high GC content and a dense distribution of CpG
dinucleotides (Deaton and Bird, 2011). Promoters associated with CGIs generally lack
classic core promoter elements and are frequently linked to broadly expressed
housekeeping genes or essential developmental regulators. Although the precise
mechanisms by which CGIs support core promoter function remain unclear, recent
evidence suggests that CpG density itself drives promoter activity, independent of DNA
methylation level (Hartl et al., 2019). Even when controlling for TF binding motifs, CpG-
rich promoters exhibit stronger TF occupancy and increased transcriptional output. TFs
such as NRF1 and GABPA bind their motif when located in CpG-rich regions, suggesting
that CpG content not only contributes to chromatin accessibility but also boosts the

binding efficiency of TFs to their target sequences (Hartl et al., 2019). Notably,
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downstream of the TSS, periodic patterns of A/T-rich dinucleotides have been observed,
resembling the sequence preferences of nucleosomal DNA (Haberle et al., 2014). This
suggests that promoter nucleotide composition plays a role in organizing local chromatin

architecture, particularly at motif-less promoters with broad initiation patterns.

1.2.2 Transcriptional bursting

Rather than being a continuous process, transcription occurs in episodic bursts defined
by a frequency and an amplitude, with each burst representing a cluster of engaged RNA
polymerases (Rodriguez and Larson, 2020). Live imaging using MS2 and PP7 loops has
shown that core promoter motifs — such as the TATA-box, Inr, MTE, and DPE — influence
transcriptional bursting. Studies in Drosophila embryos have demonstrated that distinct
promoter architectures lead to different bursting dynamics (Pimmett et al., 2021).
Enhancers also play a key role in regulating transcriptional bursting. Live imaging and
quantitative analyses have revealed that enhancers primarily modulate the frequency of
transcriptional bursts rather than their amplitude (Bartman et al., 2016; Fukaya, 2023;
Fukaya et al., 2016). Notably, in mouse cells the position of an enhancer relative to its
target promoter can control bursting frequency (Zuin et al., 2022). When enhancers are
placed closer to the promoter, bursting becomes more frequent and uniform, whereas
distant enhancers lead to more variable activity. Mathematical modeling suggests that
enhancers act by shifting the promoter into a more active state where bursts occur more
regularly, thus regulating transcriptional timing and variability at the single-cell level
(Tunnermann et al., 2025). However, a recent study also proposes that transcriptional
condensates, rather than the distance of the enhancer to the promoter, influences burst
activation (Cheng et al., 2023). Finally, also TF cooperativity, by modulating the
association probability and exchange of TFs at binding site, can strongly influence burst

frequency and duration (Pomp et al., 2024).

1.2.3 Enhancers

First identified in 1981 (Banerji et al., 1981; Moreau et al., 1981), enhancers are
segments of non-coding DNA that can be located at varying distances from the genes they
regulate, often tens to hundreds of kilobases away in the mammalian genome. In addition,
they can reside within intronic regions, upstream or downstream of a gene. Enhancers

have initially been defined as regulatory elements capable of activating transcription



independently of their orientation, distance, or position relative to the target gene. More
recently, a definition that emphasize their biological context had been introduced: in their
native genomic, cellular, and organismal environment, enhancers recruit regulatory
proteins to increase the likelihood of transcription at one or more distal genes through a
cis-regulatory mechanism (Gasperini et al., 2020). In their endogenous setting, enhancers
typically harbor multiple TFBSs or motifs, 4-6 on average (Vierstra et al., 2020).
Enhancer activation is a multistep process that begins with TFs engaging inaccessible
chromatin to make DNA accessible, a prerequisite for subsequent recruitment of
cofactors, coactivators, chromatin remodelers, and the general transcription machinery
(including Pol II) (Fuda et al., 2009). These interactions determine the activity of an
enhancer in a tissue- and time-specific manner, and thus ultimately regulate gene

expression patterns.

1.2.4 Enhancer-promoter communication

Enhancers are thought to regulate their target genes by physically interacting with their
promoters, or at least by coming into close spatial proximity (Schoenfelder and Fraser,
2019). Since enhancers are often found far away from their target gene(s) in the linear
genome, these enhancer—promoter contacts are shaped and constrained by genome
topology (Figure 4). Genome topology refers to the three-dimensional (3D) organization
of chromatin, as revealed by chromatin conformation capture technologies (among which
3C, 5C, Hi-C, Micro-C) (Dekker et al., 2002; Dostie et al., 2006; Hsieh et al., 2020;
Lieberman-Aiden et al., 2009). Chromosomes occupy distinct territories and are
organized into compartments, and at a finer scale, into topologically associating domains
(TADs) — large, self-interacting regions that are typically conserved across cell types — as
well as loops that facilitate regulatory interactions. In vertebrates, TADs and loops are
shaped by cohesin-mediated loop extrusion, regulated by the DNA-binding protein
CTCF, which anchors boundaries when bound in a convergent orientation (Figure 4)
(Ganjietal., 2018; Nora et al., 2017). Depleting CTCF or cohesin disrupts these structures
but only minimally affects gene expression (Hsieh et al., 2020; Rao et al., 2017). The
interplay between topology and transcription remains complex and context-dependent.
While structural loops are often dispensable for steady-state gene expression, certain
configurations such as enhancer—promoter loops or gene-gene loops are functionally

relevant in disease and development, respectively (Ibrahim and Mundlos, 2020; Levo et
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al., 2022).

Although individual enhancers exhibit modular features as they can act as somewhat
discrete units — they rarely operate in isolation. Instead, they often engage in non-linear,
cooperative interactions among each other and target promoters: multiple enhancers can
function redundantly, additively, or even synergistically, depending on cellular context
and proximity in the 3D nuclear space (Bolt and Duboule, 2020; Bothma et al., 2015;
Furlong and Levine, 2018).

) Enhancer

V" i)

Cohesin Promoter

Figure 4. Schematic of an enhancer—promoter loop mediated by cohesin. The cohesin complex
extrudes chromatin loops until it encounters CTCF bound to DNA, which acts as a barrier and anchors
the loop. Red rectangle: TF binding motifs, red circles: TFs.

1.2.5 Common feature between enhancers and promoters

Enhancers share with promoters a common regulatory architecture, including tightly
spaced divergent TSSs, similar frequencies of core promoter motifs, and phased
nucleosome positioning around the TSS. However, a key difference lies in both RNA
output and transcriptional directionality — while promoters primarily drive unidirectional
transcription toward the gene, producing stable transcripts with limited antisense activity,
enhancers typically exhibit bidirectional transcription and generate unstable, short-lived
transcripts known as eRNAs (Core et al., 2014). The functional distinction between
promoters and enhancers is becoming less clear, as many core promoters have been shown
to exhibit enhancer activity in various episomal assays across Drosophila, mouse, and
human cells, as well as in Drosophila embryos (Medina-Rivera et al., 2018;
Mikhaylichenko et al., 2018; Neumayr et al., 2022; Zabidi et al., 2015) and being able to
regulate regulating distant genes (Dao 2017). Also, enhancers can evolve into promoters
and promoters into enhancers — reflecting the evolutionary plasticity of these elements

(Carelli et al., 2018; Nguyen et al., 2016).



1.2.6 Identification and validation of enhancers

The identification of enhancers remains a major challenge in the field, largely due to
their dispersed nature in the non-coding genome and their highly context-dependent and
time-restricted activity. To systematically uncover putative enhancers, genome-wide
assays have been developed that exploit biochemical features associated with enhancer
activity. Techniques such as DNase-seq and ATAC-seq are commonly used to detect
accessible chromatin regions, many of which correspond to open or bound enhancers
(Minnoye et al., 2021). However, open chromatin does not necessarily indicate active
regulatory function; therefore, it is useful to also look at other markers of activity. Indeed,
these assays are often complemented by methods like ChIP-seq, that enables to study
protein-DNA occupancy genome-wide, for TFs, coactivators, or specific histone
modifications such as H3K27ac, which mark active enhancer states (Klemm et al., 2019).
However, in multicellular organisms, enhancer discovery is complicated by cell-type
heterogeneity, which masks spatiotemporal specificity when using bulk tissue. To
overcome this, FACS-sorting strategies (Reddington et al., 2020) or single-cell
approaches like scATAC-seq (Calderon et al., 2022; Cusanovich et al., 2018) are
increasingly employed to preserve resolution. Enhancers can also be identified based on
their transcriptional output, as the presence of eRNAs is often associated with enhancer
activity (Mikhaylichenko et al., 2018). Chromatin conformation capture techniques offer
an additional strategy by mapping physical contacts between enhancers and promoters
(Chen et al., 2024; Pollex et al., 2024). Yet, both eRNAs and physical interactions are not
sufficient to infer functionality also require experimental validation. This is typically
achieved through reporter-based assays, in which candidate enhancers are placed
upstream of minimal promoters driving reporter gene expression, such as massively

parallel reporter assays and STARR-seq (Inoue and Ahituv, 2015; Kvon et al., 2014).

1.3 Epigenetic regulation of gene transcription

Epigenetics refers to chromatin modifications that, while reversible and dynamic, can
also be inherited and do not alter the underlying DNA sequence. Due to such stability,
epigenetic marks serve as a form of molecular memory, preserving gene expression
patterns through cell division and ensuring the maintenance of tissue-specific functions.
In some cases, these modifications can persist across generations, a phenomenon known

as transgenerational epigenetic inheritance (Cavalli and Heard, 2019). Given their central
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role in gene regulation, epigenetic mechanisms are essential for fundamental biological
processes such as development, differentiation, and aging. Dysregulation of these
pathways has been implicated in various diseases, including cancer and
neurodegenerative disorders, highlighting their significance in both normal physiology

and disease pathogenesis (Cavalli and Heard, 2019).

1.3.1 DNA methylation

Among well-characterized epigenetic modifications in mammals is DNA methylation
(5-methylcytosine). It involves the covalent attachment of a methyl group to the fifth
carbon of the cytosine ring, typically within CpG dinucleotides, and is commonly linked
to gene silencing. It has been shown that it plays critical roles in several biological
processes, including genomic imprinting, transposon repression, X chromosome
inactivation, and the regulation of germline-specific genes (Greenberg and Bourc’his,

2019; Mattei et al., 2022).

Across species, DNA methylation shows varying degrees of conservation
(Klughammer et al., 2023; Mattei et al., 2022). In mammals, however, 70-80% of CpGs
are methylated (Meissner et al., 2008), and global DNA methylation dynamics are tightly
regulated during embryogenesis and cell differentiation (Greenberg, 2021; Ziller et al.,
2013).

DNA methylation is added and maintained by a family of enzymes called DNA
methyltransferases (DNMTs). DNMT3A and DNMT3B are mainly responsible for
adding new methylation marks during early development, while DNMT]1 ensures that
these marks are copied during DNA replication. It is a reversible modification that can be
removed passively through replication-dependent dilution or actively by the ten-eleven

translocation enzymes (including TET1, TET2 and TET3) (Mattei et al., 2022).

DNA methylation can modulate transcription through both direct and indirect
mechanisms. Recent findings indicate that at most active enhancers, SmC is not a
determining factor for enhancer function, as TFs are often capable of binding
independently of local DNA methylation levels (Kreibich et al., 2023). However, a subset
of enhancers appears to be directly regulated by DNA methylation, which can restrict
chromatin accessibility and hinder the binding of specific TFs, such as MAX-MYC
(Kreibich et al., 2023). These observations align with earlier work showing that



methylation within TF binding motifs can impair TF occupancy, as demonstrated for
CREBI and NRF1 (Domcke et al., 2015). Alternatively, methylation can be interpreted
by reader proteins such as the proteins of the Methyl-CpG-binding domain family (e.g.,
MeCP2, MBD1/2/4), which recruit chromatin-modifying complexes to reinforce
repression (Baubec et al., 2013; Nan et al., 1998). However, knockout of all four MBD
proteins in mouse ESCs resulted in only minor transcriptional changes, suggesting
additional mechanisms mediate methylation-dependent repression (Kaluscha et al.,

2022).

In summary, while DNA methylation is a key epigenetic mark associated with
transcriptional repression, its role at CREs is context-dependent. Both direct effects on
TF binding and indirect mechanisms involving reader proteins contribute to its regulatory

function.

1.3.2 Histone post-translational modifications

Another key aspect of epigenetic regulation involves histone post-translational
modifications (PTMs), which include acetylation, methylation, phosphorylation and
ubiquitination, among others (Milldn-Zambrano et al., 2022). These modifications can be
present in both the terminal tails of histones and their globular core domains, and are
regulated by three main classes of proteins: writers, which catalyze the addition of
modifications; erasers, which remove them; and readers, which recognize and interpret
specific marks to mediate downstream chromatin-based processes. The presence of
several PTMs has been associated with both positive and negative modulation of
transcriptional activity (Millan-Zambrano et al., 2022). However, the causal relationship
between chromatin marks and transcription remains a central debate in epigenetics. While
histone modifications may actively drive gene expression, others may fine-tune, maintain,
or merely reflect transcriptional states. Epigenetic marks can act individually or in
combination, but the functional consequences of these interactions — whether synergistic,
antagonistic, or neutral — are not fully understood. The effects of chromatin modifications
are highly context-dependent, varying by cell type, developmental stage, and genomic

location (Cavalli and Heard, 2019).
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1.3.3 Histone acetylation

Among these PTMs, histone acetylation has been extensively studied due to its strong
association with transcriptional activation. It is deposited by histone acetyltransferases
(HATSs), which transfer an acetyl group from acetyl-CoA to lysine residues on histone
tails (Lee and Workman, 2007). The discovery of histone acetylation dates back to the
1960s, when Allfrey et al. observed that acetylated histones reduced transcriptional
repression in calf nuclei preparations (Allfrey et al., 1964). The first HAT was later
identified in Tetrahymena thermophila macronuclei by Brownell and Allis in 1995,
highlighting a conserved role for histone acetylation in chromatin regulation (Brownell
and Allis, 1995). Acetylation neutralizes the positive charge of lysines, weakening
histone-DNA interactions and promoting a chromatin environment permissive to
transcription. Conversely, histone deacetylases (HDACs) remove acetyl groups, restoring
chromatin compaction and repressing gene expression (Shahbazian and Grunstein, 2007).
The balance between HAT and HDAC activity determines chromatin accessibility and is

critical for cellular identity and response to environmental cues.

HATs are categorized into three major families: GNAT, MYST, and p300/CBP, each
defined by distinct domain architectures and substrate specificities (Avvakumov and
Coté, 2007; Lee and Workman, 2007; Liu et al., 2008; Marmorstein, 2001; Shahbazian
and Grunstein, 2007). Members of the GNAT family contain a conserved ~160 amino
acid HAT domain and a C-terminal bromodomain, which recognizes acetylated lysine
residues. GNAT HATSs are primarily involved in transcriptional activation and acetylate
histones as well as non-histone proteins (Marmorstein, 2001). The MYST family,
possesses a larger ~250 amino acid HAT domain, a zinc-finger binding domain, and an
N-terminal chromodomain that interacts with methylated lysines, linking acetylation with
other chromatin modifications (Avvakumov and Co6té, 2007). The p300/CBP family,
which includes the transcriptional coactivators p300 and CBP, features an even larger
~500 amino acid HAT domain, in addition to bromodomains and cysteine-histidine-rich
motifs (TAZ, PHD, and ZZ domains) that facilitate protein-protein interactions and

contribute to substrate specificity.

p300/CBP acts as a central integrator of transcriptional signals and is recruited by TFs
to deposit acetylation at enhancers and promoters (Liu et al., 2008). Single-molecule
tracking in human cells revealed that p300 binding to chromatin is not driven by

individual TFs but requires the combinatorial input of multiple TF interaction domains.



Interestingly, while p300's presence depends on these multivalent TF assemblies, its
enzymatic activity may actually reduce association with chromatin (Ferrie et al., 2024).
Chemical inhibition studies have shown that p300 is involved in both RNA Pol II
recruitment and transcriptional pause release (Narita et al., 2021). Co-condensation with
TFs further links p300 to the regulation of transcriptional bursting and coordinated gene
expression (Ma et al., 2021). Together, these findings indicate that p300 contributes to
multiple stages of the transcription cycle. Interestingly, beyond its well-established
activating role, p300 has also been implicated in gene silencing through its interaction

with Polycomb complexes (Hunt et al., 2022).

Bromodomains (BRDs) are a class of evolutionarily conserved protein modules that
function as readers of lysine acetylation, thereby translating histone acetylation into
downstream regulatory outcomes. First identified in Drosophila, BRDs are found in a
wide array of chromatin-associated proteins, HATs, chromatin remodeling complexes
and transcription initiation factors (e.g., TAF1). By selectively recognizing acetylated
lysine residues on histone tails, BRDs contribute to the precise targeting and activity of
the enzymatic complexes they reside in. An example is the SWI/SNF ATP-dependent
chromatin remodeler, whose catalytic subunits — SMARCA2 and SMARCA4 — harbor
bromodomains, linking acetylation to nucleosome repositioning and chromatin
accessibility regulation (Marmorstein and Zhou, 2014). Among BRD-containing factors,
the BET (bromodomain and extra-terminal) family has emerged as a key player in
transcriptional regulation. Comprising BRD2, BRD3, BRD4, and the testis-specific
BRDT, BET proteins contain two conserved tandem bromodomains (BD1 and BD2) at
the N-terminal that bind acetylated histones and an extra-terminal domain that mediates
interactions with transcriptional co-regulators (Josling et al., 2012; Wang et al., 2023).
BRD4, in particular, plays a central role in promoting transcriptional elongation by
recruiting the P-TEFb complex to release paused RNA Polymerase II and by interacting
with Mediator subunits to coordinate enhancer-driven gene expression (Bhagwat et al.,

2016; Patel et al., 2013).

The best characterized histone acetylation mark is H3K27ac, deposited by the
acetyltransferases p300 and CBP (Liu et al., 2008). It serves as a key marker of active
enhancers and promoters, often co-occurring with H3K4mel at enhancer elements
(Preissl et al., 2023). Although widely used as a predictive marker for active enhancers,

the causal role of H3K27ac in enhancer activation remains under debate. Targeting
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transcriptional activators — such as p300 or CBP — to enhancers, leveraging CRISPR-
based method, has been shown to induce the production of eRNAs, which is typically
associated with increased mRNA expression from nearby promoters (Wang et al., 2022).
However, in some instances, transcriptional upregulation has occurred without a
corresponding increase in H3K27ac levels (Wang et al., 2022), suggesting that acetylation

may not always be required for enhancer-driven transcription.

Recent work in mESCs demonstrated that the presence of H3K27ac lowers the
concentration threshold of TFs required to induce gene expression during differentiation,
supporting a model in which acetylation modulates the responsiveness of enhancers to TF
input (Naqvi et al., 2023). Expanding on this, a recent programmable epigenome editing
system enabled systematic deposition of individual or combinatorial chromatin
modifications at defined loci in mESCs. When combined with single-cell expression
profiling, this approach revealed that the transcriptional output driven by de novo
H3K27ac is highly context-dependent. In some context, acetylation promoted
transcription, while in others it had limited or no effect. These outcomes were influenced
by the presence of specific TF motifs and likely reflect cooperativity between chromatin

modifications and TF binding (Policarpi et al., 2024).

At the mechanistic level, recent cryo-electron microscopy studies revealed that OCT4
binding induces structural changes in nucleosomes, repositioning DNA to expose
additional TF binding sites thereby facilitating the cooperative binding of OCT4 and
downstream factors. H3K27 acetylation enhances this cooperativity by modulating
interactions between OCT4’s acidic patch and the histone H3 tails, resulting in altered
DNA positioning and increased accessibility (Sinha et al., 2023). Additionally, inhibition
of histone deacetylases (HDACs) has been shown to increase chromatin accessibility,
particularly at retrotransposon regions, with increased TF binding — including factors such

as YY1, MAX, and GABPA (Cusack et al., 2020).

While H3K27ac remains the most extensively characterized acetylation mark, it is not
the only histone modification linked to active chromatin states. Other acetylated residues,
such as H3K9ac and H3K14ac, also play important roles in shaping transcriptionally
permissive chromatin environments (Gates et al., 2017; Karmodiya et al., 2012). These
modifications, catalyzed respectively by histone acetyltransferases GCN5 and PCAF, are
commonly enriched at active promoters and enhancers. Consistently, their presence has

been strongly associated with elevated transcriptional output (Gates et al., 2017;



Karmodiya et al., 2012).

1.3.4 Histone methylation

Another well-characterized histone PTM is methylation. Histone methylation involves
the covalent addition of one, two, or three methyl groups to lysine or arginine residues on
histone tails, a process catalyzed by histone methyltransferases (HMTs) and reversed by
histone demethylases (HDMs). Histone methyltransferases themselves are diverse in
structure and specificity. They are typically classified into two main families: the SET-
domain-containing enzymes, which include the majority of known HMTs such as
SUV39H1 and members of the MLL family; and the non-SET-domain enzymes,
composed of DOT1 and DOT1-like proteins, which uniquely methylates H3K79 within
the globular domain of histone H3. Notably, HMTs generally exhibit high substrate
specificity — for example, EZH2 methylates H3K27, while DOTIL exclusively targets
H3K79 (Kizer et al., 2005; Piunti and Shilatifard, 2021).

The functional outcome of histone methylation is highly context-dependent and varies
based on the specific residue modified, the degree of methylation, and the chromatin
environment in which it occurs. For instance, H3K4me3 is enriched at the transcription
start sites (TSS) of active promoters and strongly correlates with transcriptional activity
(Benayoun et al., 2014; Talbert et al., 2019). However, increasing evidence suggests that
H3K4me3 may be more a consequence than a cause of transcription, participating in a
feedback loop that facilitates Pol II pause-release and elongation (Hu et al., 2017; Wang
et al., 2023). Importantly, H3K4me3 can persist through transcriptionally inactive states,
serving as a molecular memory of previous transcriptional activity (Millan-Zambrano et

al., 2022).

In contrast, the mono-methylated form of the same residue, H3K4mel, is
predominantly found at enhancers. H3K4mel is deposited by MLL3 and MLL4 and is
present at active enhancers. It has been proposed to prime enhancers for future activation
rather than directly modulating enhancer activity (Calo and Wysocka, 2013; Dorighi et
al., 2017). Indeed, recent findings revealed that MLL3 and MLL4’s enhancer-binding
function is separable from its methyltransferase activity, and while H3K4mel levels are
reduced without catalysis, gene expression remains largely unaffected. Other histone

methylation marks such as H3K27me3 and H3K9me3 are associated with transcriptional
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repression. EZH2, the catalytic subunit of Polycomb Repressive Complex 2 (PRC2),
catalyzes the addition of the H3K27me3 mark, which mediates transcriptional silencing
by recruiting PRC1 and promoting downstream chromatin compaction (Cao et al., 2002;
Guo et al., 2021). In addition to its roles in developmental gene repression and non-
canonical imprinting, this modification also supports the stable inheritance of silenced
chromatin states across cell divisions (Escobar et al., 2019; Inoue et al., 2017a). Likewise,
H3K9me3 marks constitutive heterochromatin and contributes to gene silencing by
recruiting heterochromatin protein 1 (HP1), which drives chromatin compaction and

restricts TF binding (Allshire and Madhani, 2018; Methot et al., 2021).

Although traditionally considered a relatively stable epigenetic mark, histone
methylation displays greater plasticity than previously appreciated, particularly during
development, cellular differentiation, and environmental responses. In embryonic stem
cells, for example, bivalent loci marked at the same time by H3K4me3 and H3K27me3
poise developmental genes for activation or repression depending on lineage cues
(Bernstein et al., 2006). Additionally, H3K36me3, deposited by SETD2 and localized to
gene bodies of actively transcribed genes, has emerged as a key player in transcriptional

elongation and co-transcriptional processes (Sun et al., 2020).

Taken together, histone modifications — including both acetylation and methylation —
constitutes a highly versatile and context-specific mechanism for the epigenetic
regulation of gene expression, contributing to both the activation and silencing of genes

with temporal, spatial, and functional precision.

1.4 Studying how chromatin context shape cis-regulatory elements
activity and gene expression at scale

A central hypothesis in gene regulation is that the activity of CREs, such as enhancers
and promoters, is not solely determined by their DNA sequence but is significantly
modulated by the chromatin context in which they reside. To rigorously test this
hypothesis, and in addition to the CRISPR-base methods described in the previous
sections, recent studies have employed high-throughput reporter assays that enable
systematic integration of thousands of CREs across the genome. For example, Akhtar et

al. developed the Thousands of Reporters Integrated in Parallel (TRIP) method to assess



position effects by randomly integrating barcoded reporters in the mESCs, revealing that
gene expression varied by over three orders of magnitude depending on genomic location
(Akhtar et al., 2013). Similarly, Maricque et al. used a lentiviral Massively Parallel
Reporter Assay (MPRA) approach to show that identical regulatory sequences exhibit
dramatically different activity levels when inserted into distinct chromatin environments,
with open, transcriptionally permissive regions enhancing activity and heterochromatic
domains suppressing it (Maricque et al., 2019). Complementing these findings, Hong and
Cohen demonstrated that core promoters maintain their relative activity across genomic
locations, but their absolute output is scaled multiplicatively by the chromatin
environment, supporting a modular model of gene regulation (Hong and Cohen, 2022).
Together, these studies conclusively demonstrate that chromatin context exerts a
profound and consistent influence on CRE activity and gene expression. However, while
these approaches offer genome-wide insights into how chromatin influences
transcriptional output, they are limited in resolution. In particular, they cannot directly
assess changes in accessibility and TF occupancy at the inserted CREs in a context-
dependent manner, nor how these changes relate to transcriptional activity. Therefore,
although these studies highlight the importance of chromatin context, they also
underscore the need for assays that can integrate this information to fully uncover the

mechanistic basis of CRE function in vivo.

1.5 Measuring chromatin accessibility

Chromatin accessibility refers to the extent to which DNA is exposed and available for
interaction with regulatory proteins such as TFs. Accessible chromatin regions are
generally free of nucleosomes, while inaccessible regions are often occupied by
nucleosomes or other DNA-binding proteins. However, even within a homogeneous cell
population, chromatin accessibility can vary from cell to cell at the same genomic locus,
a feature that I will refer to as heterogeneity of accessibility. For example, an enhancer
may be open and accessible in some cells, yet remain nucleosome-bound and inaccessible
in others (Figure 5). This cell-to-cell variability complicates the study of accessibility-
dependent gene regulation and the interactions between regulatory factors. Moreover, this

can change over time, depending on the biological context.
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Figure 5. Accessibility heterogeneity. In an homogenous cell population at any given time, the same
enhancer could be either in an open or a closed state, implicating that chromatin accessibility is inherently
heterogenous.

To study accessibility across the genome, several experimental approaches have been
developed (Minnoye et al., 2021). Bulk methods like DNase I hypersensitive site
sequencing (DNase-seq) and assay for transposase-accessible chromatin using
sequencing (ATAC-seq) are widely used (Figure 6). These methods rely on enzymatic
cleavage of accessible DNA. DNase-seq uses the endonuclease DNase I, that
preferentially cuts DNA in regions of open chromatin, generating fragments that can be
sequenced to map accessible sites genome-wide. ATAC-seq instead uses a hyperactive
TnS transposase that simultaneously fragments DNA and inserts sequencing adapters into
accessible regions in a single step (Minnoye et al., 2021). Although powerful for
identifying accessible sites across many cells, these techniques average chromatin signals
across thousands or millions of cells, masking heterogeneity of accessibility at individual

CREs (Figure 6).

Single-cell adaptations of these methods, such as single-cell ATAC-seq, have been
developed (Klemm et al., 2019). These can detect differences in accessibility between
individual cells, revealing that a significant fraction of accessible regions can vary from
one cell to another. However, these methods face a major technical challenge: data
sparsity. Since each cell provides only a limited number of sequencing reads, many
regulatory regions may not be captured at all, making it difficult to distinguish whether a

site is truly inaccessible or simply not captured (Figure 7).
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Figure 6. Schematic of bulk DNase-seq and ATAC-seq. DNase-seq uses the DNase [ enzyme to double
cut DNA at open chromatin regions, while protein-bound to the DNA block the enzyme’s access for
cleavage (indicated by red crosses). After digestion, accessible regions are size selected and further
processed for library preparation and sequencing. The result is a bulk signal enriched at open chromatin
regions, known as DNase hypersensitive sites (DHS). ATAC-seq uses a hyperactive Tn5 transposase to
cut accessible DNA and insert sequencing adapters in one step. The result is a bulk signal enriched at
open chromatin regions.
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Figure 7. Schematic confronting bulk-assay and single-cell assay. Bulk assays, such as ATAC-seq,
provide a relative enrichment of chromatin accessibility at a given locus, representing the average signal
across a cell population. However, this approach cannot capture accessibility heterogeneity.
Single-cell assays can inherently detect variability across a cell population. However, due to data sparsity,
they are also limited in detecting accessibility heterogeneity, as it is impossible to distinguish false
negatives from true negatives. CREs are depicted as black rectangle. Individual reads in the single-cell
ATAC-seq are depicted as short black line.
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Single-molecule approaches — such as advanced microscopy and genomic technologies —
offer a complementary strategy to study gene regulation at single-molecule resolution
(Krebs, 2021; Nguyen et al., 2023). Among those, Single Molecule Footprinting (SMF),
provide a more direct and quantitative view of chromatin accessibility (Baderna et al.,
2025; Krebs et al., 2017, p. 20; Kreibich et al., 2023; Sénmezer et al., 2021). SMF uses
recombinant methyltransferases to label accessible cytosines on DNA. After bisulfite
treatment, which converts unmethylated cytosines to thymines, sequencing reveals which
cytosines were accessible and methylated (Kleinendorst et al., 2021). Importantly, SMF
sequences all DNA molecules regardless of their accessibility state, capturing both open
and nucleosome-bound regions (Figure 8). This allows for the detection of individual
protein-DNA interactions and provides a base-pair resolution map (~7-14bp) of
chromatin occupancy. Unlike bulk or single-cell methods, SMF does not suffer from
signal averaging or sparse coverage, making it suited to measure heterogeneity of

accessibility and TF binding across a population of cells at the single-molecule level

(Figure 8).
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Figure 8. Schematic of single molecule footprinting. Starting from a homogenous pool of cells, nuclei
are isolated and exposed to exogenous methyltransferases that methylates all accessible cytosines (not
occupied by either a protein, such as a transcription factor (TF) or a nucleosome) in a GpC and CpG
context. In the schematic, white and black circles represent methylated and unmethylated cytosines,
respectively. Methylation is then detected by bisulfite conversion (unmethylated cytosines are converted
to thymines) and sequencing, allowing inference and quantification of multiple footprints at single
molecule resolution. At the bottom, shown is the SMF signal, plotted as the inverse frequency of bulk
methylation (1-methylation (%)). All molecular states are captured enabling precise quantification of
accessibility across the cell population — in the shown example, 67% of molecules were accessible and
33% nucleosome-bound.



1.6 AIMs

Chromatin accessibility at cis-regulatory elements (CREs) is influenced by both cis-
encoded and trans-acting mechanisms. This includes short DNA motifs recognized by
transcription factors (TFs), as well as chromatin post-translational modifications. Despite
decades of research, dissecting the relative contribution of these regulatory features
remains challenging. A key difficulty lies in the concurrent binding of TFs and the
deposition of activating chromatin modifications at endogenous CREs, complicating
efforts to distinguish their specific roles in chromatin accessibility and transcriptional

activation.

To address this fundamental question, my PhD project involved the development of a
chromatin-integrated reporter assay leveraging Recombination Mediated Cassette
Exchange (RMCE) to insert CREs into predefined genomic landing pads where the
influence of chromatin modification is minimal. Combined with Single Molecule
Footprinting (SMF), this approach minimizes confounding genomic context effects,
enabling the isolation of TF binding effects and chromatin context on chromatin opening.
I investigated the intrinsic chromatin-opening potential of ubiquitously expressed
transcription factors (TFs), which typically bind promoters, and pluripotency TFs, which
often act at cell type—specific enhancers. I then tested whether this potential depends on
promoter features like CpG content and chromatin marks such as H3K4me3 and

H3K27ac.
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2. MATERIALS AND METHODS

2.1 Experimental methods

2.1.1 Cell culture

Mouse embryonic stem cells (mESCs) were cultured on dishes coated with 0.2%
gelatin (Sigma, #G-1890) in standard ES medium, consisting of Dulbecco’s Modified
Eagle Medium (DMEM), high glucose (Gibco, #41965039) supplemented with 15% FBS
Embryomax (Millipore, #ES-009-B), 20 pg/ml leukemia inhibitory factor (LIF, prepared
in house), 50 uM 2-mercaptoethanol (Merck, #M6250), 2 mM L-glutamine (Gibco,
#A2916801), and 1x MEM Non-Essential Amino Acids (Gibco, t#11140050). Cells were
maintained at 37 °C, with 5% CO2, with daily medium changes and passaged every other
day.

2.1.2 Cell lines

159 DNMT triple knockout (TKO) lines (Domcke et al., 2015), were used to generate
the reference bait-capture SMF dataset (Sonmezer et al., 2021) and ChIP-seq dataset upon
p300 inhibition. TC-1 TKO mESCs with an RMCE landing pad (129S6/SvEvTac
background; originally from A. Dean, NIH) were used for all the RMCE experiments.

2.1.3 Cell treatment
p300 complex inhibition was achieved by treating cells with 3 uM A-485 (Selleck
Chemicals, #S8740), by adding the chemical in ES medium for 24 hours. DMSO was

use as treatment control.

2.1.4 Generation of Dnmtl/3a/3b triple knockouts TC-1 line

Dnmt1/3a/3b triple knockouts (TKO) were produced in TC-1 using previously
published guide RNAs (Domcke et al., 2015). Guide RNAs were cloned into the pX459
plasmid (Addgene #48139) and transfected into the target cells. Following puromycin
selection, the resulting cell pool was screened for DNMT3a/b knockout using PCR
combined with Restriction Fragment Length Polymorphism (RFLP) analysis and

HpyCH4V digestion. Ninety-six individual clones were isolated and further screened



using the same approach. Confirmed triple mutants were further validated through
amplicon sequencing, using the primers listed below. For the TKO clone used in the
experiments described in this dissertation, digestion with a DNA methylation-sensitive
restriction enzyme was used to confirm the absence of DNA methylation. Primers used

as follow:
DNMT!1 fwd: GCAGGAGGGACACAGTCATT (Tm: 63°C)
DNMTI1 rev: AGGACTGCAACGTGCTTCTT
DNMT3a fwd: TTGGCACCTCCCAGGGTTC (Tm: 63.6°C)
DNMT3a rev: TCGGACAGTGAGTGGTGAGG
DNMT3b_fwd: CCCCCAGAGTCCAGTTCTTA (Tm: 64°C)
DNMT3b_rev: GGAAGGACCGGGCCTGAG

The generation of this TKO line was performed by Rozemarijn Kleinendorst.

2.1.5 Single Molecule Footprinting (SMF)

SMF was carried out as previously described (Kleinendorst et al., 2021). In brief,
mESCs were trypsinized, centrifuged at 314 x g for 5 minutes, and washed once with cold
PBS. For each SMF reaction, 0.25 x 10°¢ cells were used. Cell pellets were lysed by
resuspension in 1 ml of ice-cold lysis buffer (10 mM Tris-HCIL, pH 7.4-7.6; 10 mM NacCl;
3mM MgClz; 0.1 mM EDTA; 0.5% IGEPAL CA-630) and incubated on ice for 10
minutes. Nuclei were pelleted by centrifugation at 1,000 % g for 5 minutes at 4 °C, washed
with 250 ul of ice-cold wash buffer (10 mM Tris (pH 7.4-7.6), 10 mM NaCl, 3 mM MgCl
2, 0.1 mM EDTA), and centrifuged again under the same conditions. The nuclei were

resuspended in 94.5 pl of 1x M.GpC buffer and kept on ice.

GpC methylation was initiated by adding 150 ul of freshly prepared GpC
methyltransferase mix (1xM.GpC buffer, 300 mM sucrose, 64 uM S-adenosylmethionine
(SAM — NEB, #B9003S) and 50 pl of M.CviPI (NEB, #MO0227L). The reaction was
incubated at 37 °C for 7.5 minutes. Subsequently, 25 ul of additional M.CviPI and 4 pl

SAM were added, and the reaction was continued for another 7.5 minutes at 37 °C.

For CpG methylation, 3.5 pul of 1 M MgClz, 15 pl of M.Sssl, and 4 ul SAM were added

sequentially, followed by a 7.5-minute incubation at 37 °C. The reaction was then stopped
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with 300 pl of prewarmed stop solution (20 mM Tris-HCI pH 7.9, 600 mM NacCl, 1%
SDS, 10mM EDTA) and 6 ul of proteinase K. Samples were briefly vortexed and
incubated overnight at 55 °C.

The following day, DNA was extracted using phenol—-chloroform. To remove RNA
contamination, 1 pul of RNase A (10 mg/ml) was added, and samples were incubated at
37 °C for 30 minutes. DNA concentration was determined using the Qubit 1X dsDNA

High Sensitivity Assay, and purity was assessed using a Nanodrop spectrophotometer.

Library preparation and targeted enrichment of cis-regulatory elements were carried
out using the SureSelect XT Mouse Methyl-Seq Kit (Agilent Technologies, version EO,
April 2018, #G9651A), following the protocol detailed in Kleinendorst et al. (2021a).
Enriched DNA was bisulfite converted using the EZ DNA Methylation-Gold Kit (Zymo,
#D5005), followed by PCR amplification and indexing with components from the
SureSelect XT Mouse Methyl-Seq Kit (Agilent, #G9651A). Final libraries were
sequenced on an Illumina NextSeq500 platform using 150 bp paired-end reads.

For targeted SMF at the ectopic locus, genomic DNA was extracted and subjected to
bisulfite conversion using the Qiagen Epitect Bisulfite Kit (Qiagen, #5910), following the
manufacturer's instructions. Targeted PCR amplification was carried out using KAPA
HiFi Uracil+ polymerase (Roche, #KK2802) with the following thermal cycling protocol:
95 °C for 4 minutes; 35 cycles of 98 °C for 20 seconds, 60 °C for 15 seconds, and 72 °C
for 20 seconds; followed by a final extension at 75 °C for 5 minutes. Amplified DNA was
purified using AMPure XP beads (Beckman Coulter), and libraries were prepared using
the (New England Biolabs, #E7645L). Sequencing was performed on an [llumina MiSeq
platform using 250 bp paired-end reads.

For the genome-wide p300 inhibition experiments, I performed the chemical inhibition
using A-485 (and DMSO as control) in the cells and performed the Single Molecule
Footprinting procedure. After, Rozemarijn Kleinendorst processed the sample from DNA

extraction to library preparation and sequencing submission.

2.1.6 Cross-link ChIP-seq
Cross-link ChIP-seq was carried out as previously described (Trovato et al., 2024). In
brief, for cell fixation, 10 million mESCs were cross-linked in 3 ml of pre-warmed ES

medium containing 1% formaldehyde () for 10 minutes at room temperature. Cross-



linking was quenched with glycine to a final concentration of 125 mM, followed by a 10-
minute incubation at room temperature. Cells were washed twice with ice-cold PBS
supplemented with 10% FBS (Millipore, #ES-009-B), centrifuged at 200 x g for 5
minutes at 4 °C. After, fixed cell pellets were resuspended in 300 pl of Sonication Buffer
1 (50 mM Tris-HCI, pH 8.0; 0.5% SDS) and sonicated using a Bioruptor Pico for 15
cycles (30 s ON /30 s OFF).

Sonicated chromatin was diluted to a final volume of 1.8 ml using Lysis Buffer
(10 mM Tris-HCI, pH 8.0; 100 mM NaCl; 1% Triton X-100; 1 mM EDTA; 0.5 mM
EGTA; 0.1% sodium deoxycholate; 0.5% N-lauroylsarcosine) supplemented with 1x
protease inhibitor cocktail (PIC, Merck #11836170001). Samples were centrifuged at full
speed for 10 minutes at 4 °C, and the supernatants were transferred to fresh tubes and
stored on ice or frozen in 10% glycerol. A 2.5% aliquot of the supernatant was reserved

as input, and fragmentation (~150-500 bp) was assessed on a 2% agarose gel.

For immunoprecipitation (IP), 30 ul of Protein G beads (Thermo Fisher, #10003D)
were prepared per IP by washing twice with 1 ml PBS-T (PBS + 0.01% Tween-20) at
4 °C, each for 1 minute with rotation. Beads were resuspended in PBS-T and incubated
for 1 hour at room temperature with the H3K27ac antibody (Abcam, ab4729) on a rotator.
Antibody-bound beads were washed once with PBS-T and twice with Lysis Buffer
(supplemented with PIC). For each IP, 15 pg of chromatin were used. The antibody-bead
complexes were added to chromatin, after resuspension in 30 ul Lysis Buffer and
incubated overnight on a rotator at 4 °C. For normalization purposes, 1 ug of Drosophila
Schneider 2 cell chromatin was added to each IP as spike-in. Of note, Drosophila

chromatin was obtained with the same protocol described for mESCs.

The next day, immunoprecipitated complexes were washed twice for 5 minutes each
with 1 ml of the following buffers: RIPA (10 mM Tris-HCI pH 8.0, 1% Triton X-100,
0.1% sodium deoxycholate, 0.1% SDS, 1 mM EDTA, 140 mM NacCl), RIPA High Salt
(same composition with 360 mM NaCl), and LiCl Buffer (10 mM Tris-HCI pH 8.0,
250 mM LiCl, 0.5% NP-40, 0.5% sodium deoxycholate, | mM EDTA). Beads were then
rinsed with Buffer C (10 mM Tris-HCIL, pH 8.0; 10 mM EDTA) and resuspended in 100 pl
ChIP Elution Buffer.To digest RNA and protein, beads were treated with 2 ul RNase A
(10 mg/ml, Sigma #R6513) at 37 °C for 30 minutes, followed by 1.5 ul Proteinase K
(20 mg/ml, Sigma #124568) at 55 °C for 1 hour with shaking. Reverse cross-linking was
performed by incubating the samples at 65 °C overnight. DNA was purified using 1.4x
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SPRIselect beads and eluted in 50 ul ChIP Elution Buffer. Library preparation was carried
out by using the NEBNext Ultra I DNA Library Preparation Kit (New England Biolabs,
#E7645L) and sequenced on the Aviti Cloudbreak Low platform with 2x150 bp reads

(250 million clusters per run).

2.1.7 DNA Library design and cloning

The library design is described in the Results section. The 250 bp sequences of interest
were synthesized as a single-stranded oligonucleotide pool by Twist Bioscience. Each
sequence was flanked by two synthetic adapter sequences to enable PCR amplification of
the pooled library using primers, and subsequent cloning into the receiving plasmid. The
oligo pool was PCR-amplified according to the manufacturer’s instructions and cloned
into a RMCE plasmid using the In-Fusion cloning system (Takara, #638947). This RMCE
plasmid includes asymmetric Lox sites, a minimal promoter driving expression of a

reporter gene (i.e., GFP), and flanking priming sites compatible with targeted SMF.
PCR primers used:
Fwd: TGATGAGCCAGTGATATCCATCG

Rev: AGCTGGCTAGCTTAATTAACTATCG

2.1.8 DNA Library insertion in the mouse genome

TC-1 ES cells previously engineered with a landing pad for targeted insertion via
RMCE (Lienert et al., 2011) were used following the generation of the DNMT triple-
knockout (TKO) background, as previously described in the Method section. To precisely
map the genomic integration site of the landing pad, targeted locus amplification coupled
with next-generation sequencing was carried out (Cergentis), revealing the insertion at
mouse chromosome 2:130,098,005-130,098,011. For site-specific integration of DNA
libraries into the mouse genome, RMCE was employed as previously described (Krebs et
al., 2014, p. 20). TC-1 DNMT TKO embryonic stem cells were first selected with
250 pg/ml hygromycin (Roche, Switzerland) for 14 days. Subsequently, the Amaxa 4D-
Nucleofector Core Unit (Lonza) was used to nucleofect 50 million cells with 300 pg of
the plasmid DNA library and 180 pg of the pIC-CRE expression plasmid. Two days post-
nucleofection, cells were subjected to selection with 3 uM ganciclovir (Selleckchem,

#S1878) for 10 days.



2.1.9 Barcodes amplification

From the cell pool containing the inserted DNA library, genomic DNA (gDNA) was
extracted using a phenol-chloroform protocol, while total RNA was isolated with the
RNeasy Kit (Qiagen, #74104) following the manufacturer’s instructions. On-column
DNase treatment was included to ensure complete DNA degradation. Then, RNA was

retro-transcribed using the PrimeScript RT Reagent Kit (Takara, #RR047A).

Barcodes were amplified from both gDNA and cDNA using two consecutive PCR
reactions. PCR1 was carried out with 20 ng of gDNA or 100 ng of cDNA as input, using
the following cycling conditions: 95 °C for 5 minutes; 20 cycles of 95 °C for 45 seconds,
70 °C for 20 seconds, and 72 °C for 30 seconds; 72 °C for 5 minutes as the final extension

step. Primers used for PCR1 were:
Fwd: CTCTTTCCCTACACGACGCTCTTCCGATCTTCCTGCTGGAGTTCG
Rev: CTGGAGTTCAGACGTGTGCTCTTCCGATCTCGTTTAAACTGTCGACCG

PCR2 was performed using 10 uL. of PCRI1 product as input, with the same cycling
conditions. For indexing, NEBNext Multiplex Oligos for Illumina (NEB, #E7335L) were
used as primers. The final library was sequenced on an Illumina NextSeq2000 platform

using 100 bp single-end reads.

2.1.10 Barcode-to-CRE assignment

Following cloning of the CRE library, the plasmid pool was linearized using the
restriction enzyme Bael (NEB, #R0613S) to enable barcode-to-CRE assignment. The
linearized library was then sequenced on a PromethION flow cell (R.10.4.1) using
Nanopore technology, with library preparation and loading performed according to the
manufacturer’s instructions. I performed library preparation and loading, while Kasit

Chatsirisupachai performed the analysis to assign each barcode to a CRE.

2.2 Computational analysis

2.2.1 ChlP-seq — Data Pre-processing and analysis
To remove Illumina adapter sequences and low-quality bases, raw sequencing reads

were trimmed with TrimGalore (v0.6.7). Reads were then aligned to the Mus musculus
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reference genome (BSgenome.Mmusculus.UCSC.mm10). The alignment step was
performed using the QuasR R package, which utilizes Bowtie as the underlying aligner
with the following parameters: -m 1 -e 70 -X 1000 -k 2 --best --strata. Only reads with
unique mapping coordinates were retained. After, PCR duplicates were identified and
removed using the MarkDuplicates tool from Picard (v3.1.0). Normalized signal coverage
tracks were generated in bigWig format using deepTools bamCoverage (v3.5.0) with a
bin size of 50 bp. For the H3K27Ac ChIP-seq experiments including exogenous
Drosophila spike-in, reads were also aligned to the Drosophila reference genome
(BSgenome.Dmelanogaster.UCSC.dm6) and processed identically. Normalization
factors were then calculated by taking into account the number of uniquely aligned reads
mapping to major chromosomes in both input and immunoprecipitated (IP) samples — for
both mouse and Drosophila genomes — as follow: aligned reads x (target IP / spike-in IP)
x (spike-in input / target input) (Patel et al., 2024). The resulting normalization factors
were applied during bigWig file generation to scale the ChIP-seq signal accordingly.

To quantify changes in H3K27Ac levels between DMSO- and A-485-treated samples,
read counts were obtained over 2 kb windows centered on regions pooled down during
the SMF bait-capture step. This step was performed using the qCount function from the
QuasR package. These count matrices were then analyzed using the DESeq2
Bioconductor package (Love et al., 2014) to identify differential regions. P-values were
corrected for multiple testing using the Benjamini-Hochberg method, and log2 fold
changes in H3K27Ac signal were used to evaluate the effect of p300 inhibition across the

targeted genomic regions.

2.2.2 Bait-Capture SMF — Data Pre-processing

To remove Illumina adapter sequences and low-quality bases, raw sequencing reads
were trimmed with TrimGalore (v0.6.7). Reads were then aligned to the Mus musculus
reference genome (BSgenome.Mmusculus.UCSC.mm10). The alignment step was
performed using the QuasR R package, which utilizes Bowtie as the underlying aligner
with the following parameters: -m 1 -e 70 -X 1000 -k 2 --best --strata. Only uniquely
reads with unique mapping coordinates were retained. After, PCR duplicates were

identified and removed using the MarkDuplicates tool from Picard (v3.1.0).



2.2.3 Targeted SMF at the Ectopic Locus — Data Pre-processing

Amplicon SMF sequencing reads were initially processed with TrimGalore (v0.6.7) to
remove [llumina adapter sequences and low-quality bases. Reads shorter than 20 bp after
trimming were excluded. Residual plasmid backbone sequences were removed using a
custom R script, through a strategy based on the position of the targeted SMF primers.
Once the sequencing adapters were removed, SMF primers were matched in each read
pair: the first nucleotide of each read had to correspond to the first nucleotide of the
primers. Knowing that the backbone spans 42 bases and 129 bases from the forward and
reverse primers respectively, these lengths were trimmed from the reads according to the
identity of the primer matched. The resulting trimmed reads were aligned to the mouse
reference genome (BSgenome.Mmusculus.UCSC.mm10) using the qAlign function from
the QuasR package, with the following alignment parameters: -e 70 -X 1000 -k 2 --best --
strata. Duplicate reads were identified based on identical cytosine methylation patterns

and removed using custom R-based filtering functions.

2.2.4 SMF — Methylation Calling

Methylation calls at single-cytosine resolution were performed using the
CallContextMethylation  function from the development version of the
SingleMoleculeFootprinting Bioconductor package, restricted to cytosines covered by at

least 20 reads.

2.2.5 SMF — Footprint Detection and Quantification Using FootprintCharter
For each genomic region (tile), individual molecules covering the locus were
extracted, and their binary methylation profiles were smoothed using a 40 bp sliding
window. Pairwise Euclidean distances between molecules were then computed using the
parDist function from the parallelDist R package. Unsupervised clustering was applied to
the resulting distance matrix using the k-medoids algorithm via the pam function from
the cluster package. Up to 12 clusters were generated per locus, with a minimum of five
molecules per cluster. Clustering was performed on pooled data from paired samples to

enable direct comparison of molecular state frequencies.

For each partition, the bulk methylation signal was calculated and used to detect

footprints, defined as stretches of cytosines found unmethylated in at least 50% of the
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molecules. TF footprints were defined as unmethylated stretches of cytosines spanning
1275 bp, present in at least 50% of molecules in the cluster. Nucleosome footprints were
defined as unmethylated stretches exceeding 120 bp. Any footprints supported by fewer
than five molecules, or lacking at least one methylated cytosine on either side, were

excluded from analysis to ensure robust detection.

This step of the analysis was performed by Guido Barzaghi.

2.2.6 SMF — Calculation of Chromatin Accessibility Frequency
For each TF motif, the fraction of molecules displaying continuous accessible regions
— defined as the absence of detectable footprints — was quantified. Accessible stretches

longer than 100 bp were used to classify molecules as active.

This step of the analysis was performed by Guido Barzaghi.

2.2.7 SMF — Single Locus Plots
Bulk SMF plots for individual loci were generated using the PlotAvgSMF function

from the SingleMoleculeFootprinting Bioconductor package.

2.2.8 TFBS Annotation

Transcription factor binding sites (TFBSs) were identified by scanning the mouse
reference genome using position weight matrices (PWMs) for vertebrate TFs obtained
from the JASPAR database (Sandelin, 2004), accessed via the JASPAR2016
Bioconductor package (Mathelier et al., 2016). PWM-based motif scanning was
performed using the TFBStools package (Tan and Lenhard, 2016), and matches with a
score >10 were retained for downstream validation. To identify active binding sites,
public ChIP-seq datasets were used to filter hits for 15 transcription factors: BANP,
CTCF, E2F1, ESRRB, FOXD3, MAFK, MYC, NFYA, NRF1, OTX2, REST, STATS3,
YY1, ZIC3, and ZFX. Predicted binding sites for OCT4, SOX2, and KLF4 were taken
from Avsec et al. (2021). For consistency with other TFs, these motifs were re-scored
using the corresponding JASPAR PWMs and validated against the ChIP-nexus datasets
provided in the same study. In cases where PWM scanning produced overlapping motif

predictions, only the match with the highest PWM score was retained for further analysis.



This annotation was performed by Guido Barzaghi. For a comprehensive list of the
used ChIP-seq datasets, see TableS1 of (Baderna et al., 2025), as more then 150 datasets

were integrated.

2.2.9 CRE annotation via ChromHMM

Genome-wide chromatin state annotations for mESCs were obtained from a 12-state
ChromHMM model described in (Pintacuda et al., 2017). For downstream analysis, states
were grouped into broader functional categories: CTCF (1 _Insulator), intergenic
(2_Intergenic), enhancer (4 Enhancer, 8 StrongEnhancer, 11 WeakEnhancer), and

promoter (7_ActivePromoter).

2.2.10 Quantification of TF Motifs at CREs

The number of transcription factor motifs present at CREs was determined using the
Arrange TFBSs_clusters function from the SingleMoleculeFootprinting Bioconductor
package. A curated list of bound motifs (see the ‘TFBS Annotation’ paragraph) was
supplied to the TFBSs argument. To constrain motif clustering, the parameter

max_cluster width was set to 300 and the max_cluster size was set to 10.

2.2.11 Statistical Testing and Correlation Analysis
Statistical comparisons of chromatin accessibility frequencies were performed using
the Wilcoxon signed-rank test, as implemented in R. Pearson correlation coefficients were

calculated using the cor function in R with the method set to "pearson".

2.2.12 Data Visualization
Heatmaps were generated with the pheatmap package in R (Gu et al., 2016). Boxplots,
scatterplots, volcano plots, density plots, violin plots, and genomic track visualizations

presented in the manuscript were created using the ggplot2 package in R.
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3. RESULTS

Transcription Factor (TF) binding events occur within a complex genomic
environment, defined not only by specific partner TFs, but also shaped by the level of
activating and repressing histone post-translational modifications (PTMs). TF binding
and the deposition of activating chromatin marks often occur simultaneously at
endogenous cis-regulatory elements (CREs), making it challenging to disentangle their
individual contributions to chromatin accessibility. To disentangle the effect of TF
binding on chromatin accessibility from the influence of the broader chromatin context,
it is essential to study TF function within chromatin under controlled conditions where
histone PTMs are either identical or potentially absent. To address this, I combined
Recombination Mediated Cassette Exchange (RMCE) with Single Molecule Footprinting
(SMF) (Krebs et al., 2017; Sonmezer et al., 2021; Kleinendorst et al., 2021; Krebs, 2021).
RMCE enables the insertion of thousands of different DNA sequences at the same locus
(or "landing pad"), while SMF marks chromatin accessibility along single DNA
molecules through methylation of accessible cytosines with recombinant
methyltransferases. Methylation is then detected by bisulfite conversion (i.e.,
unmethylated cytosines are converted to thymines) and sequencing, enabling inference of

chromatin accessibility frequency at genomic loci.

3.1 Library design and insertion

To assess the ability of CREs to recruit TFs and open chromatin using RMCE
combined with SMF, I started by designing a library of elements to test. Using annotated
open regulatory elements (DNAse hypersensitive sites, DHS) in mouse embryonic stem
cells (mESCs) from published DNase-seq data (Domcke et al., 2015), I selected 6,080
elements, the majority of which are active regulatory regions such as promoters and
enhancers, from different genomic context (Figure 9A, step 1). I further refined the
selection by focusing on various categories of CREs, such as enhancers bound by
pluripotency TFs (e.g., SOX2, OCT4, KLF4, MYC, MAX) as representative examples of
cell-type-specific enhancers, and promoters bound by ubiquitously expressed TFs like
NRF1, NFY, and YY1 (Figure 9B-C). Additionally, I included CTCF-bound loci as a
positive control, as CTCF motifs have been shown to autonomously drive chromatin
opening (Grand et al., 2024). SMF is agnostic to the identity of the TFs binding the DNA

and therefore has to be complemented with orthogonal methods. For this reason, all the



selected CREs were required to have confirmed TF binding — based on ChIP-seq datasets
— and to contain a sufficient number of GpC and CpG dinucleotides to enable high-
resolution SMF and thus accurate measurements of chromatin accessibility, while
minimizing the overrepresentation of CpG islands (Figure 9D). Finally, all selected
regions were required to be covered in our reference bait-capture SMF dataset —
previously generated in the lab by Can Sonmezer and Rozemarijn Kleinendorst
(Sonmezer et al., 2021) — allowing for direct comparison of chromatin accessibility

between ectopic and endogenous sequences.

The library was synthesized as a single stranded oligo pool, PCR amplified and cloned
into a receiving plasmid flanked by asymmetric tandem lox sites, enabling its insertion
into the genome through RMCE (Figure 9A, step 2). After, I integrated the library at a
landing pad (hygromycin-thymidine kinase (Hy-TK) cassette also flanked by asymmetric
tandem lox sites) that was previously used to study transcription regulation, TF binding,
and the establishment of epigenetic marks (Butz et al., 2022; Grand et al., 2024; Hartl et
al., 2019; Krebs et al., 2014; Lienert et al., 2011). Before integrating the library, I
confirmed that the landing pad is located in a region lacking both activating and repressive
chromatin marks — a locus that I then define as neutral — by leveraging a service provided
by Cergentis (that couples targeted locus amplification with next generation sequencing)
to genotype the precise location of the landing pad. The landing pad was mapped at mouse
chr2:130,098,005-130,098,011 within a region that is gene poor, with neither active nor
repressive chromatin marks, and with no active transcription (Figure 9E-F). After
nucleofection, negative selection with ganciclovir was used to enrich successful insertion
events (Figure 9A, step 3). Nucleofected mESCs were treated with ganciclovir. In cells
where the insertion did not occur, the Hy-TK cassette was not replaced by the library and
remained at the landing pad. As a result, thymidine kinase (TK) was still expressed and
converted ganciclovir into its monophosphate form, which was subsequently
phosphorylated by endogenous kinases into a toxic triphosphate. This toxic form was
incorporated into DNA during replication, leading to chain termination and apoptosis.
This negative selection approach avoids the possible impact on chromatin accessibility of
active transcription from a selection marker at the ectopic site, which can occur with

positive cell selection.
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Figure 9. Design and composition of the CRE insertion library.

(A) Schematic overview of the experimental approach designed to investigate how TF binding and
chromatin context influence CRE accessibility. A library of 6,080 DNA fragments covering genomic
CREs is synthesized and cloned into a plasmid containing asymmetric tandem lox sites to allow RMCE.
The pooled fragments are integrated into a predefined neutral genomic landing pad. Following negative
selection, cells with successful recombination are enriched, generating a polyclonal population in which
each cell carries a single insert. Accessibility of the inserted sequences is then measured using targeted
SMF and compared to their corresponding endogenous loci.

(B) Stacked barplot showing the composition of the library based on ChromHMM annotation.

(C) Table summarizing TF identities and the number of their motif occurrences in the library.

(D) Stacked barplot showing the proportion of CpG islands present in the library.

(E) Targeted Locus Amplification (TLA) signal plotted across the mouse genome, with chromosomes
and chromosomal position indicated. The landing pad is integrated at chr2:130,098,005-130,098,011.
(F) Genome browser view showing the levels of H3K27Me3, H3K4Me3, H3K27Ac, H3K4Mel,
chromatin accessibility profiles (as DHS peaks) and gene annotation at the neutral landing pad
(chr2:130,075,508-130,120,508; 40 kb window).

3.2 Optimization of SMF analysis for complex insert libraries using
methylation-based PCR deduplication

Following the generation of the polyclonal cell pool carrying the DNA library, I
assessed chromatin accessibility at the integration site. To this aim, I leveraged a targeted
SMF approach, which uses primers designed to bind a synthetic sequence adjacent to the
insert. This strategy enables for unambiguous distinction between the ectopic and
endogenous loci (Figure 9A, step 4). After alignment to the mouse genome, I recovered
2,446 out of the 6,080 DNA fragments present in the library (Figure 10A). This recovery
rate is consistent with expectations based on a simple simulation modelling the RMCE
process (Figure 10B). The simulation takes into account the initial complexity of the
library (i.e., 6,080 DNA fragments), the approximate insertion rate per nucleofection
(~330), the insertion redundancy (i.e., out of 6,080 DNA fragments, the same one can be
inserted multiple times across different nucleofections among the ~330 inserted, so not
every insertion event lead to a new unique fragment being recovered) and 20%
background noise (i.e, because the cloning efficiency is not 100%, plasmids without any
DNA fragment can still be present in the population and get inserted, reducing the
effective diversity of recovered fragments). It predicted an average recovery of
approximately ~2,300 unique modules, placing the observed value within the expected

range (Figure 10B).

In classic targeted amplicon-SMF experiments, PCR duplication is generally not a
major concern. First, SMF quantifies protein occupancy based on the ratio of methylated
to total molecules at each site, inherently correcting for amplification biases — provided
that methylated and unmethylated are equally affected. Second, the target locus is present

in all cells (typically in two copies, one per allele), ensuring high template abundance.
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Figure 10. Quantification and modeling of CRE recovery following RMCE and SMF.

(A) Heatmap showing log2 transformed coverage values for the DNA fragments present in the library.
Coverage values were obtained from aligned SMF data. Rows were sorted in descending order based on
total coverage, and no clustering was applied. The color scale represents the log2 of the coverage.

(B) Simulation of expected unique insertion recovery after RMCE. Histogram showing the distribution of
adjusted unique DNA fragment insertions across 1,000 simulated trials. Each simulation modeled 12
nucleofections with 330 insertions per nucleofection, sampled with replacement from a library of 6,080
elements. The simulation accounts for insertion redundancy (i.e., the same fragment can be inserted
multiple times across nucleofections, so not all insertions are unique) and background noise (i.e., due to
cloning efficiency not being 100%, some plasmids without a cloned DNA fragment may still be present in
the plasmid pool and get inserted at the landing pad). A 20% background correction was applied to the total
number of unique insertions in each trial. The resulting distribution represents the expected range of
recovered unique elements under these experimental conditions.

However, this assumption breaks down in pooled RMCE-based assays, where each
inserted element is present in only a small fraction of the cell population. As a result, the
effective concentration of each DNA fragment is reduced, leading to a lower template
complexity to start with. Under these conditions, PCR amplification frequently generates
PCR duplicates, which limits the number of unique molecules per DNA fragments and
constrains the subset of fragments with sufficient coverage for robust SMF analysis
(Figure 11A). To overcome this limitation, together with Guido Barzaghi (former Ph.D.
student in the lab), we developed a method to identify and remove PCR duplicates based
on cytosine methylation patterns. Although bisulfite conversion typically has an
efficiency of >95%, during this procedure two types of error can occur: unmethylated
cytosines are not converted to thymines (false negative) and methylated cytosines are
converted to thymines (false positive) (Figure 11B). This phenomenon introduces a low
but consistent error rate that acts as a molecular fingerprint. Based on the library design,
each 250 bp fragment contains, on average, approximately 40 cytosines in a non-
methylable context and 30 cytosine in a methylable context (i.e., not targeted and targeted
by the methyltransferase, respectively) (Figure 11C). This provides a sufficient number
of bisulfite-sensitive positions to reliably distinguish individual molecules by their
conversion patterns. The probability that two independent molecules exhibit the identical
error pattern purely by chance is therefore extremely low (less than 1%). This allows us

to distinguish true biological duplicates from technical PCR artifacts with high



confidence, reducing the risk of including PCR duplicates that could bias the measure of
accessibility frequency during SMF analysis (Figure 11D). Using this strategy, I

recovered ~400 well-covered DNA fragments from a total of ~2500 insertions.
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Figure 11. Validation and application of a methylation-based PCR duplicate removal strategy for SMF.
(A) Top: average SMF signal (1-methylation %) for a representative locus on chromosome 5, based on 80
reads with PCR duplicates retained. Each cytosine is represented as a black dot. Bottom: corresponding single-
molecule stack plot displaying methylation status for each cytosine (black = unmethylated, gray =
methylated).

(B) Schematic of bisulfite conversion and error types. Unmethylated cytosines are expected to convert to
thymines, while methylated cytosines are protected. Errors introduced during bisulfite conversion (e.g., failed
or inappropriate conversions) serve as molecular fingerprints for identifying unique molecules.

(C) Density plot showing the distribution of cytosine counts in methylable and non-methylable contexts across
all 6,080 DNA fragments in the library. Blue and red dashed lines indicate the average of methylable and non-
methylable cytosines, respectively.

(D) Top: average SMF signal (1-methylation %) for a representative locus on chromosome 5, after PCR
deduplication (25 reads). Each cytosine is represented as a black dot. Bottom: corresponding single-molecule
stack plot displaying methylation status for each cytosine (black = unmethylated, gray = methylated).

3.3 Benchmarking parallel chromatin accessibility quantification at
ectopic loci using CTCF

A key pre-requisite of the system I implemented is the ability to directly compare the
chromatin accessibility of ectopically inserted CREs with their endogenous counterparts.
The reference endogenous SMF bait-capture covers over 60% of active promoters and
enhancers in mESCs (Sonmezer et al., 2021). For the analysis of this dataset, Guido
Barzaghi annotated TFBSs genome-wide (Mathelier et al., 2016) and classified the motifs
for 18 TFs expressed in mESCs as bound or unbound, based on ChIP-seq and ChIP-nexus
datasets that are publicly available (see ‘TFBS annotation’ in the Methods for details).
Then, he quantified chromatin accessibility at single-molecule resolution using

FootprintCharter, an unsupervised algorithm that he developed during his PhD (Barzaghi
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et al., 2025). Unlike supervised approaches that require prior knowledge, this method
does not rely on predefined annotation of motifs in the genome. Instead, it analyzes
single-molecule methylation patterns directly: it clusters molecules based on their
methylation profiles and identifies protected regions — interpreted as TF or nucleosome
footprints — based on local SMF signals and footprint size (Figure 12A). This enables the
estimation of chromatin occupancy frequencies across cell populations with high
resolution and flexibility. This information is then complemented with the annotated
TFBSs, allowing us to determine the accessibility of each individual motif. Importantly,
footprints are not detected for all TFs and depend on the presence of cytosines near their
binding sites (Kleinendorst et al., 2021; Sonmezer et al., 2021). Therefore, to ensure
uniform analysis across all TFs, molecules were classified solely based on the absence or
presence of nucleosome footprints, with those containing TF footprints categorized as

accessible, unless specified otherwise.
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Figure 12. Quantification of chromatin accessibility at ectopic CREs using FootprintCharter.
(A) Schematic overview of the FootprintCharter algorithm. The method applies unsupervised partitioning
to detect and quantify TF and nucleosome footprints from single-molecule methylation data. Chromatin
accessibility frequencies are inferred based on the presence and width of protected regions, with molecules
containing TF footprints classified as accessible.

(B) Heatmap showing correlation of GpC and CpG methylation at inserted CREs between two biological
replicates (R1 and R2) in the RMCE mESCs. The Pearson correlation coefficient R is reported.

(C) Heatmap showing correlation of GpC and CpG methylation patterns at five endogenous control loci
across two biological replicates (R1 and R2) in the RMCE mESCs and the reference mESC dataset. The
Pearson correlation coefficient R is reported.

(D) Density plot showing the distribution of chromatin accessibility (CA) frequencies for CTCF-bound
fragments (n=111) at endogenous (grey) and ectopic (red) loci. (E) Shown is the average SMF signal (1 —
methylation %) at a representative CTCF-containing fragment (black rectangle) at its endogenous (grey)
and the ectopic loci (red).

(E) Shown is the average SMF signal (1 — methylation %) at a representative CTCF-containing fragment
(black rectangle) at its endogenous (grey) and the ectopic loci (red).



To enable direct comparison with the genome-wide SMF measurements, accessibility
frequencies at the ectopic locus were quantified using FootprintCharter. This
quantification step was carried out by Guido Barzaghi using the tool that he developed,
while all upstream and downstream analyses were performed by me. With this strategy, I
measured chromatin accessibility reproducibly across hundreds of distinct fragments in
parallel when inserted at the ectopic locus (Figure 12B). In each experiment, I profiled
chromatin accessibility at five endogenous control loci along with the ectopic locus.
These endogenous loci are internal controls to confirm that the footprinting procedure
was successful, as their signal should match the reference SMF data (Figure 11C).
Therefore, any observed differences between the endogenous and ectopic loci can be

attributed to biological factors rather than batch effects in the SMF protocol.

To further evaluate the capability of the method in detecting chromatin accessibility at
the ectopic site, I first focused on CTCF-bound loci. This choice was based on recent
findings showing that CTCF motifs alone are enough to drive chromatin opening when
inserted at the same ectopic locus used in this study (Grand et al., 2024). A strong
agreement was observed between ectopic and endogenous CTCF motif loci (Figure 12D),
with a visible TF footprint and comparable levels of chromatin accessibility (Figure 12E).
These results validate the method’s ability to precisely quantify chromatin accessibility

frequencies across hundreds of sequences in parallel integrated at a single ectopic site.

3.4 Chromatin accessibility is only partially re-established at the ectopic
locus

I then analyzed all ectopic CREs that do not contain CTCF motifs and systematically
assessed how their chromatin accessibility compared to that of their endogenous,
sequence-identical counterparts. Notably, 97% of the ectopic inserts exhibited
accessibility over the background, which was defined based on the accessibility level at
unbound motifs (14%; calculated by Guido Barzaghi (Baderna et al., 2025)). Of these
accessible sites, 42% showed comparable accessibility frequencies between the ectopic
and endogenous loci (Figure 13A and Figure 13B), whereas the remaining 58% were less
accessible when inserted ectopically (Figure 13A and Figure 13B). For instance, the Phc3
promoter displayed nearly identical chromatin accessibility and TFs footprints in both

contexts (Figure 13C), while the Elp6 promoter only partially reproduced accessibility at
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the ectopic locus (Figure 13D). These results suggest that while short (250 bp) CREs often
retain functional information sufficient for chromatin opening, full recapitulation occurs
in only about half of the cases. When grouped by CRE category, I observed a significant

reduction in accessibility at both enhancers and promoters (Figure 13E).
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Figure 13. CREs generally lose accessibility when inserted at the ectopic locus.

(A) Stacked barplot displaying the distribution of DNA fragments (excluding CTCF-bound sites) across
accessibility categories at the ectopic locus relative to their endogenous counterparts. Fragments are
classified as closed, less accessible, or equally/more accessible based on a Fisher’s exact test comparing
the number of nucleosome-occupied versus accessible reads between endogenous and ectopic sites.
Regions with accessibility below 14% — the background level observed at unbound TF motifs, as
determined by FootprintCharter — are defined as closed.

(B) Density plot showing chromatin accessibility (CA) frequency distribution for endogenous (gray) and
ectopic (red) loci (n=286).

(C-D) Representative examples of DNA fragments that either fully (Phc3 promoter) or partially (Elp6
promoter) recapitulate chromatin accessibility at the ectopic locus. Left: average SMF signal (1 —
methylation %) for each promoter at the endogenous (gray) and ectopic (red) locations. Right: barplots
showing chromatin accessibility frequencies at both loci as quantified by FootprintCharter.

(E) Violin plots comparing chromatin accessibility (CA) at endogenous and ectopic loci for enhancers
(n = 144) and promoters (n = 99). Significance levels: ns = p > 0.05; **** =p <0.0001.

To evaluate the contribution of specific TF motifs to chromatin accessibility at the
ectopic site, I compared CREs’ accessibility at ectopic versus endogenous loci, grouping
them according to the TFs bound at their endogenous location (Figure 14A). With the
exception of CTCF — which maintained nearly complete accessibility at both genomic
contexts — all other TF-associated CREs exhibited reduced accessibility when inserted at
the ectopic locus (Figure 14B and 14C). For instance, fragments containing NFY and

NRF1 motifs showed a median of 68% and 60% accessibility at the ectopic site,



respectively, compared to accessibility levels exceeding a median of 80% at their native

loci (Figure 14B and 14C). A similar trend was observed for pioneer TFs such as SOX2

and KLF4, whose motif-containing fragments also showed decreased accessibility in the

ectopic context (Figure 14B and 14C). Next, I asked whether the number of TF motifs

within a CRE could explain the observed differences in chromatin accessibility as

measured ectopically. To address this, I grouped CREs based on the number of motifs

present within each element. However, this analysis did not reveal a clear correlation

between motif number and accessibility frequency at either ectopic or endogenous loci.

It is important to note that the number of observations in each category was limited (in

order: 144, 88, 36), which may have impaired my ability to detect subtle trends (Figure
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Figure 14. TF find and bind to CREs and open chromatin at the ectopic locus, typically at lower levels
than observed at endogenous sites.

(A) Violin plots showing chromatin accessibility frequencies (CA) at ectopic CREs, grouped by the
presence of specific TF motifs within the DNA fragments and compared to accessibility at unbound motifs.
TF motif presence was defined based on ChIP-seq data and motif annotations. Significance levels: ns = p
>0.05; *=p<0.05; ** =p<0.01; *** =p <0.001; **** =p <0.0001.

(B) Heatmap displaying the median chromatin accessibility values at both endogenous and ectopic loci. TF
motif presence was determined using ChIP-seq data and motif annotations.

(C) Violin plots showing chromatin accessibility (CA) frequencies at CREs, comparing endogenous loci
(grey) and the ectopic locus (red), grouped by the presence of specific TF motifs within the DNA fragments
(n>=10). Motif presence was defined based on ChIP-seq data and motif annotations. Significance levels:
ns=p>0.05; *=p<0.05; ** =p<0.01; *** =p<0.001; **** =p <0.0001.

(D) Violin plots displaying chromatin accessibility frequencies (CA) at CREs measured at endogenous loci
(grey) and at the ectopic locus (red), grouped by the number of TF motifs present within each CRE (n=286).
Significance levels: ns =p > 0.05; * =p < 0.05; ** =p < 0.01; *** =p < 0.001; **** =p <0.0001.

(E) Violin plots displaying chromatin accessibility (CA) frequencies at CREs measured at endogenous loci
(grey) and the ectopic locus (red), stratified by CpG density (n=286).

CREs and particularly promoter elements have increased density of CpG dinucleotides
that could facilitate displacement of nucleosomes (Hartl et al., 2019). I thus asked whether
CpG density could explain the differential ability of certain fragments to maintain
chromatin accessibility. When CREs were grouped based on their number of CpGs (<10,
10-20, >20), I observed a stronger scaling between CpG density and the frequency of
accessibility at the endogenous loci, than at the ectopic site, where there was any
difference between the 10-20 and the >20 category (Figure 14E). This result suggests that
CpG density may not directly contribute to enhanced chromatin accessibility, illustrating
the importance of studying regulatory elements outside of their naturally occurring
contexts. Also, any possible influence of DNA methylation on chromatin accessibility at
the endogenous locus compared to the ectopic one was excluded, as all the experiments
were performed in an isogenic mESC line lacking all three DNA methyltransferases

(Sonmezer et al., 2021).

Collectively, these findings indicate that chromatin accessibility frequencies are only
partly determined by the DNA sequence itself via TF motifs. With the notable exception
of the insulator protein CTCF, the presence of the majority of the TF motifs in a 250 bp
context is insufficient to fully recapitulate endogenous chromatin accessibility, even for
TFs like NFY and NRF1, which typically exhibit high chromatin accessibility frequency
at their endogenous sites. Also, the data suggest that additional non-CpG-driven
mechanisms operate at the endogenous loci to drive higher accessibility frequency of

CREs.



3.5 Increasing the size of inserted fragment seems to restore full
accessibility at the ectopic site for a single CRE

Although the sequences inserted ectopically are genetically identical to their
endogenous counterparts, one key difference is that only 250 bp are introduced at the
ectopic site. In their endogenous context, additional TF motifs in the surroundings could
guide the binding of more TFs (Figure 15A). These TFs, in turn, may influence chromatin
accessibility either through direct binding or by recruiting co-factors that modify the local
chromatin environment — for example, through the addition of histone PTMs. In this case,
the observed decrease in chromatin accessibility at the ectopic site could be partially
explained by the size of the inserted fragment. To test this hypothesis, I selected a CRE
with ~25% loss of chromatin accessibility, which is bound by a pair of NRF1 motifs
(Figure 15B). I cloned fragments spanning the motifs in sizes of 500 bp, 1 kb, 2 kb, 3 kb
and 5kb, that I amplified from a mouse genetic background distinct from that of the
recipient cells, containing single nucleotide variations (SNVs) (Figure 15C). I then
generated 5 different cell pools, each containing only one size insert. After insertion,
targeted SMF was carried out using primers that anneal to the flanking region of the
TFBSs, amplifying always the same ~500bp, ensuring comparability across experiments.
Since the primers amplify both endogenous and inserted elements, the reads are
distinguished based on the SNVs present in the inserts compared to the endogenous
counterpart, allowing for unambiguous distinction between the ectopic and endogenous
loci. For technical reasons, one of the two biological replicates for some of the fragment
size was not useable. From preliminary analysis, I observed that starting from the 1 kb
fragment size, chromatin accessibility at the ectopic site reached levels comparable to the
endogenous locus (Figure 15D and Figure 15E), as well as TF occupancy (Figure 15F
and Figure 15G). These results suggest that the additional sequence context included in
the larger fragment is sufficient to restore full chromatin accessibility, at least for this
specific NRF1-bound CRE. While the 500 bp fragment showed reduced accessibility, the
progressive increase in fragment length was associated with a recovery of accessibility,

and TF occupancy, pointing toward a size-dependent effect.

These preliminary results suggest that, at least for this specific NRF1-bound CRE
within a 1 kb region, the underlying DNA sequence alone is sufficient to restore full
chromatin accessibility at the ectopic locus. If this is due to the presence of the additional
NRF1 and KLF4 motifs (Figure 15A) remains yet to be determined. To build on this

finding, it would be interesting to repeat the experiment using additional CREs with
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varying features (e.g., different TF binding motifs) and from different chromatin contexts,
complementing with the deletion of TF motifs in the fragments, or TF perturbation, to

show causality.
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Figure 15. Increasing the size of a single inserted fragment restores chromatin accessibility at the
ectopic locus.

(A) Genome browser view showing the levels of H3K27Me3, H3K4Me3, H3K27Ac, H3K4Mel, chromatin
accessibility profiles (as DHS peaks), TF motifs annotation (grey rectangles) and the insert of 250bp, 500bp
and 1kb (black rectangles of increasing size).

(B) Schematic representation of the experimental setup. Fragments of varying lengths (500 bp to 5 kb)
encompassing a CRE with two NRF1 binding sites were amplified from a different mouse strain containing
unique SNVs (indicated by orange triangles). These fragments were inserted at the ectopic site, and SMF was
performed using the same primer pair, positioned in the flanking ~500bp region.
(C) Average SMF signal (1 — methylation %) at the NRF1-bound CRE in its endogenous context (grey) and
at the ectopic locus (red).

(D) Average SMF signal (1 — methylation %) at NRF1 binding sites and the surrounding ~500 bp region at
the ectopic locus, shown for inserted fragments of 250 bp, 500 bp and 1 kb.

(E-G) Quantification of chromatin accessibility (CA, panel E) and NRF1 occupancy across different fragment
sizes (F, G). TF occupancy is shown for two NRF1 binding events (TF1 and TF2) across fragments of varying
lengths. Error bars represent the standard deviation across biological replicates, where applicable.

3.6 Chromatin accessibility is enhanced by the presence of H3K27Ac¢
Another key difference is that in contrast to the endogenous context, activating histone

marks — such as H3K4me3 and H3K27Ac — are not present at the ectopic integration locus

(Figure 9A). To explore how these modifications relate to chromatin accessibility, I

grouped CREs by their endogenous ChIP-seq signal for H3K4me3 and H3K27Ac (Figure



16A and Figure 16B). At endogenous loci, higher levels of these marks correlated with

increased chromatin accessibility (Figure 16C). However, when comparing these same

marks at the endogenous site to accessibility at the ectopic insertion, only H3K4me3

showed a positive correlation (Figure D, left), while H3K27Ac did not (Figure 16D,

right). For example, among two NRFI1-bound promoters, the Fam277b promoter —

characterized by low endogenous H3K27Ac — closely recapitulated its accessibility

pattern at the ectopic locus (Figure 16E). Conversely, the Rsrp I promoter, which displays

high acetylation in its native context, showed only partial accessibility when ectopically

inserted (Figure 16F). These findings support a model in which H3K27Ac enhances

chromatin accessibility in the endogenous context, an effect that is diminished or absent

at the ectopic site where histone modifications are lacking.
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Figure 16. Chromatin accessibility at ectopic sites does not scale with endogenous H3K27Ac
levels.

(A) H3K27Ac ChIP signal, ranked from highest to lowest. ChIP signal (log10) was computed over 2 kb
windows surrounding TFBSs enriched during SMF bait capture. Enrichment categories were defined as:
low (<100), mid (100-500), high (>500). ChIP values were normalized to input and spike-in controls.
(B) Same as (A), but for H3K4Me3 ChIP-seq signal. Enrichment categories were defined as: low (<50),
mid (50-300), and high (>300).

(C-D) Violin plots illustrating chromatin accessibility (CA) frequencies at endogenous loci (grey) and
ectopic loci (red), grouped by H3K4me3 (left) or H3K27Ac (right) ChIP-seq signal levels at the
endogenous site (n = 286). Significance levels: ns = p > 0.05; * = p < 0.05; ** =p < 0.01; *** =p <
0.001; **** =p <0.0001.

(E) Representative example of a CRE (Fam227b promoter) displaying similar chromatin accessibility at
both endogenous and ectopic loci. Top: Genome browser tracks showing differential levels of H3K4me3
and H3K27Ac at the DHS region. Middle: average SMF signal (1 — methylation %) comparing the
endogenous and ectopic loci. Bottom: chromatin accessibility (CA) frequencies at both loci, quantified
using FootprintCharter.

(F) Representative example of a CRE (Rsp/ promoter) showing partial recapitulation of chromatin
accessibility at the ectopic locus. Displayed as in panel (E).
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To experimentally test this hypothesis, I globally reduced H3K27Ac levels by
inhibiting the histone acetyltransferase p300, a factor known to acetylate enhancers in
mESCs (Krebs et al., 2011), using the small-molecule inhibitor A-485 (Lasko et al.,
2017). Following 24 hours of treatment, H3K27Ac levels were assessed by ChIP-seq,
with 5,823 CREs that showed a reduction of H3K27Ac in a significant manner (Figure
17A and Figure 17B). Under the same treatment conditions, chromatin accessibility at
these CREs was measured using bait-capture SMF (Figure 17C). The reduction in
chromatin accessibility was proportional to the loss of acetylation (Figure 17D and Figure

17F), indicating that H3K27Ac promotes the frequency of chromatin accessibility at these

loci.
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Figure 17. The loss of accessibility scales with the loss of H3K27Ac endogenously.

(A) Pearson correlation heatmap showing H3K27Ac ChIP-seq signal across biological replicates treated
with either DMSO or p300 inhibitor. Signal intensities were normalized to input and spike-in controls.
Values were calculated over 2 kb windows overlapping genomic regions captured during SMF bait
enrichment. The dendrogram represents hierarchical clustering using the complete-linkage method, based
on similarity in H3K27Ac binding profiles. Branch lengths reflect relative distances between clusters, and
Pearson correlation coefficients R are indicated.

(B) Volcano plot displaying log2 fold changes (Log2FC, x-axis) in H3K27Ac signal and corresponding —
log10 p-values (y-axis) following p300 inhibition (p300i), assessed at endogenous loci. Log2FC values
were calculated using DESeq2 based on H3K27Ac ChIP-seq counts normalized to input and spike-in
controls in DMSO- and p300i-treated samples.

(C) Pearson correlation heatmap of cytosine methylation rates in CpG and GpC contexts across replicates
treated with DMSO or p300 inhibition (p300i), as measured by SMF. Analysis was performed on regions
corresponding to SMF bait-enriched loci in DNMT triple-knockout mESCs (Ref). Visualization format
matches that of panel (A).

(D) Scatterplot showing the relationship between changes in chromatin accessibility following p300
inhibition (CA p300i — CA DMSO; y-axis) and corresponding log2 fold changes in H3K27Ac signal (x-
axis) at matched endogenous loci (n=73,529).

(E) Violin boxplots showing that changes in chromatin accessibility scale with changes in H3K27Ac levels
following p300 inhibition. Differences in accessibility (CA p300i — CA DMSO) are grouped according to
H3K27Ac log2 fold change intervals across endogenous loci (n = 73,529). Statistical significance was
calculated over the [-1,1] H3K27Ac log2F class (****p <0.0001).

A key implication of this model is that reducing H3K27Ac levels should impact
chromatin accessibility specifically at endogenous loci, while leaving ectopic inserts
unaffected due to their insertion in a chromatin-neutral context. To test this, I examined
p300-sensitive CREs (i.e., endogenous CREs that showed reduced accessibility upon
inhibition of p300) and compared them to their corresponding ectopic counterparts. The
p300 inhibition experiment was repeated in cell lines harboring the ectopic insert, and
chromatin accessibility was assessed using targeted SMF, as before (Figure 18A and
Figure 18B). CREs that were not p300-sensitive — such as CTCF-containing regions —
showed similar accessibility under both DMSO control and p300-inhibited conditions,
independent of the genomic context (Figure 18C and Figure 18D, left panel). In contrast,
CREs that lost accessibility at their endogenous location upon p300 inhibition did not
exhibit this reduction at the ectopic site (Figure 18D, right panle). Clear examples are the
Mectp2 promoter and the Xpa enhancer. The first one, which exhibits low levels of
endogenous H3K27Ac, remained unchanged at both the endogenous and ectopic locus
following inhibition (Figure 18E). The second one showed a ~20% drop in accessibility
frequency at the endogenous locus in response to inhibition, while no change was detected
at the ectopic insertion (Figure 18F). These results support the conclusion that H3K27Ac
facilitates chromatin accessibility at endogenous CREs, whereas accessibility at ectopic

sites is largely driven by TF binding alone.
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In conclusion, our data indicate the frequency of chromatin accessibility at CREs is

enhanced by the deposition of histone marks like H3K27Ac.
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Figure 18. p300 inhibition affects chromatin accessibility endogenously but not ectopically.

(A) Heatmap showing Pearson correlation of GpC and CpG methylation rates at inserted CREs across biological
replicates under DMSO and p300 inhibition (p300i) conditions in RMCE mESCs. Pearson correlation
coefficients R are indicated.
(B) Heatmap showing Pearson correlation of GpC and CpG methylation patterns at five endogenous control loci
across biological replicates in RMCE mESCs treated with DMSO or p300 inhibitor (p3001i), as well as a reference
mESC dataset. Pearson correlation coefficients R are indicated.
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(C) Violin boxplots showing the change in chromatin accessibility (CA p300i — CA DMSO) at CTCF-
containing loci, comparing endogenous (grey) and ectopic (red) sites following p300 inhibition (n=23).
Statistical significance is indicated as follows: ns (p > 0.05), * (p <0.05), ** (p <0.01).

(D) CREs were grouped based on significant changes in H3K27Ac signal at endogenous sites upon p300i
treatment (n=56 and n=13 for the p300i insensitive and sensitive classes, respectively). Data is presented
as in panel (C).

(E) Representative example of a promoter that does not exhibit H3K27Ac reduction upon p300 inhibition
(p300i), along with its chromatin accessibility profiles at the endogenous (left) and ectopic (right) loci. Top
panel: genome browser tracks showing H3K27Ac ChIP-seq signal under DMSO and p300i conditions,
alongside chromatin accessibility profiles (DHS peaks). Bottom panel: average SMF signal (1 —
methylation%) for DMSO-treated cells (grey) and p300i-treated cells (red).

(F) Example of a p300-regulated enhancer displaying changes in chromatin accessibility upon p300
inhibition at both the endogenous (left) and ectopic (right) loci. Representation is consistent with panel (E).

3.7 Exploratory Applications

3.7.1 Proof of Concept: simultaneous profiling of chromatin accessibility and
transcription for multiple CREs at an ectopic site

The method I developed enables the measurement of chromatin accessibility driven by
hundreds of CREs inserted in an ectopic genomic locus. I then asked whether this could
be coupled with a parallel reporter assay (PRA) to simoultaneously quantify
transcriptional activity, therby providing a direct link between chromatin accessibility and

gene expression.

In addition to a synthetic flanking sequence that enables targeted SMF of the inserted
DNA libraries, the receiving plasmid includes a minimal promoter downstream of each
CRE, driving the expression of a reporter gene coupled with a unique barcode. In the
plasmid pool, each CRE is associated with at least five different barcodes to ensure that
the barcode sequence itself does not influence transcriptional output (Figure 19A, step 1).
To assign each barcode to its corresponding CRE, after cloning the pool of CREs, the
plasmid library was sequenced using Nanopore technology. The analysis of the Nanopore
data and assignment of barcodes to CREs was performed by Kasit Chatsirisupachai, a

postdoctoral fellow in the lab.

To evaluate the ability of the assay to simultaneously quantify chromatin accessibility
and TF binding via SMF, alongside transcriptional activity via PRA, I inserted a subset
of 80 CREs from the previously described library at the ectopic locus using RMCE. As a
positive control, I included three strong promoters (i.e., Cmv, Pwp2 and Sxn3) previously
validated in PRA assays (Hartl et al., 2019), which were expected to drive high, robust,
and reproducible levels of reporter gene expression. From the same tissue plates, I

collected cells for both SMF and transcriptomic analysis. For the latter, total RNA and
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genomic DNA (used for transcription normalization) were extracted, and the RNA was
subsequently reverse transcribed. I then amplified the barcodes using specific primers and
quantified their abundance via high-throughput sequencing to measure the transcriptional
activity of each CRE (Figure 19A, step 2). By normalizing RNA barcode frequency to
DNA barcode frequency, I obtained relative and reproducible expression levels for 23

constructs (Figure 19B).
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Figure 19. Simultaneous quantification of chromatin accessibility and transcriptional activity at an
ectopic locus.

(A) Outline of the experimental strategy. After RMCE and polyclonal cell pool generation, genomic DNA
(gDNA) and total RNA will be isolated, and the latter retrotranscribed. Barcodes will be amplified using
specific primers and their abundance will be determined with high-throughput sequencing. The ratio
between the barcode counts in the gDNA and RNA will give a measure of the CRE activity.

(B) Scatterplot showing the reproducibility of the average reporter gene expression (y-axis) for individual
CREs across two biological replicates. Pearson’s correlation coefficient R is annotated.

(C) Boxplot showing transcriptional activity measured via parallel reporter assay (PRA) for 23 inserted
CREs, including three previously validated control promoters (Pwp2, Snx3, Cmv). Reporter activity is
represented as 1og2(RNA barcode counts / DNA barcode counts + 1) for each CRE. Each dot represents
the expression level of a unique barcode corresponding to that specific CRE.

(D) Scatter plot displaying the relationship between average chromatin accessibility (CA per CRE, x-axis)
and average reporter gene expression (y-axis) for individual CREs. Each dot represents one CRE, colored
by CRE type. A linear regression (dashed red line) is annotated.

Notably, one of the three control promoters, Pwp2, drove very high transcription levels
compared to the other control promoters and tested CREs (Figure 19C). As a result, it
took up a large fraction of the total sequencing reads, thereby reducing the dynamic range
for detecting lower-expression constructs. Despite this limitation, transcriptional activity
was reproducibly detected for 23 CREs (Figure 19C). When comparing average CRE
accessibility to expression levels, I observed a weak overall correlation (Figure 19D).
However, this analysis was performed solely to validate the robustness and sensitivity of
the assay in capturing both chromatin accessibility and transcriptional output at an ectopic

locus.

3.7.2 Proof of Concept: testing the contribution of motif syntax to TF occupancy
A key advantage of the chromatin-integrated reporter assay I established is that the
landing pad is located in a chromatin-neutral environment. This allows the intrinsic ability
of TFs to open chromatin to be assessed independently of chromatin context. Building on
this rationale, I asked whether the system could also be leveraged to test whether motif

syntax influences TF binding and cooperativity.

To address this, a locus containing a pair of NFY A motifs that re-establish chromatin
accessibility when inserted at the landing pad was selected from the previously described
library (Figure 20A). Based on this locus, I designed synthetic DNA sequences in which
motif configuration was systematically altered: inter-motif distances were varied (20, 25,
40, 70, 100 bp), motif orientation was inverted, and individual motifs were mutated

(through randomization of the motif to abolish TF affinity and binding).
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I cloned the library in the RMCE plasmid and performed the insertion of the pool at
the landing pad. After target SMF, I then investigated how each of these modifications
affected TF binding. Notably, mutation of the upstream motif led to a complete loss of
binding at both TFBSs, while mutating the downstream motif still allowed detection of a
small fraction of TF-bound molecules at both sites (Figure 20B), suggesting incomplete
disruption of TF affinity. This directional effect points to a potential hierarchy or

dependency within the motif pair. Next, I examined the effect of spacing between motifs.
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Figure 20. Testing the contribution of motif syntax on the binding of an NFYA pair.

(A) Average SMF signal (1 —methylation %) at the endogenous NFY A-bound locus (grey) and the ectopic
insertion site (red), showing two NFYA motifs (NFYA.I and NFYA.2).

(B-D) Quantification of TF binding frequency (%) at NFYA.1 (red) and NFYA.2 (blue) for synthetic
variants inserted at the ectopic locus. (B) TF binding frequency in wild-type (WT) and motif affinity
mutant constructs. (C) TF binding frequency across orientation-inverted constructs. (D) TF occupancy
across constructs with increasing inter-motif distances (20 bp, 25 bp, 40 bp, 75 bp, 100 bp). Schematic
representations of each construct are shown below the corresponding plots.



The construct with a 40 bp inter-motif distance — matching the endogenous sequence —
most closely resembled the wild-type binding pattern. Shorter distances reduced TF
binding, while greater distances abolished it entirely (Figure 20C), indicating that precise
spacing is required for cooperative TF binding at this locus. Lastly, motif orientation was
found to impact TF binding asymmetrically. Inverting one motif had no effect, but
inverting the other significantly reduced binding (Figure 20D). Together, these findings
suggest that motif distance, orientation, and TFBS presence all influence the cooperative

interaction and binding efficiency of TFs.

Overall, this pilot dataset validates the sensitivity of the assay in testing how motif
syntax contributes to TF occupancy. Building on this approach, and considering recent
community efforts to develop tools such as neural networks that learn regulatory rules
from genomic data, this system could also be used to experimentally test the validity of

such rules at scale.
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4. DISCUSSION AND PERSPECTIVES
During my Ph.D., I developed a method to study the intrinsic ability of short cis-

regulatory elements (CREs) to establish chromatin accessibility when inserted into a
neutral ectopic locus in mouse embryonic stem cells. This assay allows for parallel
measurement of chromatin accessibility across hundreds of sequences in a controlled
chromatin context. Using single-molecule footprinting (SMF), I profiled hundreds of
fragments (250 bp in length) spanning full CREs, including both promoters and
enhancers. These sequences are bound by a range of transcription factors, (TFs) including
both general and pluripotency-associated TFs. I included CTCF-bound regions as positive

controls.

As expected, CTCF-containing sequences (used as a positive control) autonomously
re-established chromatin accessibility at identical levels when inserted at the ectopic
locus. On the other hand, sequences bound by other TFs, such as NRF1 and NFY, and
pluripotency factors like KLF4 and OCT4, only partially reproduce their endogenous
accessibility frequency when tested in isolation at the ectopic site. Furthermore, while
CpG density correlated with accessibility at endogenous loci, this effect was largely lost
at the ectopic site. Stratification of endogenous CREs by their H3K27Ac ChIP-seq signal
revealed a positive correlation between acetylation levels and chromatin accessibility
frequency, suggesting a link between H3K27Ac and accessibility at native loci. However,
this correlation was lost at the ectopic site, indicating that H3K27Ac-dependent effects
are specific to the endogenous chromatin context. To directly test if H3K27Ac enhances
chromatin accessibility, I chemically inhibited the histone acetyltransferase p300, which
deposits H3K27Ac at enhancers in mESCs. p300 inhibition led to a reduction in
chromatin accessibility at endogenous loci, with the extent of the decrease in accessibility
scaling with the degree of H3K27Ac loss. In line with the initial hypothesis, the effect of
p300 inhibition was confined to the endogenous loci, while chromatin accessibility at the
ectopic site remained unaffected. For instance, the Xpa enhancer — highly acetylated
within its endogenous context — exhibited a clear reduction in accessibility only at its
native locus but not at the ectopic site following p300 inhibition. This supports the idea

that H3K27Ac contributes to chromatin accessibility in a context-dependent manner.

While no association was found between the number of TF motifs and accessibility at
ectopic sites in this library, our recent work demonstrated that chromatin accessibility at

endogenous enhancers emerges from the combined binding of multiple TFs, rather than



the action of few with a specialized function (Baderna et al., 2025). This is in alignment
with recent data showing that most individual TF motifs are insufficient to open
chromatin when binding on their own (Grand et al., 2024). The data presented in the paper
support a ‘cumulative model’ in which TFs act in an additive manner to sustain chromatin
accessibility over time (Baderna et al., 2025). This model complements the ‘pioneer’ one,
where specific TFs initiate chromatin opening by engaging directly nucleosomal DNA.
In this framework, maintenance of an open state may involve broader TF cooperation,
potentially facilitated by the presence of destabilized nucleosomes (Brahma and
Henikoft, 2020), which are indistinguishable from canonical ones in the current data. To
directly test this cumulative model, a dedicated library has been designed, and RMCE

combined with SMF profiling will be conducted in upcoming experiments.

Although preliminary, my results suggest that for at least one specific NRF1-bound
CRE within a 1 kb region, the underlying DNA sequence alone is sufficient to fully
restore chromatin accessibility at the ectopic locus. To build on this finding, it would be
interesting to repeat the experiment using additional CREs with varying features (e.g., TF
binding motifs) and from different chromatin contexts. With the strategy described here,
however, the throughput would remain limited to a few dozen CREs, since each fragment
size for each CRE would require the generation of individual cell lines. In this regard, to
scale the approach and test many CREs in parallel, a potential solution would be to use
Cas9-based enrichment combined with Nanopore sequencing after RMCE — though this
remains technically challenging at moment. In principle, this method would enable
targeted capture of the landing site and provide both high coverage (which is necessary
to analyze accessibility at single-molecule resolution) and long-read data across a library

of large fragments (~1-5 kb).

Studying regulatory elements outside their native genomic context revealed that they
have higher accessibility frequencies in the presence of the activating histone mark
H3K27Ac endogenously. This supports a model in which histone PTMs are not strictly
required to open chromatin, but their presence increases the likelihood of CRE to be
accessible in a cell population. Many of the CREs I tested were able to recruit TFs;
however, the data suggests that they were not capable to efficiently recruit the histone
acetyltransferase p300 and establish H3K27Ac at the ectopic locus. Structural analyses
of p300 interaction domains suggest that its effective recruitment depends on interactions

with multiple TFs (Ferrie et al., 2024). This implies that the 1-5 TF binding sites typically
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present in our 250 bp CREs may be inadequate for p300 recruitment, and that cooperative
interactions between adjacent CREs or additional flanking elements may be necessary.
This is also consistent with my preliminary results showing that for some fragments, the
regulatory information beyond the 250 bp core may be required, possibly such as
secondary TF motifs or sequences capable of recruiting co-factors like the histone
acetyltransferase p300. In light of this, it would be valuable to leverage this RMCE-SMF
system in combination with ectopic ChIP-seq or qPCR to define the minimal TF modules
sufficient to recruit p300 and drive H3K27 acetylation at an ectopic locus. Additionally,
approaches leveraging CRISPR-based systems fused to transcriptional activators — such
as p300 or CBP — could be used to deposit acetylation at loci that naturally lack it, or even
at the ectopic site, before measuring chromatin accessibility frequency with SMF. This
would provide an orthogonal strategy to complement the finding that H3K27ac enhances

chromatin accessibility.

The observation that H3K27Ac enhances chromatin accessibility is consistent with
previous findings showing that histone acetylation can lower the TFs concentration
required for them to be active, as demonstrated for SOX9 (Naqvi et al., 2023). This
provides a mechanistic basis for how chromatin context may influence CREs’ function.
Importantly, this model does not exclude the possibility that H3K27Ac may be instructive
for accessibility at specific loci. Recent studies have shown that the transcriptional output
driven by de novo H3K27Ac is highly context-dependent — promoting transcription in
some settings, while having minimal or no effect in others. These observations suggest
that this model could be extended to include a layer of context dependency, where the
influence of acetylation on chromatin accessibility and transcription varies according to

local genomic features or cellular conditions.

On the same line, recent studies showed that the activity of transcriptional regulators
(TRs), other then and including TFs, can be further influenced by the genomic
environment in which their target CREs are embedded in. TRs have been found to form
transient high-concentration foci in the nucleus at cluster of enhancers (CE) (also named
Super-Enhancers), which are important in the control of lineage-specific genes (Basu et
al., 2020; Boehning et al., 2018; Boija et al., 2018; Sabari et al., 2018). These loci are
bound by unusually high levels of TFs and GTFs (Boehning et al., 2018; Boija et al.,
2018; Cho et al., 2018; Chong et al., 2018; Guo et al., 2019). It has been hypothesized

that this clustering of CREs could lead to the formation of transient membrane-less



organelles that could help maintain such high concentrations of TRs and thus sustain high
expression levels. These findings suggest that CREs could be exposed to various
concentrations of TFs depending on their genomic location and argue that this
phenomenon could be important for the regulation of cell identity genes. However, the
mechanisms by which changes in TR availability influence transcription remain largely
undefined. To explore these positional effects more mechanistically, one could insert
identical reporter constructs into multiple genomic landing pads selected for their distinct
chromatin states or levels of transcriptional activity, as well as the diversity and
concentration of transcription regulators they recruit. Complementing this approach,
chromatin conformation capture experiments could be employed to investigate whether
differences in transcription factor binding and chromatin accessibility frequencies might
also stem from variations in chromatin looping—such as enhancer—enhancer or

enhancer—promoter interactions.

An aspect that I have not addressed in this study is whether the ability of specific TF
modules to open chromatin depends on the activity of a particular chromatin remodeler
complex, or whether functional redundancy exists, particularly in CREs bound by a
diverse set of TFs. It was shown that different TFs rely on distinct remodeling complexes
for stable binding. For example, OCT4, SOX2, NANOG, ESRRB, and REST require the
continuous activity of the SWI/SNF complex, whereas NRF1 and CTCF appear
unaffected by its inhibition (Iurlaro et al., 2021). In contrast, CTCF, together with NFYA
and YY1, depends on the ISWI complex to engage with its binding motifs (Barisic et al.,
2019). To investigate this further, one possibility would be to combine the RMCE-SMF
system with pharmacological perturbation of chromatin remodelers. BRM014, a selective
inhibitor of BRG1 (i.e., the catalytic subunit of the SWI/SNF complex) offers a useful
tool for this purpose (Iurlaro et al., 2021). Since the library includes CREs bound by both
SWI/SNF-dependent and -independent TFs, such an experiment could reveal if chromatin
accessibility driven by TFs requires SWI/SNF activity and whether compensatory
mechanisms exist, potentially involving other TFs that recruit alternative remodeling

complexes.

A recent study has implemented a framework similar to the one described in this
dissertation, linking transcriptional output to TF binding and chromatin dynamics using
a library of reporter constructs composed of a CRE containing varying numbers of Tet

operator motifs (Doughty et al., 2024). Their results show that the transcriptional response
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to increasing motif number is nonlinear and driven by cooperative TF binding, which is
in turn enabled by the active eviction of nucleosomes through chromatin remodeler
recruitment. Now that the transcriptional reporter system established here is functional, a
similar approach could be extended to real CREs. This would allow for systematic
investigation of how natural combinations of TF motifs — rather than synthetic repeats —
shape chromatin accessibility and transcriptional output, bridging motif syntax with

functional enhancer activity in a more biologically relevant context.
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